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The Rho family of small GTPases has been shown to be required in endothelial cells (ECs) during blood 

vessel formation. However, the underlying cellular events controlled by different GTPases remain 

unclear. Here, we assess the cellular mechanisms by which Rho family GTPase proteins and their 

regulators regulate mammalian vascular morphogenesis and maintenance. First we assessed the role of the 

Rho GTPase Cdc42 during vasculogenesis and angiogenesis. We find that Cdc42 is essential for 

organization of EC adhesion, as its loss results in disorganized cell-cell junctions and reduced focal 

adhesions. Endothelial polarity is also rapidly lost upon Cdc42 deletion, as seen by failed localization of 

apical podocalyxin (PODXL) and basal actin. We link observed failures to a defect in F-actin 

organization, both in vitro and in vivo, which secondarily impairs EC adhesion and polarity. 

Subsequently, Rho GTPase regulatory proteins were further investigated to decipher their role during 

vascular development. Rasip1 was identified as a promising anti-angiogenesis candidate, which is 
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required for the formation of continuous vascular lumens in growing vessels. Molecular bottlenecks were 

elucidated during vessel formation by dissecting the cellular events that require Rasip1. We show that 

Rasip1 controls different GTPase signaling pathways that converge upon the actomyosin contractility 

machinery. We find that different pools of NMII, downstream of Rasip1, control two different processes 

in endothelial cells: 1. NMII mediates the removal of pre-apical membrane adhesions to form a lumen. 2. 

NMII then restrains apical membrane expansion, thereby limiting lumen diameter during vessel growth. 

In the first process, Rasip1 promotes actin contractility via Cdc42 and Pak4 along ribbons of adhesions at 

the center of EC cords, causing adhesions to clear from the pre-apical membrane. This allows opening of 

lumens. Subsequently, Rasip1 inhibits NMII and membrane contractility via RhoA suppression to allow 

regulated lumen expansion. These novel and distinct spatiotemporal molecular and cellular events define 

the stepwise process of blood vessel morphogenesis and differentiation. 
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CHAPTER ONE 

Blood vessel tubulogenesis: Endothelial cells assembly into tubes 

INTRODUCTION  

Function of the vertebrate cardiovascular system depends on the continuity of its complex 

network of vascular tubes. The question as to how exactly these tubes form has become of great interest. 

In addition, given the increasingly recognized heterogeneity of the vasculature, one can speculate as to 

whether common or divergent mechanisms underlie this process in different vascular beds. Recent studies 

seem to be converging on a collection of molecules that drive vascular tubulogenesis across a variety of 

blood vessels. Here, we review and discuss recent progress in our understanding of vascular 

tubulogenesis. 

 

Development of the cardiovascular system – The building blocks 

The cardiovascular system is the first functional organ system to develop in vertebrate embryos, 

is highly conserved across vertebrate animals and is essential for the viability of large multicellular 

organisms. Mutations that affect the heart or blood vessels almost invariably cause early embryonic 

lethality. This is not entirely surprising, as the primary function of the cardiovascular system is to 

exchange gas, nutrients, and wastes to and from all tissues within the body. As these contents only diffuse 

a few cell diameters, a system of tubes is necessary to reach all cells and support tissue growth and 

metabolism. 

Blood vessels are essentially cylindrical tubes. This cellular ‘plumbing’ is most often composed 

of multiple layers, including endothelial cells (EC), mural cells (smooth muscle cells and pericytes), and 

layers of extracellular matrix. Vertebrate blood vessels display a remarkable variety of large and small 

vessels. Large vessels consist of arteries designed to withstand high blood pressure from the heart, and 

veins that contain valves designed to help return de-oxygenated blood through the lungs. They join 

through delicate capillary beds, where most nutrient exchange happens. Although the cardiovascular 
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system is arguably one of the most important organ systems in our body, we are still discovering 

fundamental aspects of how cells come together to form these tubular networks. 

 

Blood vessels form in many different ways – are there common regulators? 

 ECs generally form vessels via two different mechanisms: vasculogenesis or angiogenesis 

(Figure 1.1). Vasculogenesis occurs when ECs develop de novo from mesenchyme, whereas 

angiogenesis is characterized by the development of new blood vessels from currently existing blood 

vessels. The dorsal aortae, which are the first vessels to arise in the embryo proper, develop through 

vasculogenesis (Figure 1.1A-C’’). Endothelial progenitors called angioblasts emerge in the mesoderm 

(Figure 1.1A,B,C), then assemble to form vascular cords under the influence of a variety of anti- and pro- 

chemotactic ‘guidance’ molecules (Figure 1.1A’,B’,C’) [1]. These cords subsequently transform into 

tubes, via a process called tubulogenesis (Figure 1.1A’’,B’’,C’’), thereby generating the primary vascular 

network [2, 3]. Initial vessels in many organs and tissues develop through vasculogenesis, although they 

expand in growing organs via angiogenesis throughout development [4]. Angiogenesis can be subdivided 

into sprouting angiogenesis and remodeling angiogenesis. Vessels that develop by the former mechanism 

sprout from currently existing vessels, while blood vessels that develop via the latter mechanism arise by 

either splitting an existing vessel into two (intussusception) or by fusion with adjacent vessels 

(anastomosis). During sprouting angiogenesis, tip cells extend out of a pre-existing vessel and form a 

new vascular branch under the influence of cues in the microenvironment (Figure 1.1D-E’’). After a new 

branch is formed, the vessels develop lumens and become perfused with blood (Figure 1.1F-G). After 

various blood vessels develop, they further differentiate into different types of vessels including arteries, 

veins, capillaries, and lymphatic vessels.  

An emerging idea is that the mechanisms by which blood vessels develop and form patent lumens 

are as regionally heterogeneous as the vasculature itself. Vessels differ widely across tissues, displaying 

vastly different characteristics from the blood-brain barrier in the head, to the sinuses of the liver and 

fenestrations of the pancreas. Vessels can form via different mechanisms, from formation of prominent 
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intracellular vacuoles in the chick aortae, to wrapping of the cardinal vein in zebrafish, to reorganization 

of junctions in the mouse aortic cords [5, 6]. Despite these cellular and morphogenetic differences, 

common molecular themes appear to regulate formation of vascular tubules. In particular, molecules that 

regulate polarity, cell adhesion, cell contractility and vesicular trafficking have been increasingly 

observed to play important roles. In this review, we will discuss the experimental evidence that points to 

distinct molecules driving these processes and contributing to the morphogenesis of blood vessels.  

 

What is a lumen?  

The origin of the word lumen is Latin for light. When a tube is transected, light can be seen 

passing through its hollow space, hence the word “lumen” came to refer to this space. We define a lumen 

as a continuous channel within a tube of cells. However, lumens have also been defined more narrowly as 

a space between adjoining cells, within a transverse plane. Generally, a lumen consists of an apical 

membrane on one or more cells that envelop a hollow cavity clear of cell adhesions or occluding cell 

protrusions. The luminal apical membrane generally possesses proteins that mediate cellular processes 

tailored towards the lumen of the cell, such as interaction with circulating immune cells or absorption of 

blood-borne products. 

Lumens can develop via different apparent mechanisms (Figure 1.2) (for reviews see [7, 8]). 

Tubular organs, including blood vessels, can form multicellular, unicellular, or intracellular lumens. A 

multicellular lumen contains multiple cells surrounding a central cavity with adhesions locking the cells 

laterally. Unicellular lumens are tubes generated within a single cell, stitched into a tube by a seam of AJs 

and TJs. By contrast, an intracellular lumen is a seamless tube that exists within a single cell. Intracellular 

tubes can be formed by de novo formation of a cavity within a single cell or by removing a seam of 

adhesions. Blood vessel lumens have been shown to form each of these types of lumens in different 

vascular beds, reflecting their heterogeneity. An interesting distinction has been made between EC 

lumens that form via visible fusion of vesicles or vacuoles within a cell (termed intracellular), or that form 

via expansion of an intervening space between juxtaposed cells (termed extracellular). However, recent 
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data has identified a battery of common molecular mechanisms, which suggest common cellular 

machinery may be fundamentally drive both mechanisms. We review these findings here. 

 

EPITHELIAL AND ENDOTHELIAL LUMEN FORMATION 

Tubulogenesis mechanisms in epithelial and endothelial cells 

Many organs are composed of cellular tubes, from glands such as the pancreas and prostate, to the 

lungs, kidneys and the cardiovascular system. These tubes are comprised of lumens lined by epithelial 

cells or, in blood vessels, endothelial cells. Epithelial tissues develop lumens via a wide variety of 

different mechanisms, including wrapping, budding, mesenchymal-to-epithelial transition (MET), cord 

hollowing, cell hollowing, cavitation, cell division and intercalation [8]. In blood vessels, lumens 

primarily develop through cell hollowing (Figure 1.2A-A’’), cord hollowing (Figure 1.2B-B’’), a 

combination of cord hollowing and cell hollowing (Figure 1.2C-C’’), or wrapping (Figure 1.2D-D’’). 

Cell hollowing and cord hollowing have been primarily observed during blood vessel tubulogenesis in 

vivo, whereas wrapping has also been reported in HUVECs [9], mouse embryonic yolk sac vessels and 

the zebrafish caudal vein [5, 10]. 

 

Adhesion component polarity in epithelial or endothelial lumens 

To understand how epithelial cells and ECs might form tubes differently, it is important to 

evaluate their cellular organization and cell-specific characteristics. Epithelial and endothelial cells share 

several similarities and differences. Both display identifiable apical, basal, and lateral membranes (Figure 

1.3A-B). However, epithelial cells are generally cuboidal or columnar, (Figure 1.3A) while ECs are 

flattened (Figure 1.3B). These morphologic differences are reflected at the molecular level. Epithelial 

cells form extensive lateral contacts, with TJs forming an apicolateral collar and AJs distributed along the 

lateral membrane at the cell-cell interface (Figure 1.3C). By contrast, ECs have strikingly small 

junctional contact points, where both TJs and AJs are concentrated [11] (Figure 1.2D). 
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Cytoskeletal polarity in epithelial or endothelial lumens 

Perhaps not surprisingly, the cytoskeleton network displays notable differences between both ECs 

and epithelial cells. Epithelial cells display a rich actin cytoskeleton along the apical membrane in tubular 

organs, such as the pancreas and the kidney (Figure 1.3E) [12-14]. In Ciona intestinalis notochord 

development and in the developing mouse pancreas, actin enriches apically to regulate the size and shape 

of emerging lumens via constriction [12, 15]. By contrast, ECs both in vitro in 3D matrices and in vivo 

polarize actin to the basal membrane of the cell (Figure 1.3F) [16, 17]. Basal actin likely functions to 

support adhesive structures, such as focal adhesions [17]. These fundamental differences between 

epithelium and endothelium likely reflect, and drive, differences in the mechanisms of lumenogenesis. 

Therefore, studies are needed to determine whether proteins that are necessary for epithelial lumen 

formation are also necessary for endothelial lumen formation. 

 

Essential reductionist approaches – strengths and limitations 

In vitro models of lumen formation comprise a powerful tool to identify the key regulators of this 

process in blood vessels versus epithelium. In general, the in vitro models utilize different kinds of 

established cell lines, including Madin-Darby Canine Epithelial Cells (MDCKs) (Figure 1.3G) and 

Human Umbilical Vein Endothelial Cells (HUVECs) (Figure 1.3H) to examine epithelial and endothelial 

lumenogenesis, respectively. Cells grown in these in vitro systems can be treated with a wide variety of 

chemical agents and monitored closely in a controlled and reproducible manner.  

In vitro systems represent critical reductionist approaches to study lumenogenesis allowing systematic 

deconstruction of processes and identification of essential factors. Interestingly, despite overall similarity 

between in vitro and in vivo models, and agreement as to the crucial role of a battery of common signaling 

and cytoskeletal proteins, direct comparison of HUVEC and vessel formation in mice and zebrafish has 

identified some differences. These differences may reflect heterogeneity of ECs, an inherent characteristic 
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of this unique cell type, or context, such as differing culture conditions. It is clear that specific EC types 

used, either in vivo or in vitro, result in different outputs that may lead to different interpretations and 

hence caution is needed. In the following section, we will briefly discuss how the field has evaluated 

intracellular versus extracellular lumen formation and how different systems have nonetheless yielded 

complementary data. 

INTRACELLULAR AND EXTRACELLULAR LUMEN FORMATION 

“Autocellular” lumen formation: Cell hollowing 

Many studies in vitro and a few studies in vivo have suggested that one mechanism by which 

vascular lumens can form is cell hollowing. When ECs form a vessel via this process, they generate 

vesicles through pinocytosis that fuse into larger vacuoles, which in turn eventually fuse into a central 

lumen (Figure 1.3I) [3]. Vacuole-generated lumens within individual ECs then fuse intercellularly, 

thereby creating a continuous, seamless vessel. This mechanism was originally observed in formation of 

lumens in Drosophila tracheal cells [18]. In ECs, similar lumen formation mechanisms have been 

observed in HUVECs in vitro [18], where large vacuoles are easily distinguishable in individual cells, 

intracellularly. Similarly, vacuoles of significant size have been observed in vivo in the early aortae of 

chicks [6]. Intersomitic vessels (ISV) in zebrafish were also shown to form via cell hollowing after 

studies were carried out with injected dyes. These dyes were shown to only perfuse vessels as vacuoles 

fused with the main lumen during angiogenic growth [19]. Hence, early studies suggested lumens arose 

primarily via intracellular mechanisms. 

 

“Intercellular” lumen formation: Cord hollowing 

Lumen formation by cord hollowing is formally defined as cells opening a lumen between 

juxtaposed cells. Lumens are hence considered to form “extracellularly”, rather than initially appearing 

within the boundaries of single cells. Cord hollowing was observed in the dorsal aortae of both mouse 

(Figure 1.3J) and fish [20, 21]. In these first vessels, ECs were found to come together and form a cord, 
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establish adhesions with each other, then open a lumen between adjacent cells. This process was 

characterized by removal of adhesions from the pre-apical membrane while maintaining peripheral cell-

cell contacts, allowing a central space to form. Questions as to whether central adhesions are removed, or 

whether apical membrane is added to the luminal surface via intracellular vesicular trafficking, or whether 

lumens depend on a combination of both processes have largely remained unanswered in vivo. 

 

Combination of intracellular and extracellular lumen formation 

Cell hollowing as a method of lumen formation was challenged when zebrafish ISV ECs were 

examined with live reporters for junctional molecules and shown to establish junctions before formation 

of a central lumen [19, 22-24]. Therefore, it was argued that an intermediate process occurred, where cell-

cell contacts are first established prior to vacuolation. 

In 2015, single cell analysis of ISV lumen formation in zebrafish revealed that in fact both cell 

hollowing and cord hollowing took place simultaneously in different positions of growing vessels (Figure 

1.2C-C’’) [25]. Intracellular vacuoles develop primarily in tip cells and fuse into larger intracellular 

lumens between adjacent cells. Nascent lumens between stalk cells appear extracellularly and expand, as 

cells rearrange adhesions. Vacuole formation near tip cells therefore reflected observations in 3D lumen 

formation assays in vitro. It is likely that these mechanisms occur in mammalian systems as well. In fact, 

small vesicles with diameters of less than 0.5μm are abundant near the luminal apical membrane [20, 26]. 

Hence, new membrane that generates so-called “extracellular” lumens is actually generated 

“intracellularly”, and exocytosis of new membrane between cells drives apical membrane expansion. 

Together, these findings argue that lumen formation is likely part of a more dynamic and complex set of 

cell processes that occur simultaneously [25], and different vascular beds reveal different aspects of the 

same processes. 

Together these findings point to unifying mechanisms whereby lumens form via apical membrane 

biogenesis. As shown in epithelial systems, apical membrane originates as new membrane structures 

within the cell itself and is secreted through vectorial vesicular transport [26]. These mechanisms have 
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long been observed in HUVECs studied in 3D culture systems, where they may be more easily 

observable. However, such mechanisms are starting to be recognized in vivo within developing vertebrate 

blood vessels [17]. Hence, 3D lumen formation assays have been a tractable method for recapitulating 

and predicting in vivo processes. Future studies should be aimed at testing hypotheses and extending in 

vitro observations to in vivo systems. 

 

Control of lumen expansion and maintenance 

Once a vascular lumen is formed, what controls its expansion or quiescence? This is one question 

that is best addressed in vivo, in the context of microenvironment and blood circulation. Decades of work 

have established that blood flow profoundly influences vessel morphogenesis. Vessels expand, regress or 

fuse depending on the internal forces imposed via blood pressure, shear and laminar stress. Vessel lumen 

diameters are also directly impacted by hemodynamic pressures. We recently found that control of 

actomyosin in spatiotemporally distinct portions of ECs directly regulates expansion and maintenance of 

lumen diameters. These findings will be discussed below. Understanding the molecular cascades at play 

in luminal membrane formation, expansion and maintenance represents exciting new direction in vascular 

biology. 

Beyond the compelling questions as to where luminal membranes originate, studies regarding 

what happens to lumens once they are formed are also coming to the fore. Indeed, live imaging of 

zebrafish ISV development has provided tantalizing evidence that hemodynamics contributes to 

embryonic blood vessel morphogenesis [27]. Using reporters to mark the apical membrane, blood flow 

was observed to cause blebbing of the apical membrane into the cytoplasm of single or multiple ECs 

within nascent lumens. This pressure contributed to cord hollowing lumen formation and was thus coined 

inverse blebbing. Consecutive ballooning at the base of the developing ISV forces a cavity to develop 

from the aorta to the dorsal longitudinal anastomotic vessel (DLAV). Inverse blebbing differs from 

canonical blebbing, as blebbing membrane protrusions project out of a cell rather than into it, via pressure 

derived from blood flow. Presence of actin and myosin on the inverse blebs suggests EC resistance to 
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blood pressure. However, this study did not clarify how these actomyosin-coated blebs might interact 

with forming intracellular tip cell vesicles or promote their intracellular movements or fusion. Future 

studies carried out with similar tools will be needed to address such possibilities. 

 

Limitations of vascular tubulogenesis models 

It is clear that, at least macroscopically, different blood vessels develop via different methods. 

Indeed, blood vessels are known for their heterogeneity, both transcriptional and ultrastructural. It is 

therefore not completely surprising that vessels in different vascular beds, or in different areas of the same 

vessel, or in different types of blood vessels, may utilize different mechanisms to form lumens. 

Awareness of this inherent variety will be useful in determining distinct types of lumen formation utilized 

by specific vessels of interest. To study a particular mechanism of tubulogenesis, a particular model 

system in vitro or in vivo may be necessary.  

HUVECs in 3D lumen formation assays have been excellent systems to test large number of 

factors important for lumen formation. This platform allows for growth of large numbers of cells useful 

for carrying out molecular biology and biochemistry to evaluate entire signaling cascades necessary for 

lumen formation. HUVECs can be suspended in collagen or fibrin to model vasculogenesis, or they can 

be seeded on top of a matrix and be stimulated to sprout towards chemoattractants to model angiogenesis. 

Cells are easy to visualize, transfect, and analyze. However, cultured ECs are obviously limited given the 

absence of physiological processes that blood vessels in vivo possess. For example, vessels in this system 

lack blood and blood flow. The system also lacks different subsets of smooth muscle cells and pericytes, 

unless they are specifically added to the system. Pericytes and smooth muscle cells in vivo modulate 

blood flow, the clearance of cellular debris, and blood vessel permeability. Additionally, tissues in vivo 

secrete many paracrine factors such as VEGF, angiopoietin, FGFs, BMPs, Wnts, and several neuronal 

guidance cues that can stimulate vascular chemotaxis and development. However, the simplicity of the 

system can also be its strength. Molecules, or different cell types, can be added individually to 
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systematically test their effects on EC tubulogenesis, providing a reductionist and binary platform for 

evaluating contributing factors. 

To overcome the limitations of HUVECs grown in vitro, several in vivo systems have been 

utilized. Zebrafish have proven particularly useful for studies of vascular lumen formation. Blood vessels 

are easily visualized and numerous reporter lines have been generated to facilitate experimental 

evaluation. These studies were in fact noteworthy in demonstrating the range of different vessel lumen 

formation mechanisms. Lumens can form within a single cell or multiple cells, seamlessly or with a seam, 

and through large vacuoles or inverse blebbing. However, zebrafish and other in vivo models have been 

limited due to the challenge of genetically ablating single genes. Until recently, targeted reduction of 

protein levels in zebrafish has been largely carried out using morpholinos (MO); although a revolution of 

CRISPR approaches is changing the landscape of possibilities. MO techniques are limited by their off 

target effects and their impact on non-endothelial tissues, which may lead to vascular defects that are non-

cell autonomous. Similarly, secondary effects, such as occluded vascular flow and hypoxia, confound 

interpretation of defects. 

Avian embryos (chick or quail) have also been extensively used to study vascular development 

due to the ease in accessing both the chorioallantoic vasculature and embryo. Embryos can be isolated 

atop their yolk from freshly fertilized eggs to perform gain- or loss-of-function studies using techniques 

such as electroporation. Avian systems have been limited as technologies to create genetic mutants have 

not been developed. Manipulation of the vasculature in embryos and yolk sacs remains limited to addition 

paracrine factors via bead or cell implantation, electroporations or pharmacological treatments. 

Interestingly, studies have shown that chick dorsal aortae form lumens via cell hollowing and formation 

and fusion of large vacuoles [6].This is in contrast to the mouse dorsal aortae where lumens first appear 

between ECs. These findings argue that either mechanisms of lumen formation are not always conserved 

between species, or that different systems are useful in revealing different aspects of common 

mechanisms. 
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Mice have proven an excellent model to study vascular tubulogenesis in vivo primarily because 

they have benefitted from decades of perfecting genetic alteration. Using mice, a number of critical 

factors involved in vertebrate EC lumen formation have been identified. Mice, however, take a long time 

to breed and longer still to study. Tissues in mice are opaque, and difficult to study live, unless tissues and 

their vessels are explanted. Because of their relative accessibility, embryonic dorsal aortae, embryonic 

skin arterioles and postnatal retinal vasculature of mice have been used to study lumen formation [27-30]. 

Each of these blood vessels was found to develop lumens by slightly different mechanisms, although 

changes in cell shape and cell adhesion appeared to be conserved themes. Although mice are commonly 

used, the dynamics of gene deletion has been shown to impact interpretations. We recently showed that 

early Cre expression using transgenes such as Tie2-Cre deletes genes poorly before lumen formation 

occurs [17]. Cre expression begins in angioblasts (around E8.0) but protein deletion occurs after lumen 

formation (between E8.25-9.5). Deletion of genes occurs mosaically, producing varying vascular 

phenotypes. Hence, limitations of studying lumen formation in mice range from visualization techniques, 

to the choice of Cre line, efficiency of gene deletion, and dynamics of protein transcription and 

translation. 

 

MOLECULAR CONTROL OF ENDOTHELIAL LUMEN FORMATION 

In the following sections, we will discuss a variety of mechanisms shown to regulate endothelial 

tubulogenesis. We will review how adhesion molecules, various polarity proteins, sialomucins, the 

cytoskeleton, and Rho GTPase signaling coordinate blood vessel lumen formation. In particular, we will 

focus on the strengths and limitations of various in vitro and in vivo models, and make the case that taken 

together they create an integrative approach to the study of vascular lumen formation. 

 

APICALLY POLARIZED PROTEINS  

A variety of proteins display enrichment at the forming apical membrane, during both vascular 

and epithelial lumen formation. Some of these proteins include sialomucins, components of the 
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Ezrin/Radixin/Moesin (ERM) complex, components of the Crumbs complex, and proteins that polarize 

membrane phosphoinositides such as PTEN (Figure 1.4). Here, we discuss the roles of these apical 

components. 

CD34-sialomucins are a family of functionally redundant, negatively charged glycoproteins. The 

CD34-sialomucin family consists of Podxl1 and Podxl2, CD34, and endoglycan, of which Podxl and 

CD34 polarize to the extracellular surface of the apical membrane in ECs. Mice lacking either of these 

proteins alone exhibit no vascular lumen defects [31, 32] and co-ablation of these proteins has not been 

reported. Interestingly, the negatively charged sialic acids on mucins and proteoglycans were shown to 

open initial lumens via electrostatic repulsion between opposing cell membranes, during vasculogenesis 

of the murine dorsal aorta and angiogenesis in vitro [33]. Enzymatic removal of the sialic acids or 

neutralization of the negative electrostatic charge could inhibit lumen formation. In Podxl null mice, the 

protein moesin failed to be recruited to the apical membrane and only about 40% of aortae developed 

continuous lumens [20]. Moesin, a member of the functionally redundant ERM family of proteins, tethers 

the F-actin cytoskeleton to transmembrane proteins [34, 35]. F-actin is thought to open vessel lumens by 

bending the apical membrane and changing cell shape [20]. Moesin null mice or zebrafish depleted of 

moesin by MOs diminished F-actin apical enrichment [20, 24]. Moesin activity is regulated by PKC, as 

inhibition of PKC prevents Moesin phosphorylation and subsequent lumen formation (Figure 1.4A). 

There remain many open questions, including how endothelial Podxl docks moesin and how sialomucins 

and ERM proteins interact at the apical membrane. It is also uncertain whether moesin and other ERM 

proteins organize F-actin at the apical membrane, and whether F-actin bends the apical membrane to open 

it, or later constricts to regulate vessel diameter. Nonetheless, these findings identify a key role for 

sialomucins and the proteins they tether.  

 

EC POLARITY 

The Par3-Par6-aPKC complex 
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Cell polarity has proven to be central to vascular lumen formation. Several proteins have been 

shown to be important for cell polarity in both epithelial and endothelial tissues, and have also been 

implicated directly in tubulogenesis. A well-studied polarity complex involved in lumen formation is the 

Par3-Par6-atypical protein kinase C (aPKC)-Cdc42 complex (Par complex). Many proteins in this 

complex are necessary for endothelial lumen formation in human ECs in vitro, including Par3, Par6a, 

Par6b, PKCε, PKCζ [36]. PKCα and PKCδ reduction by contrast had no effect on lumen formation in 

vitro. Conditional knockout in the mouse vasculature have not been created for Par3 or Par6, and both 

PKCε and PKCζ null mice are reported to be viable and exhibit no vascular defects [37, 38]. It is possible 

that mice have more redundancy between aPKC isoforms than human-derived HUVECs or that in vitro 

systems reveal defects masked in vivo. Inhibition of PKC using a pan-PKC inhibitor (targets all isoforms) 

prevented lumen formation in the mouse aorta [20]. Additional studies are needed for further mechanistic 

insights into how this complex controls blood vessel lumen formation.  

Insights into how Par3-Par6-aPKC complex generally regulates lumen formation have come from 

studies in various epithelial cell types. In MDCK epithelial cysts, Par3 controls lumen formation through 

regulating the orientation of the mitotic spindle, a process essential for symmetric cell divisions (Figure 

1.4C) [39]. Par3 localizes aPKC to the apical membrane, where it phosphorylates Partner of Inscuteable 

(Pins) to dissociate it from the apical membrane. Pins then functions to keep microtubules away from the 

apical membrane and in the plane of the epithelial sheet to ensure proper orientation of cell divisions. 

Par3 posttranslational modifications are also important in lumen formation. Phosphorylation of Par3 at 

Serine 144 in MDCK cysts provides a docking site the regulatory protein 14-3-3 [40]. Mutation of this 

residue resulted in a loss of polarity and formation of multiple lumens, instead of a single central one. 

Binding of 14-3-3 to Par3 was suggested to regulate the Par3-Par6-aPKC complex by modulating Par3 

conformations, dimerization, or the interactions of other proteins. Together, these studies show that one 

role of the Par complex is to tightly regulate planar cell division.  

The establishment of polarity has also been linked to membrane trafficking. The Par complex 

serves as a multifunctional platform that modulates vesicular transport [41]. Membrane trafficking, 
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including endocytosis and exocytosis, has been implicated both upstream and downstream of the Par 

complex [42, 43]. In Drosophila embryonic ectoderm, loss of Par or Cdc42 proteins prevents apical 

protein endocytosis from the plasma membrane and prevents the progression of apical cargo from early to 

late endosome trafficking compartments [44]. This suggests that Par proteins function as negative 

regulators of apical endocytosis. In MDCK cells, the Par complex regulates exocytosis of apical 

components. Par3, Par6, and aPKC isoforms are necessary for the formation of the apical membrane 

initiation site (AMIS). The AMIS is a discrete landmark between neighboring cells that recruits the 

exocyst complex, which includes vesicles containing apically destined membrane and proteins (Figure 

1.4B-C) [26]. In epithelial cells, the AMIS and the exocyst complex are thought to catalyze and generate 

lumen formation. The exocyst traffics vesicles to the AMIS, then newly formed apical membrane (pre-

apical patch, or PAP) expands between two cells to form a lumen (Figure 1.4B).  

Recruitment to the AMIS is driven by a battery of scaffolding proteins and GTPases (for more in 

depth review, see [45]). Annexin 2, Sec(8, 10, and 15A), Rab8 (a and b), Rab11a, Rab13, Rab14, Rab25, 

and Cdc42 were all found to be necessary for proper lumen formation (Figure 1.4C) [42]. Apical 

membrane is recruited into Rab11a and Rab8a positive vesicles (the exocyst complex) where they 

associate with Cdc42 and Annexin2. Cdc42 is then bridged with the Par6/Par3/aPKC complex at the 

AMIS, where Sec proteins scaffold exocyst complex components. With this, apical polarity and 

membrane identity is initiated and the membrane is continually built from Rab8a/11a positive vesicles. A 

putative AMIS has been reported in ECs in vitro. In HUVECs, an actin rich apical domain containing 

Podxl, moesin, and Par3 coordinates two-dimensional polarization of spreading cells. Whether this AMIS 

exists in ECs forming lumens in vivo and whether polarity proteins associated with vesicular transport and 

exo/endocytosis play a role in formation of vascular lumens remains unclear. Thus far, no clear AMIS has 

been reported between blood vessel ECs during lumen formation. However, the many players identified 

in cultured epithelial cells and endothelial cells have not yet been thoroughly examined in vivo. 

Membrane phospholipids are similarly polarized to distinct cell membranes in epithelial cells and 

possibly ECs. In MDCK cysts, PTEN mediates the enrichment of Phosphatidylinositol 4,5-bisphosphate 
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(PIP2) at the apical membrane, while restricting Phosphatidylinositol (3,4,5)-trisphosphate (PIP3) to the 

basolateral membrane (Figure 1.4C) [13]. Ectopic production of basolateral PIP2 causes apical proteins to 

localize to the basolateral surface, suggesting that PIP2 draws signaling cascades to the apical surface. 

Annexin2, a calcium-dependent phospholipid-binding protein, binds PIP2 at the plasma membrane where 

it recruits Cdc42 to subsequently recruit aPKC and the Par complex. Disruption of any of these 

components blocks lumen formation, demonstrating that phospholipid membrane contents are different in 

different regions of cells and are essential for apical polarity and tubulogenesis. Although PTEN null mice 

have lumenized vessels, pharmacological inhibition of PTEN reduces aortic lumen formation [20, 46]. 

Another protein necessary for MDCK cyst formation is Phosphoinositide 3-kinase p110δ. Inhibition or 

reduction of p110δ impairs early lumen formation, producing inversely polarized cysts and preventing 

ECM production at cell-ECM contacts [47]. Future studies will be needed to assess polarized 

phospholipid distribution in EC membranes, and determine their role in EC polarity and vascular lumen 

formation. 

 

The Crumbs complex 

The Crumbs protein complex is another transmembrane apical signaling protein complex shown 

to be critical for epithelial lumen formation. Three isoforms exist (Crb1-3) in mammals and Crb3 is the 

major isoform in mammalian epithelial cells [48, 49]. RNAi-mediated knockdown of Crb3 in MDCK 

cells blocked lumen formation by relocating the apical actin meshwork basally [49]. Overexpression of 

Crumbs leads to an increase in apical membrane size in Drosophila ectodermal epithelium and in MDCK 

cysts [49, 50]. The cytoplasmic tail of Crumbs recruits ERM family members and the Par complex to the 

apical membrane, and lies in Rab11a positive recycling endosomes prior to lumen initiation (Figure 

1.5C) [26, 51]. In Drosophila, Par3 binds to aPKC, Par6 and a protein called Pals1, while Crumbs binds 

to Par6, Pals1, and a protein called PatJ. Crumbs complexes with Par3 to bind Par6. aPKC phosphorylates 

Par3 which then prevents its association with aPKC and Pals1 [52]. This allows Pals1 to complex with the 

proteins PatJ and crumbs [53, 54]. The Crumbs-Pals1-PatJ complex prevents further association of Par3 
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with aPKC and Par6, and restricts the Par complex to tight junctions, keeping it away from apical crumbs 

[53, 54]. Crb1 and Crb3 null mice have no vascular tubulogenesis defects [55, 56]. Crb3 mutants instead 

developed lung defects, while Crb2 null embryos fail during late gastrulation and display defects in 

endoderm and mesoderm formation, as well as unspecified defects in the vasculature [57]. This suggests 

that Crb2 may be the most important isoform in mice and conditional deletion Crb2 in the vasculature 

will determine its role in EC lumen formation. 

 

ADHESION MOLECULES 

Adherens junctions  

In certain blood vessels, lumens form between cells upon clearance of apical cell junctions, 

pointing to an important role of regulation of adherens junctions. The cadherin protein family consists of 

adhesion molecules that broadly tether cells in epithelial and non-epithelial cell types. They bind to 

catenins intracellularly which further tether AJs to actin and other molecular complexes. The predominant 

cadherins expressed by ECs are Neural (N)-cadherin (N-cad) and vascular endothelial (VE)-cadherin 

(VE-cad) [58]. In HUVECs, N-cad localizes to cell-cell adhesions and promotes expression of VE-cad 

[59]. N-cad null mice die at midgestation and develop smaller aortic lumens, but fundamentally display 

no lumen formation defects [59]. VE-cad is not strictly required for cell-cell adhesion in ECs but is 

essential for polarity, lumen formation, blood vessel permeability, and overall vascular morphogenesis 

[60-64].  

During vasculogenesis, angioblasts migrate toward each other and form VE-cad rich adhesions at 

their interface (Figure 1.1A-C’’,1.5A). In vascular cords, VE-cad enriches at the plasma membrane as 

longitudinal ribbons of between ECs (Figure 1.5A-B). During tubulogenesis, VE-cad is reorganized at 

lateral points between neighboring ECs, flanking the luminal membrane and separating the apical and 

basal membrane (Figure 1.5A-B) [65]. VE-cad deficient mice die around mid-gestation from improper 

vessel morphogenesis [64]. Zebrafish depleted of VE-cad using MOs produce defects similar to VE-cad 

null mice. Although ECs lacking VE-cad adhere to each other, many vessels display impaired lumen 
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formation, and cell polarity is defective [20]. During aortic lumen formation, VE-cad recruits apical 

sialomucins CD34 and Podxl to the apical membrane, as well as Moesin and, in turn, actin (Figure 1.4A). 

In VE-cad null mice, F-actin becomes disorganized and myosin, which regulates actin contractility, fails 

to be recruited to the luminal membrane. Similar studies in zebrafish confirmed that VE-cad is necessary 

for apical recruitment of Moesin, and organization of TJ complexes during lumen formation [24]. VE-cad 

is also linked to contractile actin fibers that regulate aortic lumen expansion through the scaffolding 

protein AmotL2 [66]. Together, these findings point to a critical role for adherens junction components in 

lumen formation. 

The importance of VE-cad in EC polarity and vessel lumen maintenance was demonstrated by a 

study using HUVECs, VE-cad null mice, and patient tissue with a heterozygous mutation within the 

CCM1 gene (cerebral cavernous malformation) [67]. VE-cad depleted cells failed to polarize Podxl and 

Collagen IV to apical and basal membranes, respectively, and caused multiple lumens to form within 

vessels in vitro and in vivo. VE-cad was shown to interact with the protein CCM1 and the Par polarity 

complex to direct AJ organization (Figure 1.5C). VE-cad and CCM1 recruit the GTPase Rap1 to cell-cell 

adhesions and promote adhesion complex formation (Figure 1.5C). These findings underscored how VE-

cad and AJs promote apical and basal membrane segregation, which is critical to vascular lumen 

formation.  

VE-cad also possesses protein domains that allow it to bind Par3 and Pals1 (ref Brinkmann et al. 

2016). Therefore, VE-cadherin regulation is associated with not only the Par complex but also the 

Crumbs complex (Figure 1.5C). Deleting Par3 or Pals1 binding domains in VE-cad prevent proper lumen 

formation and apicobasal polarity, as assessed by Podxl and collagen localization. It is clear that a lot is 

still not known about how polarity and adhesion is coordinated. It is clear that Par and crumbs polarity 

complexes not only regulate mitotic spindle orientation and apical vesicular trafficking, but also AJ and 

TJ development. It is possible that lumen formation defects associated with Par3 or crumbs proteins are 

primarily linked to defects in VE-cad signaling and adhesion-dependent segregation of apical and basal 

membranes. Cell adhesions may be necessary for epithelial cells and ECs to establish their location, a 
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prerequisite for establishing polarity. Future studies may need to focus less on the role of Par and crumbs 

proteins in planar cell division and secretion and instead, focus on the role of these proteins in cell-cell 

adhesion, as these studies suggest an intimate interplay between EC-EC junctions, polarity, and lumen 

formation.  

 

Tight Junctions 

Tight junctions are major components of cell-cell adhesions, as well as both epithelial and 

endothelial permeability. Tight junctions comprise the most closely associated points between cells, 

which create an impermeable barrier. Tight junctions are generally composed of occludin, claudins (1-

23), junctional adhesion molecules (JAMs) (A-C), and ZO proteins (1-3), which tether tight junctions to 

the actin cytoskeleton (Figure 1.5C). Tight junctions, like adherens junctions, form at EC cell-cell 

contacts during vasculogenesis but are rearranged to lateral positions between ECs instead of apical to 

create a single open central lumen [68].  

Tight junctions have been extensively studied in blood-brain barrier function, and few studies 

report lumen formation defects when they are absent [69]. Mice deficient for Claudin1, Claudin5, 

Occludin, ZO-1, and ZO-3 exhibit no blood vessel tubulogenesis defects [70-74]; however, ZO-1 

deficient yolk sac vessels display enlarged lumens and disorganized adhesions [72]. The lack of tissue 

specific deletion however has precluded conclusions about EC specific roles. In contrast to yolk sac ECs, 

ZO-1 was found to be necessary for lumen formation in MDCKs [75]. ZO-2 null embryos have 

gastrulation defects, but ZO-2 has not been deleted later specifically in blood vessels [73]. Because TJ 

proteins, segregate the apical and basal membrane in ECs, it would not be surprising if loss of TJ 

components would disrupt the polarity of apical and basal membranes. Future studies will be needed to 

determine whether there is a functional redundancy in TJ transmembrane proteins and their scaffolds to 

actin, as well as whether these proteins are necessary for polarity and lumen formation in different types 

of blood vessels. 
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Other cell-cell adhesion molecules 

ECs also express several plasma membrane associated molecules that mediate adhesion via 

immunoglobulin like domains. This includes several members of the immunoglobulin superfamily, such 

as platelet and EC adhesion molecule (PECAM), JAMs A-C, vascular cell adhesion protein 1 (VCAM-1), 

intercellular adhesion molecule 1 (ICAM-1), and Nectins. PECAM is enriched in endothelium, though 

also expressed by leukocytes and platelets. Within ECs, PECAM is enriched at the EC interface. 

Although PECAM is found in a molecular complex with VE-cad and VEGFR2 and is necessary for 

efficient vascular sprouting, PECAM null mice display no lumen defects. PECAM ablated mice in fact 

are viable and have no obvious vascular or non-vascular defects, suggesting possible redundancy with 

other adhesion components [76]. Similarly, VCAM-1 and ICAM-1 are enriched in the vasculature, but 

mutant mice lacking these proteins show no defects in vessel lumen formation [77, 78].  

JAMs are TJ complex proteins that are expressed at cell junctions in endothelial and epithelial 

cells, though interestingly also in platelets, leukocytes, and erythrocytes [79]. Loss-of-function 

experiments in HUVECs in 3D matrices, using siRNA, inhibitory antibodies, or dominant negative 

protein expression, showed that JAM-B and C were necessary for vascular lumen formation, whereas 

JAM-A negatively regulated lumen formation [80]. Consistent with this finding, JAM-A mutant mice 

exhibited no lumen formation defects [81]. JAM-B and C bind to the Par3-Par6-Cdc42 polarity complex 

(Figure 1.5C) during EC tunnel formation in collagen and form lumens using membrane type 1–matrix 

metalloproteinase (MT1-MMP) and integrin signaling. Although some studies have demonstrated that 

JAM-B and C are involved in tumor angiogenesis, JamB or JamC null mice survive to postnatal stages 

suggesting neither protein individually is necessary for blood vessel tubulogenesis in vivo. If JAM-B and 

JAM-C function redundantly, future studies will reveal if JAM-B and JAM-C double knockouts affect 

lumen formation in vivo [82-84].  

Nectins are yet another class of adhesion proteins expressed by ECs. The role of nectins 1-4 

during vascular development however has not been extensively examined. Nectin 1, nectin 2, and nectin 3 

null mice have no vascular lumen defects and nectin-4 null mice have not yet been generated [85-87]. The 
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nectin binding scaffolding protein afadin, however, has been more extensively investigated in epithelium 

and endothelium. Deletion of afadin in the kidney nephron prevented tubulogenesis [88]. Afadin was 

found to be necessary for nectin, F-actin and AJ complex formation, through the Par3-Par6-aPKC 

complex (Figure 1.5C). Deletion of afadin in ECs using Tie2-Cre was not reported to stop lumen 

formation in vessel endothelium, but caused defects in the lymphatic system, disrupting cell-cell junctions 

[89]. This study did not address efficiency of afadin deletion during vasculogenesis (E7.75-8.25) or 

whether angiogenic vessels produced patent lumens. Conditional deletion of afadin in retinal vessels and 

a hindlimb ischemia model significantly reduced angiogenesis and capillary density [90]. Capillaries were 

thinner with possible failed lumen formation, but tubulogenesis defects were not reported. Because afadin 

has proven to regulate cell polarity and AJs development, which are both necessary for vascular lumen 

formation, it is likely that afadin regulates blood vessel lumen formation. Careful analysis of different 

vascular beds and ablation of multiple nectins with afadin may yield new roles in Nectin-afadin signaling 

during vascular lumen formation. 

 

Integrins 

Integrins are widely expressed, cell surface adhesion proteins that function to adhere cells to 

substrates. Integrins connect the extracellular environment to the actin cytoskeleton and have been shown 

to relay signals across the cell membrane [91]. Integrins are made up of combinations of several different 

α and β subunits (18 α and 8 β in humans) that form heterodimers to control various cellular processes 

including cell attachment, migration, survival, differentiation, and overall tissue development and 

physiology.  

Early in vitro models of endothelial lumen formation demonstrated the necessity of integrin α2β1 

during EC lumen formation via its interaction with collagen [92]. Alternatively when 3D lumen formation 

assays are performed in fibrin matrices, integrins αvβ3 and α5β1 are instead necessary vascular lumen 

formation through mediating interactions with fibrin [93, 94], suggesting that the extracellular matrix 

plays a key role in regulating EC activity. Analysis of integrins on ECs in vivo also revealed similar roles. 
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In an early study, effects of inhibitory antibodies towards α1 and α2 integrins were tested using an 

angiogenesis assay in mice with implanted Matrigel plugs [95]. Treatment reduced angiogenesis and 

decreased the lumen diameter (tubulogenesis) of new blood vessels. Similarly, antibodies against β1 

integrin in chicks showed its profound requirement for aortic lumen formation [96]. β1 integrin was also 

investigated during early vascular development in mice via genetic ablation. During early vascular 

development, blood vessels form several basal adhesions to aid the lumen formation process [28] (Figure 

1.5D). Conditional deletion of β1 integrin in ECs with VE-cadherin-CreERT
2
 during midgestation 

blocked arteriole lumen formation [30]. Arteries in E15.5 embryos were found to develop lumens using 

vacuoles in a possibly Rab7 GTPase-dependent manner. β1 integrin was necessary for vacuole 

organization and fusion through regulating proper levels of the polarity protein Par3. β1 integrin Tie2-Cre 

knockout mice, which express Cre during early vasculogenesis, die at E10.5 and experience failure of 

angiogenesis, but not vasculogenesis [97-99]. β1 integrin null vessels produced lumens during 

vasculogenesis of the dorsal aorta, although, it is not clear whether β1-integrin deletion occurred before 

lumen formation. 

Of other integrins investigated, deletion of α4, α5, αv, α6, α8, α9, or β3 in mice do not prevent 

blood vessel lumen formation [100-105]. However, several proteins that signal at focal and fibrillar 

adhesions (integrin signaling complexes) have been shown to regulate blood vessel lumen formation in 

vitro and in vivo. Focal adhesions are held together and to the actin cytoskeleton by several proteins 

including focal adhesion kinase (FAK), Src, Paxillin, Ena/VASP, Vinculin, actinin, Talin, Zyxin, and 

Tensin (Figure 1.5E). Embryos and embryoid bodies lacking focal adhesion kinase (FAK) as well as 

embryos conditionally deleted of FAK in the vasculature failed to develop blood vessel lumens [106, 

107]. Blood vessels in vitro fail to develop lumens when Src is depleted, however Src null mice are viable 

until after birth, suggesting that Src is not important for blood vessel lumen formation during gestational 

vasculogenesis or angiogenesis [108, 109]. Most of the proteins that make up focal adhesions have not 

been investigated for their requirement during vascular lumen formation. It is possible that many of the 

focal adhesion proteins mentioned here do not produce dramatic defects in vascular lumen formation 
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when they are disrupted, discouraging further investigation and publication. Fruitful findings for integrin-

mediated vascular lumen formation can likely be anticipated when these proteins are eventually 

investigated in depth.  

 

CYTOSKELETON 

The actin cytoskeleton 

The actin cytoskeleton generates intracellular forces required for cellular functions including cell 

motility, contraction, division, cytokinesis, vesicle and organelle movement, signaling, and adhesion. 

Although throughout the cell, F-actin is densely laced cortically along the plasma membrane, tethered via 

transmembrane proteins. There, proteins such as the ERM complex proteins Moesin and podocalyxin 

coordinate F-actin polymerization at the apical membrane during lumen formation (Figure 1.4A, 1.6A) 

[20]. Actin filaments in the cell cortex determine the stiffness, shape, and movement of the cell surface. 

Early experiments using actin depolymerizing drugs, like Cytochalasin B (CCB), suggested the actin 

cytoskeleton was not important for EC lumen formation [110]. Administration of CCB did not impair the 

ability of HUVECs to form lumens in 3D collagen matrices. By contrast, murine embryos cultured with 

the related actin-depolymerizing drug Cytochalasin D failed to form aortic and yolk sac vascular lumens. 

Additionally, another study showed that HUVECs cultured on fibroblasts and treated with Latrunculin B, 

another inhibitor of actin polymerization, fail to form lumens [111]. These studies suggested that actin is 

necessary for lumen formation, but only under particular conditions and systems. Different actin-

depolymerizing drugs may have different effects on F-actin, differentially affecting lumen formation. In 

addition, ECs in different types of tissues may also be differently affected by actin depolymerization, 

depending on the particular mechanism by which any vessel forms. Studies in 3D culture have 

demonstrated that several proteins that modulate F-actin directly or indirectly are important for vascular 

lumen formation. Most of these proteins modulate actin dynamics by controlling F-actin polymerization, 

crosslinking, or contractility. A few actin-regulating proteins that were screened for lumen formation 

necessity in vitro include Pak2, Pak4, MRCKβ, N-WASP, IQGAP1, ACK1, CIP4, and Spec1 [36]. These 
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studies support that F-actin development and the dynamics of F-actin are necessary for blood vessel 

lumen formation.  

F-actin forms thick bundles of crosslinked actin called stress fibers that anchor cells to substrates 

in vitro in immature complexes called fibrillar adhesions and in mature complexes called focal adhesions 

(FA). F-actin also anchors basal adhesions in vessels in vivo (Figure 1.3B, F, 1.5D, 1.6A). F-actin 

attaches to FAs via different combinations of integrins, scaffolding proteins, and signaling proteins such 

as talin, Src, FAK, paxillin, vinculin and α-actinin, many of which are necessary for blood vessel lumen 

formation (discussed above) (Figure 1.5E). Actin polymerization occurs where stress fibers insert into 

focal adhesions [112]. Stress fibers also can tether endothelial cell-cell adhesions together where they 

anchor at AJs and TJs, later zippering them into mature smooth cell-cell adhesions [113, 114]. These 

types of adhesions have recently been termed focal adhesion junctions (FAJs), as they possess focal 

adhesion molecules such as vinculin [115]. Actin has been shown to strongly enrich to EC cell-cell 

adhesion complexes during vascular lumen formation in vivo [17] (Figure 1.6A). As AJ proteins such as 

VE-cad are necessary for blood vessel lumen formation, it is not surprising that F-actin would also be 

necessary since AJs need F-actin for proper function. 

Actin polymerization has been shown to be important for vessel tubulogenesis in zebrafish 

intersomitic vessels (ISVs) [116]. Actin polymerization is controlled by formin enzymes, including 

formin1-2, dishevelled associated activator of morphogenesis (Daam1-2), formin homology 2 domain 

containing (FHOD1-3), Diaphanous-related formin (Dia1-3), and formin-like protein 1-3 (Fmnl1-3). In 

zebrafish, reduction of the vascular specific formin, fmnl3, by morpholinos, chemical inhibition, or 

dominant negative expression revealed that fmnl3 continually polymerizes F-actin cables at EC junctions 

and replenishes actin polymerization to maintain a stable junctional F-actin content [116, 117]. Reduction 

of fmnl3 reduced actin polymerization and lead to destabilized EC junctions, tubulogenesis failure and 

lumen instability. EC junctions are therefore intimately tethered to actin, are highly dynamic, and show a 

high turnover rate.  This study underscored the intimate interplay between EC-EC junctions, actin, and 

lumen formation. Fmnl3 is also suggested to affect lumen formation by controlling the formation and 
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activity of a poorly described EC AMIS [118]. Fmnl3 binds to the GTPases Cdc42, RhoJ, RhoD, RhoH, 

and Rnd1 to regulate actin filament development that branches out of an unknown focal point; possibly 

the putative endothelial AMIS. Actin around this point was suggested to transport vesicles containing 

Podxl to the apical membrane during lumen formation (Figure 1.6B). It is still unclear whether this 

structure is necessary for lumen formation. Studies will be needed to tease apart the primary role of 

Fmnl3 during lumen formation and how other secondary defects can arise from a disrupted actin 

cytoskeleton. In comparison to Fmnl3, many proteins that affect actin polymerization, including Arp3, N-

WASP, mDia2, and mDia3, display embryonic lethality when genetically ablated in mice. Studies of 

endothelial-specific deletion of these genes will be useful in deciphering actin dynamics during vascular 

lumen formation. 

 

Non-muscle myosin II 

F-actin crosslinking and contractility in ECs is well known to be controlled by non-muscle 

myosin II (NMII). Three isoforms of NMII have been identified (NMIIA-C) where NMIIA has been 

shown to be the main isoform [119]. NMIIB and NMIIC null mice survive to postnatal stages suggesting 

that they are not necessary for blood vessel lumen formation [120]. NMII is composed of two heavy 

chains that regulate binding and contractility of F-actin, two regulatory light chains (RLC), and two 

essential light chains (ELC). The activity of NMII is regulated by phosphorylation of its regulatory light 

chain at Serine 19 directly and indirectly by kinases downstream of Cdc42, Rac1, and Rho GTPase 

signaling. Some of these kinases include myosin light chain kinase (MLCK), p21 activated kinases (Pak 

1-4), myotonic dystrophy kinase-related Cdc42-binding kinase (MRCK), leucine zipper interacting kinase 

(ZIPK), and Rho kinase (ROCK).  ROCK inhibitors are commonly used to reduce NMII activity, as 

assessed by a decreased phosphorylation of its RCL. Although several studies have shown that ROCK is 

necessary for the activity of NMII, it should be noted that ROCK inhibition also affects other molecular 

pathways independent of NMII, including pathways involved in microtubule dynamics [121]. 
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Controversy exists whether NMII positively or negatively regulates blood vessel lumen formation 

in vitro and in vivo. Downstream of ROCK and VEGF signaling, NMII was suggested to positively 

control blood vessel lumen formation in the aorta by localizing to the luminal plasma membrane where it 

can use its contractile abilities on F-actin to bend the apical membrane and thus aid the opening of the 

vascular lumen. In another study, RhoA-ROCK-NMII-dependent actin contractility was also necessary 

for proper lumen formation through the transcription factor CASZ1 and its transcriptional target EGFL7 

[122]. Reduction of CASZ1 and EGFL7 prevented lumen formation in Xenopus in vivo [123] and also 

prevented RhoA activity and Myosin light chain phosphorylation in 2D cultured ECs in vitro. This study 

did not directly test whether RhoA or NMIIA is necessary for lumen formation in vivo [122]. 

Other studies in vitro and in vivo have suggested a different model of Rho-ROCK-NMII signaling 

during vascular lumen formation. In 3D collagen matrices, inhibition of RhoA and ROCK signaling have 

no effect on blood vessel lumen formation whereas expression of constitutively active RhoA (V14) 

prevents lumen formation [124]. This suggests that increases in Rho-ROCK-NMII signaling have no role 

in vascular lumen formation, but instead mediates tube collapse mechanisms that control vascular tube 

regression. Martin et al. showed that RhoA reduction is necessary for blood vessel tubulogenesis. It was 

shown that the Bα regulatory subunit of protein phosphatase 2A (PP2A) was necessary for blood vessel 

lumen formation in zebrafish ISVs by suppressing actomyosin contractility and cytoskeleton dynamics 

through suppression of the RhoA-ROCK-NMII pathway [125]. PP2A-Bα also regulates actin on a 

transcriptional level. Reduction of PP2A-Bα leads to enhanced expression of the actin cytoskeleton 

adaptor protein ArgBP2. ArgBP2 hyperactivates RhoA, causing aberrant rearrangements of the 

actomyosin cytoskeleton in ECs, presumably causing failed lumen formation. Although all these studies 

show that reduction of RhoA and ROCK reduce NMIIA activity, none of these studies address whether 

direct reduction of NMIIA activity enhances or decreases lumen formation itself. Additionally, they do 

not provide evidence whether RhoA and ROCK effects on lumen formation occur via NMII, or whether 

RhoA and ROCK may be affecting lumen formation through a NMII-independent pathway. 
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In a later study, Xu et al. additionally suggested that RhoA, ROCK, NMIIA, and therefore actin 

contractility need to be reduced, to allow lumen formation to occur [28]. ECs in vascular cords were 

hypothesized to reduce F-actin contractility to reduced EC constriction. Reduced constriction was 

hypothesized to relax ECs and increase EC elongation (diameter) allowing a vascular lumen between the 

ECs to open and expand. This model is supported in studies of Ciona intestinalis notochord tubulogenesis 

where a ring of actin constricts the apical membrane using ROCK-NMIIA signaling to pace lumen 

formation and expansion [15]. In blood vessels in vitro, a signaling cascade was demarked where the 

proteins Rasip1 and its binding partner Arhgap29 inhibit RhoA activity to prevent ROCK activity and 

thereby inhibiting NMIIA and actin contractility (Rasip/Arhgap29 –l RhoA → ROCK → NMIIA → actin 

contractility) (Figure 1.6B). Consistent with this model, reduction of Rasip1 or Arhgap29 in 3D collagen 

matrices inhibited lumen formation and increased RhoA activity. Increased RhoA activity caused 

increased actin contractility and stress fibers through increased NMII activity. Increased F-actin 

contractility in vitro was hypothesized to constrict ECs in vascular cords, partially preventing lumen 

formation by preventing EC elongation. Interestingly, Cdc42 and Rac1 signaling, which leads to an 

increase in NMIIA activity, was decreased after Rasip1 and Arhgap29 reduction. This suggests a more 

complex mechanism of NMIIA regulation, where Rasip1 balances Cdc42, Rac1, and RhoA activity (and 

pathways) to allow for blood vessel lumen formation.  

To validate the role of RhoA-ROCK-NMII signaling during lumen formation downstream of 

Rasip1 and Arhgap29, these genes were genetically ablated or pharmacologically inhibited during 

vasculogenesis. Deletion of RhoA or inhibition of ROCK did not prevent lumen formation but instead 

dramatically stimulated cell spreading, causing enlarged lumens to develop. Inhibition of NMII after 

lumen formation also caused vessel lumens to expand, similar to RhoA-ROCK disrupted embryos. 

Genetic ablation of Arhgap29 was shown to not effect lumen formation but instead, was used to hamper 

RhoA-stimulated cell spreading. It was shown that the primary role of Rho-ROCK signaling during 

lumen formation is to use the actomyosin machinery to hamper cell spreading and therefore regulate the 

size of blood vessel lumens (Figure 1.6B). NMII was shown to stimulate blood vessel lumen formation 
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independently of Rho signaling. Inhibition of NMII before tubulogenesis caused failed lumen formation. 

NMII was shown to be activated by Rasip1, Cdc42, and Pak4 signaling. During vasculogenesis of the 

aortae, deletion of proteins in this pathway prevented proper cell adhesion and caused ECs to collapse on 

each other. The ECs were abnormally stitched together by apical adhesions, preventing them from 

forming a lumen extracellularly. This study suggested that NMII is necessary promote cell adhesion 

rearrangements that are necessary for lumen formation to occur extracellularly (Figure 1.6B). Although 

this study shows that NMII controls both cell contractility and cell adhesion dynamics to coordinate 

vascular lumen formation and expansion, it is important to consider that blood vessels form very 

differently across different vascular beds. Future studies will be needed to determine how NMII effects 

lumen formation in angiogenic blood vessels and vessels that develop through vesicular trafficking. 

Studies in Zebrafish ISV development have shed light on the mechanisms of NMII during blood 

vessel lumen formation. Lumen formation via inverse membrane blebbing was found to be controlled by 

NMII-dependent actin contractility. As a luminal space expands from the dorsal aorta into an ISV, 

hemodynamic forces generate a difference in positive pressure between the lumen and the cytoplasmic 

side of the apical membrane in ISV ECs. This causes inverse blebs to expand along the apical membrane 

at sites of weak and malleable membrane cortex. As this occurs, the blebbing contours a path within ECs 

of the ISV. To ensure that blebbing occurs in a highly unidirectional manner, sites of blebbing that are not 

in the direction of the developing lumen need to be sequestered. To sequester inverse blebbing, a net of F-

actin polymerizes around the developing bleb where it can be retracted using NMII-dependent actin 

contractility. Selective bleb retraction therefore ensures unidirectional lumen expansion. Expression of a 

non-phosphorylatable dominant negative form of the myosin II regulatory light chain prevented retraction 

and sequestration of non-unidirectional blebbing. Disruption of Myosin II signaling caused disparate 

phenotypes including ISVs with either over expanded lumens and blebs or overall failed lumen formation. 

This suggests that NMII plays multiple roles in lumen formation and expansion to drive ISV lumen 

morphogenesis. 
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Microtubules 

A few studies have investigated the role of microtubules during blood vessel tubulogenesis. 

Microtubules are critical to centrosome polarity, vesicular trafficking and secretion, and have proven 

essential for lumen formation. Microtubules are polymers that are composed of monomers of α and β 

tubulin. A microtubule has two different ends, its minus end where it is bound to the centrosome, and its 

plus end where it grows at its distal tip. The microtubule plus ends are regulated by several proteins 

including end binding 1 (EB1), adenomatous polyposis coli (APC), p150
Glued

, CLIP-170 (cytoplasmic 

linker proteins) and CLIP-115, and CLIP-associating proteins (CLASPs) (Figure 1.6C-D). Post 

translational modifications of tubulin include acetylation, detyrosination, phosphorylation, tyrosination, 

and glutamylation. The proteins dynein and kinesin transport vesicles, as well as larger intracellular 

compartments on microtubules. The roles of dynein or kinesin in vascular lumen formation have yet to be 

reported, although studies in MDCK cysts have shown that Kinesin-2 and its subunit Kif3a are necessary 

for epithelial lumen formation by mediating apical endosome transport [126, 127]. In vessels grown in 3D 

collagen matrices, microtubule tip proteins and microtubule post translational modifications are necessary 

for blood vessel lumen formation and polarity. In 3D collagen matrices, microtubule depolymerizing 

drugs were found prevent blood vessel lumen formation and collapse EC tube networks [110]. 

In HUVECs in vitro, tubulin becomes highly acetylated and detyrosinated during the first 48 

hours of lumen formation. EB1, p150
Glued

, Clasp1, and tau were found to be necessary for blood vessel 

lumen formation by inducing microtubule assembly, polarizing the microtubule cytoskeleton to a 

subapical membrane location, and stabilizing the microtubules through acetylation and detyrosination 

(Figure 1.6D). To further determine whether acetylation is necessary for lumen formation, acetylation 

was decreased by overexpressing the tubulin deacetylases sirtuin 2 and histone deacetylase 6 (HDAC6) in 

HUVECs. Overexpression of these proteins decreased microtubule acetylation and prevented lumen 

formation in vitro. Conversely, siRNA reduction of sirtuin2 and HDAC6 enhanced tubulin acetylation, 

and enhanced lumen formation. These findings suggest that tubulin acetylation positively regulates blood 

vessel tubulogenesis in vitro. Although this work lays the groundwork for new studies of microtubules 
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during vascular lumen formation many questions remain unanswered. For example, 1) how are vesicular 

structures fused and trafficked along microtubules in ECs, 2) how are microtubule plus ends and minus 

ends polarized in ECs to control trafficking to the apical surface, and 3) what is the molecular basis for 

recognizing acetylation and tyrosination signatures that allow apical membrane trafficking and lumen 

formation. Future studies will also be needed to verify that microtubule proteins studied in vitro are also 

necessary for blood vessel lumen formation in vivo during vasculogenesis and angiogenesis. 

 

SIGNALING PROTEINS 

Rho GTPases 

Various members of the Rho family of small GTPases have long been shown to be necessary for 

blood vessel lumen formation. The Rho family of small GTPases represents a subgroup within the large 

superfamily of Ras-related small GTPases. There are over 60 members of the Ras superfamily of 

GTPases which fall into one of five major groups: Ras, Rho, Rab, Arf, and Ran [128]. GTPases act as 

molecular switches that allow or prevent downstream signaling pathways. GTPases are activated by 

binding to GTP using guanine nucleotide exchange factors (GEFs) and deactivate by hydrolyzing GTP 

into GDP using GTPase activating proteins (GAPs). In mammals, over 60 GEFs and 70 GAPs have been 

identified for the Rho family. In the following sections we will focus on the role the three most studied 

Rho GTPases during blood vessel lumen formation: Cdc42, Rac1, and RhoA. 

 

Cdc42 

Cdc42 has classically been known to be necessary for blood vessel lumen formation in 3D 

collagen matrices. Cdc42 acts as a molecular switch controlling a complex matrix of signaling pathways, 

including those involved in cell proliferation, apoptosis, actin and microtubule cytoskeleton dynamics, 

cell differentiation, migration, vesicular transport, adhesion, polarity, and lumen formation [129]. Cdc42 

is necessary for the activity and function of many proteins that are also necessary for blood vessel lumen 

formation including Par3, Par6, aPKC, Pak2, Pak4, MRCK, Raf-B/C, Erk1/2, Src, N-WASP, Ack1, 
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IQGAP, CIP4, and β1 integrin (Figure 1.7A). Cdc42 is localized to vacuolar structures during lumen 

formation in 3D collagen matrices and also during lumen formation of the zebrafish ISVs [19, 124]. Both 

overactivation and inactivation of Cdc42 causes failed blood vessel lumen formation as seen by studies 

using dominant negative or constitutively active Cdc42[124]. These data suggest that Cdc42 activity 

needs to be balanced or active and inactive for different processes to allow tubulogenesis in blood vessels.  

Although Cdc42 is thought to be regulated by a multitude of GEFs and GAPs, few studies have 

reported any blood vessel lumen formation defects after reduction of any GEFs or GAPs. Three groups 

have deleted Cdc42 in the early mouse blood vessel vasculature using Cre-LoxP-mediated deletion [17, 

129, 130]. Cdc42 was found to be necessary for blood vessel lumen formation during aorta and yolk sac 

vasculogenesis and during midgestation and postnatal angiogenesis. Angioblasts with deleted Cdc42 were 

unable to form a vascular cord plexus and remained disorganized. When Cdc42 or the Cdc42-kinase Pak4 

were deleted or inhibited after angioblast assembly, respectively, vessels failed to form patent tubes. In 

the dorsal aortae, lumen formation was shown to occur upon removal of ribbons of cell adhesions as they 

are remodeled laterally away from the apical membrane. The remodeling of cell adhesions was shown to 

occur in a NMII-dependent manner downstream of Cdc42. After Cdc42 deletion or Pak4-inhibition, 

failure of lumen formation in the dorsal aorta was shown to be partially attributed to the inability to 

rearrange endothelial cell-cell adhesions to lateral positions between ECs to create an open central lumen. 

This study demonstrated that Cdc42 and its downstream kinases partially use actomyosin regulation of 

cell adhesion to mediate vessel lumen formation during vasculogenesis.  

After vasculogenesis, lumen formation mostly occurs in angiogenic vessels. Inducible deletion of 

Cdc42 in E14.5 embryos using Cad5-CreERT
2
 caused massive hemorrhaging. Epidermal capillaries 

failed to undergo blood vessel tubulogenesis and failed to polarize Podxl apically. Deletion of Cdc42 in 

the P4 mouse retina did not cause vessel collapse, but caused constricted vessels to develop in newly 

sprouting angiogenic vessels. Defects in vessel adhesion and possibly lumen formation after Cdc42 

reduction were partially attributed to defects in the actin cytoskeleton. Downstream of Cdc42, aberrant N-

WASP, Pak2, Pak4, and NMII signaling were suggested to disrupt the cytoskeleton. Although Cdc42 
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deletion causes lumen formation defects in mouse, deletion of Cdc42 in zebrafish created defects in the 

caudal vein plexus but did not prevent blood vessel lumen formation or collapse [131]. This demonstrates 

that Cdc42 is not essential for blood vessel lumen formation in all vessels in all vertebrate species. 

 

Rac1 

Rac1, like Cdc42, is well known to inhibit lumen formation in vitro [124]. Many effectors 

downstream of Cdc42 are also downstream of Rac1. The Rac1 GEF dedicator of cytokinesis 4 (DOCK4) 

was shown to be necessary for non-tip cell filopodia and endothelial tubule remodeling and lumen 

formation in HUVECs in vitro. DOCK4 activates Rac1 after VEGF stimulation, then Rac1 activates 

Cdc42 through DOCK9 to signal filopodia formation and lumen formation. This was also dependent on 

the activation of RhoG through the RhoG GEF SGEF. Additionally, VEGF promoted the interaction of 

DOCK4 with the Cdc42 GEF DOCK9. Specifically, a cascade was demarcated: VEGF, through SGEF, 

activates RhoG, which stimulates Rac1 via DOCK4 to finally activate Cdc42 through DOCK9 (VEGF → 

SGEF → RhoG → DOCK4 → Rac1 → DOCK9 → Cdc42 → lumen formation) (Figure 1.7B). 

Reduction of each of these proteins inhibits lumen formation and lateral sprout filopodia. Loss of lateral 

filopodia was hypothesized to cause ECs to elongate, causing them to lose lateral cell-cell contacts. 

Without lateral cell-cell contacts, lumen formation between cells was not possible (Figure 1.7B). 

Although studies of Rac1 in vitro have suggested it has a strong role in blood vessel lumen 

formation, conditional deletion of Rac1 using Tie2-Cre, Tie1-Cre and Cdh5(PAC)-CreERT
2
 did not 

produce considerable tubulogenesis defects in the vasculature [132-134]. Rac1;Tie2-Cre mutants 

displayed normal vasculogenesis of the dorsal aorta, but failed angiogenesis in mouse ISVs. Vessels in 

the yolk sac failed to remodel into larger vessels and lacked organized vessel branches. Importantly, 

lumen formation in these mutants was unaffected. Additionally, deletion of Rac1 using Tie1-Cre did not 

produce vascular defects during vasculogenesis or gestational angiogenesis. Conditional deletion of Rac1 

using Cdh5(PAC)-CreERT
2
 caused vascular failure at mid-gestation and retinal angiogenic vessels, 

however no defects in lumen formation were reported in vivo. This raises the question as to why in vitro 
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systems need Rac1 for vascular lumen formation whereas in vivo systems do not. It is possible that there 

exist paracrine factors in vivo that stimulate lumen formation, which are not needed in vitro. Therefore, 

without these factors, in vitro systems may be more dependent on pathways that promote lumen 

formation de novo. In addition, the importance of paralogous proteins such as Rac2 and Rac3 may not be 

conserved between HUVECs and various mouse vascular ECs. Future studies will be needed to determine 

whether Rac1 is necessary for blood vessel lumen formation in different vascular beds and whether Rac1 

is functionally redundant with Rac2, Rac3, or even Cdc42. 

 

RhoA 

Studies of RhoA and ROCK during blood vessel lumen formation are putatively linked to its 

control of NMII (as mentioned above). In 3D collagen matrices in vitro, reduction of RhoA has no effect 

on blood vessel lumen formation. Increasing RhoA activity using constitutively active RhoA prevents 

lumen formation suggesting that Rho signaling promotes the closure of blood vessels. RhoA and 

Cdc42/Rac1 activity often change in a concerted manner when genes upstream or downstream of these 

GTPases are manipulated. For example, reduction of the proteins Rasip1, Arhgap29, Rap1, or CCM1 both 

increase RhoA activity and decrease Cdc42 and Rac1 activity[28, 135-139]. This is not surprising since 

RhoA has often shown to be inversely regulated with Rac1/Cdc42 signaling. For example, Cdc42/Rac1 

activity inversely correlates with RhoA activity to control blood vessel permeability and adhesion 

integrity[140]. Balanced Rac1 and RhoA activities also regulate cell shape and drive invagination 

morphogenesis in epithelia[141]. The study of Rasip1 developed the hypothesis that RhoA activity needs 

to be reduced and Cdc42/Rac1 activity needs to be increased to promote the proper signaling pathways 

that allow blood vessel lumen formation to occur (Figure 1.6B). In the mouse dorsal aorta and yolk sac 

vasculature, Cdc42-NMII signaling regulated lumen formation by stimulating apical cell adhesion 

clearance while RhoA-NMII signaling suppressed vessel expansion (diameter) using cell contractility (see 

sections above). From this study it was suggested that Cdc42 needs to be active to regulate EC cell 
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adhesion while RhoA needs to be suppressed so that ECs can relax and not contract, allowing larger 

vessels to expand and grow. 

A NMII-independent mechanism of lumen formation has been elucidated downstream of RhoA-

ROCK signaling (Figure 1.7C) [142]. In MDCK cysts, cell polarity is initially reversed, with apical 

proteins localized basally and basal proteins initially localized apically (a phenomenon that has not been 

validated in vivo). In a complex signaling cascade, tubulogenesis occurs when apical proteins are 

endocytosed and trafficked to the apical membrane. Apical Podxl complexes with the protein NHERF1 

and the Ezrin/Radixin/Moesin complex on the basal side. The basal localization of the Podxl-NHERF1-

Ezrin complex is stabilized by elevated RhoA/ROCK-dependent phosphorylation of Ezrin (pEzrin). This 

is thought to occur in a positive feedback loop where the Podxl-NHERF1-Ezrin complex stabilizes the 

association of RhoA-ROCK with pEzrin.  

To initiate lumen formation, the ECM first signals to α2/α3/β1-integrin complexes. The integrin 

complex then activates FAK to phosphorylate the RhoGAP p190A. Next, phosphorylated p190A uses its 

GAP activity to inhibit RhoA by mediating RhoA-GTP hydrolysis. Downregulation of RhoA activity, 

down regulates ROCK activity which decreases Ezrin phosphorylation. This allows PKCβII to further 

phosphorylate Podxl and NHERF1 causing dissociation of Podxl, NHERF1, and the ERM complex. After 

dissociation, phosphorylated Podxl binds to NHERF2, causing it to be endocytosed and trafficked to the 

apical membrane. There, Podxl and NHERF1 are de-phosphorylated by protein phosphatase 2A (PP2A), 

allowing the Podxl-NHERF1-ERM complex to reform at the apical membrane. RhoA and β1-integrin 

activity are inversely correlated, where increases in β1-integrin activity promote normal luminal polarity 

and increases in RhoA activity promote reversed polarity. Because β1-integrin is well known to signal via 

Cdc42, it would not be surprising if Cdc42/Rac1 and RhoA are promoting inverse signaling pathways. 

Furthermore, there may be a balance in GTPase signaling in epithelial cells, as well, where Cdc42/Rac1 

signaling needs to be increased to stimulate apical trafficking from the basal end of the cells and RhoA 

needs to be reduced to prevent basal deposition of apical proteins. Determining whether RhoA-ROCK 
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signaling controls endothelial lumenogenesis using a same or similar mechanism will be of great interest, 

given current efforts to determine basic mechanisms of blood vessel formation. 

  

SUMMARY 

From the bulk of recent work, it is clear that much remains to be discovered regarding blood 

vessel lumen formation. From studies in vitro and in vivo, it is clear that a plethora of signaling cascades 

coordinate at the apical, basal, and lateral domains of ECs and signal together to collectively polarize 

ECs, remodel junctions and cell shape, and to yield a single blood vessel lumen. The last decade of work 

has identified an array of critical signaling cascades downstream of GTPases, which appear to control EC-

ECM and EC-EC adhesion, electromagnetic charge, cell contractility, transcription, and vesicular 

trafficking, which are all necessary for vascular lumen formation. Given the heterogeneity of blood 

vessels in different vascular beds, it is almost certain that yet unknown additional mechanisms drive 

tubulogenesis are yet to be discovered. We put forth that using integrated in vitro and in vivo approaches, 

as well as constantly improving imaging and whole embryo technologies, new molecular models of 

lumen formation will continue to be elucidated and unifying themes of blood vessel formation will be 

identified. 

Studies of vascular tubulogenesis can lead to the development of novel pro- and anti-angiogenic 

therapies. Anti-angiogenic therapies aim to prevent blood vessel angiogenesis and tubulogenesis to treat 

cancerous tumors by preventing gas and nutrient exchange. Conversely, pro-angiogenic therapy will 

promote the advancement of new healthy blood vessels into ischemic tissues as well as tumors, which 

require steady blood flow for drug delivery. Angiogenic therapy will require a thorough understanding of 

the basic molecular biology that drives blood vessels to grow and undergo tubulogenesis in a non-

pathological setting. In the end, these studies are not only fascinating, but are essential to our ensuring 

human health and prosperity. 
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Figure 1.1. Blood vessel vasculogenesis and angiogenesis. 
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Figure 1.1. Blood vessel vasculogenesis and angiogenesis. 

(A-C’’) Blood vessel vasculogenesis illustrated by cartoon (A-A’’), and by whole mount (B-B’’) and 

cross sections (C-C’’) of E8.0 embryos stained with Flk1-eGFP. During vasculogenesis, first angioblasts 

develop in mesodermal tissue. Next, the angioblasts migrate to each other and develop a vascular cord. 

After the vascular cord has developed, a lumen develops within the center of the vascular cord and later 

becomes perfused with blood. (D-D’’) Blood vessel angiogenesis illustrated by cartoon (D-D’’) and in 

wholemount retinas (P4) stained with isolectin B4 (E-E’’). During sprouting angiogenesis, tip cells extend 

out of a pre-existing vessel and form a new vascular branch under the influence of cues in the 

microenvironment (D-E’’). (F-G) Lumen formation in the retina vasculature shown by cartoon (F) and 

isolectin B4 and DAPI staining. After a new branch is formed, the vessels develop lumens and become 

perfused with blood. White/black arrows, direction of blood flow; EC, endothelial cell; M, mesoderm; 

End, endoderm; L, lumen; B, blood.  
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Figure 1.2. Mechanisms of vascular tubulogenesis. 
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Figure 1.2. Mechanisms of vascular tubulogenesis. 

(A-A’’) HUVECs undergo lumen formation through a process called cell hollowing. Here the vessels 

secrete large vacuoles which eventually coalesce to form a lumen intracellularly within single cells. (B-

B’) The dorsal aorta undergoes lumen formation extracellularly between early ECs assembled into a 

vascular cord. Aorta ECs establish cell-cell adhesions with each other extracellularly (adhesions are 

green). To form a lumen, these adhesions are remodeled to the periphery of the vascular cord. Once the 

adhesions are remodeled, a lumen is formed between multiple ECs. (C-C’’) Zebrafish intersomitic vessels 

(ISVs) form lumens both intracellularly and extracellularly using a combination of vacuoles secretion and 

inverse blebbing in response to blood flow. (D-D’’) Lumen formation in the embryo-distal mouse 

embryonic yolk sac occurs through a wrapping process. Here, angioblasts develop into both primitive 

blood cells and ECs. The ECs migrate to the blood cells and completely wrap around them. As 

development progresses, the ECs separate from the blood cells while maintaining lateral EC contacts. 

This allows lumen formation and allows the blood to perfuse into the newly formed vessel.  
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Figure 1.3. Comparison of epithelial and endothelial polarity, 
cytoskeleton, and in vitro models.  
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Figure 1.3. Comparison of epithelial and endothelial polarity, cytoskeleton, and in vitro models. 
(A) Epithelial apical (red), basal (cyan), lateral AJ (green), and apicolateral TJ (yellow) polarity shown by 

cartoon (left). (Right) Epithelial polarity shown in an embryonic pancreas acini stained with apical Muc1 

(red), lateral E-cadherin (green), and basal laminin (cyan). Image from D. Berfin Azizoglu. (B) 

Endothelial apical (red), basal (cyan), lateral AJ (green), and apicolateral TJ (yellow) polarity shown by 

cartoon (left). (Right) Endothelial polarity shown in an E9 embryonic dorsal aorta ECs stained with apical 

Podxl (red), lateral VE-cadherin (green), and basal pPaxillin (cyan). (C) Pancreas acini stained with E-

cadherin (AJ) and ZO-1 (TJ) and Muc1 (apical) to show that epithelial cells polarize AJs and TJs 

differently. Epithelial cells polarize E-cadherin broadly laterally, tethering the epithelial cells together. 

Tight junctions are restricted apicolaterally where they are enriched between neighboring epithelial cells 

at the apical membrane. Image from D. Berfin Azizoglu. (D) Dorsal aorta ECs stained with VE-cadherin 

(AJ) and ZO-1 (TJ) and Podxl (apical) to show that ECs polarize AJs and TJs in the same location, tightly 

between adjacent ECs. (E) Embryonic pancreas acini stained with phalloidin shows that F-actin is 

polarized apicolaterally in epithelial cells. Image from Caitlin Braitsch. (F) E9 mouse dorsal aorta ECs 

stained with phalloidin and α-tubulin showing that F-actin is polarized basolaterally in ECs. (G) MDCK 

cyst model of lumen formation in vitro. Image from Denise Marciano. (H) HUVEC 3D lumen formation 

assay model. (I) TEM showing lumen formation in HUVECs via intracellular vacuole coalescence (cell 

hollowing). Images H,I are from George E. Davis. (J) TEM showing lumen formation in E8.0 mouse 

dorsal aorta between ECs and their adhesions extracellularly (cord hollowing).  
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Figure 1.4. Apical polarity during blood vessel tubulogenesis. 
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Figure 1.4. Apical polarity during blood vessel tubulogenesis. 

(A) Apical proteins found during mouse aorta tubulogenesis. Podxl is recruited to the apical membrane 

where it uses negative charge to separate opposing membranes. PKC phosphorylates Moesin which then 

complexes with Podxl and F-actin at the apical membrane. F-actin is then though to bend the apical 

membrane to aid lumen opening. (B) Progression of epithelial lumen formation. First an AMIS develops 

between two cells and recruits apical-destined vesicles with the exocyst complex. A pre-apical patch is 

established once the apical membrane is made. Then a lumen opens between two cells. (C) The molecular 

basis of lumen formation in epithelial cells. Lumen formation is coordinated by an exocyst complex that 

traffics apical-destined vesicles to the AMIS. Lumen formation is regulated by the Par polarity complex 

which regulates microtubule polarity and apical membrane generation. To keep cell division 

perpendicular to emerging epithelial lumen, Par3 localizes aPKC to the apical membrane, where it 

phosphorylates Partner of Inscuteable (Pins) to dissociate it from the apical membrane. Pins then 

functions to keep microtubules away from the apical membrane and in the plane of the epithelial sheet to 

ensure proper orientation of cell divisions. To generate a lumen, apical membrane is recruited into 

Rab11a and Rab8a positive vesicles (the exocyst complex) where they associate with Cdc42 and 

Annexin2. Cdc42 is then bridged with the Par6/Par3/aPKC complex at the AMIS. Sec proteins help 

scaffold the exocyst complex with the AMIS. With this, apical polarity and membrane identity is initiated 

and the membrane is continually built via Rab8a/11a positive vesicles. To maintain apical and basal 

identity, PTEN mediates the enrichment of PIP2 at the apical membrane while restricting PIP3 in 

basolateral cell plasma membrane. PIP2 helps draw apical proteins to the AMIS via Annexin2.  
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Figure 1.5. Cell adhesion dynamics and mechanisms that 
coordinate lumen formation. 
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Figure 1.5. Cell adhesion dynamics and mechanisms that coordinate lumen formation. 

(A) VE-cadherin (orange) coordinates lumen formation in the dorsal aorta during vasculogenesis. 

Angioblasts migrate to each other and form cell-cell adhesions via VE-cadherin. Upon contact, the ECs 

polarize and establish apical polarity near VE-cadherin contacts. Basal polarity is established at sites of 

non-VE-cadherin adhesion. For lumen formation to occur, VE-cadherin adhesion complexes are 

remodeled away from the apical membrane and restricted to the boundary of apical and basal membrane. 

(B) 3D cartoons illustrating how EC cell-cell adhesions are remodeled during vasculogenesis to allow 

tubulogenesis in the aorta. The vascular cords are visualized in cross section and via a longitudinal axis. 

Vascular cords first form with ECs bound to each other with ribbons of cell adhesions (AJs, TJs, actin). 

To allow a lumen to form within the vascular cord, the cell adhesions are remodeled to the periphery of 

the vascular cord to form a lumen. (C) Components and signaling of EC cell-cell adhesion complexes. EC 

adhesion complexes are composed of several adhesive signaling complexes including AJs, TJs, and 

Nectins. The primary EC AJ is VE-cad which binds to actin and other proteins using several catenins. 

ECs form Claudin and Occludin TJs which further complex together with JAM proteins. TJs bind to the 

actin cytoskeleton through ZO proteins. The collective adhesion complex is also assembled with Nectins 

which adapt to the actin cytoskeleton with the protein Afadin. VE-cadherin coordinates adhesion and 

polarity through CCM1-Rap1, Crumbs, and Par3-Par6-aPKC signaling pathways. JAMs and Afadin 

additionally signal to the Par complex through unknown mechanisms. These pathways converge to allow 

actin deposition at the apical membrane through the ERM complex, cell-cell adhesion, vascular 

permeability, and polarize vessels to separate the apical and basal membranes. (D) The mouse dorsal 

aorta (marked by Flk1-eGFP) showing that basal cell adhesions (marked by pPaxillin) develop during 

vascular lumen formation (the vascular cord to open vessel transition). (E) Cartoon showing components 

of basal focal adhesion complex proteins. In the key, proteins in red have been shown to be necessary for 

vascular lumen formation.  
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Figure 1.6. Actin and microtubule signaling during vascular 
tubulogenesis. 

 

 

Figure 1.6. Actin and microtubule signaling during vascular tubulogenesis. 

(A) Cartoon of the mouse dorsal aorta showing that F-actin is enriched in EC cell-cell and cell-ECM 

mediated adhesions and the apical membrane. (B) Rasip1-GTPase signaling pathway that regulates actin 

dynamics which controls vascular lumen formation and vessel diameter. Rasip1-Rap1 signaling activates 

Cdc42-Rac1 signaling while inhibiting RhoA through Arhgap29. Cdc42 controls actin polymerization 

through N-WASP, IQGAP, and fmnl3 and controls actin contractility through Pak2, Pak4, and MRCKβ. 

Fmnl3 regulates F-actin development to control actin dependent apical vesicle trafficking and actin 

dependent cell adhesion maintenance. Pak2/4-MLCK and MRCKβ activate NMII to control cell 

contractility and cell adhesion maintenance. RhoA uses ROCK to activate NMII to only regulate cell 

contractility. Collectively, this pathway uses actin to traffic apical proteins, maintain cell adhesions, and 

regulate the contractility of cells to coordinate lumen formation and expansion. (C) Cartoon illustrating 

how ECs use microtubules to feed developing lumens with vesicles containing apical membrane contents. 

Microtubules grow from centrosomes at their minus ends (-) and use microtubule tip proteins to deposit 

vesicles at the lumen at their plus ends (+). (D) Vesicles are trafficked to the lumen by Kinesin. 

Microtubule tip proteins EB1, Pals1, Tau, and Clasp1 maintain microtubule acetylation and 

detyrosination (not shown) to allow apical trafficking. Proper acetylation levels are maintained by SIRT 

and HDAC6 deacetylases.  
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Figure 1.7. Rho GTPase signaling during endothelial and 
epithelial lumen formation.  
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Figure 1.7. Rho GTPase signaling during endothelial and epithelial lumen formation. 

(A) Flow chart outlines known Cdc42 effector proteins and their control of different aspects of vascular 

lumen formation including cell proliferation, vesicular trafficking, adhesion, and cell contractility. (B) 

Signaling cascade that regulates lateral filopodia and lumen formation. VEGF, through SGEF, activates 

RhoG, which stimulates Rac1 via DOCK4 to activate Cdc42 via DOCK9. Cdc42 then stimulates lumen 

formation and lateral sprout filopodia. Loss of lateral filopodia was hypothesized to cause ECs to 

elongate, causing them to lose lateral cell-cell contacts. Without lateral cell-cell contacts, lumen formation 

between cells was not possible. (C) The apical protein Podxl complexes with Ezrin on the basal side of 

two epithelial cells. The basal localization of the Podxl-Ezrin complex is stabilized by elevated 

RhoA/ROCK-dependent phosphorylation of Ezrin (pEzrin). This was thought to occur in a positive 

feedback loop where the Podxl-Ezrin complex can also stabilize the association of RhoA-ROCK with 

pEzrin. To initiate lumen formation, the ECM first signals to α2/α3/β1-integrin complexes. The integrin 

complex then activates FAK to phosphorylate the RhoGAP p190A. Next, phosphorylated p190A uses its 

GAP activity to inhibit RhoA by mediating RhoA-GTP hydrolysis. Downregulation of RhoA activity, 

downregulates ROCK activity which decreases Ezrin phosphorylation. This allows PKCβII to 

phosphorylate Podxl, allowing Podxl and the ERM complex to dissociate from each other and traffic 

towards the apical membrane. After Podxl reaches the apical membrane, Podxl is de-phosphorylated by 

protein phosphatase 2A (PP2A), allowing the Podxl-ERM complex to reform at the apical membrane. 

RhoA and β1-integrin activity (possibly Cdc42 activity) are inversely correlated, where increases in β1-

integrin activity promote normal luminal polarity and increases in RhoA activity promote reversed 

polarity. 
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CHAPTER 2 

Materials and Methods  

Mouse and Embryo Handling  

All animal husbandry was performed in accordance with protocols approved by the UT Southwestern 

Medical Center Institutional Animal Care and Use Committee. Embryos were dissected and fixed in 4% 

paraformaldehyde/PBS for 40 minutes at 4°C and then dehydrated to 75% ethanol for storage at −20°C. 

Inducible Deletion of Rho GTPases in Mice  

For deletion of Cdc42, Cad5-CreERT2 mothers were gavaged with 2 mg Tamoxifen (TM) per 40 g 

mouse for 72 h, 48 h or 24 h to assess vascular defects. Three litters were used to assess each time point. 

Epidermis from three E14.5 embryo littermates per genotype were sectioned (sampled every 100 μm). 

Five 160-μm2 fields-of-view (FOV) were imaged on sections. For the 48 h TM-induced embryos, 146 

ECs were counted in Cdc42
Tie2Het

 images and 142 ECs were counted in Cdc42
Tie2KO

 images. To induce 

retinal vessel Cdc42 deletion, mothers were gavaged with TM (3 mg TM/40 g mouse) twice daily at the 

onset of pup birth from P0 to P3. Retinas (n=4) were dissected at P4. Four litters were used to obtain pups 

and only littermates were compared. Specific numbers assessed are detailed in the figure legends. To 

induce deletion of Cdc42, Rac1, or RhoA using CAG-CreERT2 (tamoxifen-inducible Cre-mediated 

recombination system driven by  the chicken beta actin promoter/enhancer coupled with the 

cytomegalovirus (CMV) immediate-early enhancer), mothers were gavaged with tamoxifen (3-mg 

tamoxifen/40-g mouse) at noon during stage  E6.5 and E7.5, 36 hours and 12 hours before dissection, 

respectively. Embryos were dissected at midnight at stage E8.0 (n≥3 for each line).  

LacZ staining  

Embryos were fixed using gluteraldehyde for 15 min, rinsed in PBS and stained for β-galactosidase (β-

gal) overnight (O/N) as previously described [143]. Images were taken with a NeoLumar 

stereomicroscope (Zeiss) using a DP-70 camera (Olympus).  

Immunofluorescence staining of embryonic tissues  
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Whole-mount staining was performed as previously described [17]. Fixed tissues were washed (PBS), 

cryoprotected in 30% sucrose overnight, embedded in Tissue-Tek O.C.T. and sectioned. Sectioned tissues 

were soaked in PBS then heated in a 2100 antigen retriever in antigen retrieval buffer. Cytoplasmic 

proteins were stained using R-Buffer A (Electron Microscopy Sciences) and nuclear proteins were stained 

using R-Buffer B. Sections were washed (PBS) and blocked (1 h RT 5% serum). Primary antibody 

incubations were performed at 4°C overnight (for dilutions, see supplementary material Table S1). Slides 

were washed (PBS), incubated in secondary antibody (4 h, RT). Slides were washed (PBS) and mounted 

using Prolong Gold Mounting Medium with DAPI. Images were obtained using a LSM510 or LSM710 

Meta Zeiss confocal. Phalloidin staining was performed without antigen retrieval. TSA 

immunofluorescent staining (PerkinElmer; individual fluorescein tyramide reagent pack, cat# SAT701) 

was used to stain Cdc42 and pMLC. 

Whole-mount immunofluorescence in embryos using TSA 

Whole-mount staining was performed as previously described (Tang et al., 2011) [144]. Briefly, fixed 

embryos were stained using an ABC Elite reagent (Vector; VECTASTAIN Elite ABC Kit, cat# PK-6100) 

fluorescein tyramide reagent (PerkinElmer; individual fluorescein tyramide reagent pack, cat# SAT701) 

prepared in amplification diluent (see reagent pack instructions). Tissues were visualized after clearing in 

BABB using a Zeiss AxioObserver epifluorescence microscope.  

Whole-mount immunofluorescence in embryos  

Whole-mount staining was performed as previously described [145]. Fixed embryos were permeabilized 

in 0.1% Triton-X in PBS (PBST) for an hour then blocked in CAS block (Invitrogen) for an hour. 

Embryos were then incubated with Flk1-eGFP (1:500) or PECAM antibody (1:100) dissolved in CAS 

block overnight at 4
o
C. The next day, the embryos were washed three times or an hour in PBS then 

incubated with secondary antibody (1:300, Invitrogen) dissolved in CAS block overnight at 4
o
C. The next 

day, the embryos were washed in PBS, dehydrated into 100% methanol, then were visualized after 

clearing in BABB using a Zeiss AxioObserver epifluorescence microscope.  

Whole-mount immunofluorescence in retinas  



65 
 

 

Retinas were fixed (4% PFA/PBS, 1 h at RT), then dehydrated to 75% ethanol for storage at −20°C. 

Retinas were rehydrated in PBST (1% Triton X-100/PBS) and incubated in Isolectin Alexa Fluor 568 

(Invitrogen, 1:100) (O/N at 4°C). The following day, retinas were incubated in 5% serum/PBST (1 h at 

RT), then with anti-GFP antibody (PBST O/N at 4°C). Retinas were washed (PBS), then treated with anti-

chicken secondary antibody (3 h at 37°C). Finally, retinas were washed (PBS) and mounted onto 

coverslips with Prolong Gold Mounting Medium.  

In situ hybridization  

In situ hybridization staining on sections and whole mount were performed as previously described [146]. 

Briefly, embryos stored in 75% ethanol at − 20 °C were rehydrated in stepwise fashion to PBST. Then, 

the embryos were treated with 10 μg/ml proteinase K, fixed in a 0.2% gluteraldehyde/4% 

paraformaldehyde (PFA) solution, and pre-hybridized at 65°C for 1 h. The samples were transferred into 

hybridization mix, containing 1 μg/ml Dig-labeled probes. Post-hybridization the tissue was washed and 

incubated with an anti-Dig antibody. Color development was carried out using BM purple solution 

(Roche). An Arhgap29 3’ coding region fragment (1.2kb), a Plexin D1 clone (MMM1013-66046 Open 

Biosystems) and a Connexin40 (Gja5) clone (MMM1013-9202306 Open Biosystems) were used to 

generate Dig-labelled RNA probes.  

siRNA transfection and recombinant protein expression  

siGENOME siRNAs obtained from GE Dharmacon were transfected into cultured MS1 or HUVECs 

using standard protocols for transfection and western analysis blot, as previously described [36] 

(antibodies used for western blots are detailed in Table xx and siRNA sequences are detailed in Table xx). 

Transfection of plasmids expressing Rasip1-GFP and GFP was performed 24 hours after siRNA 

transfection. 1μg of plasmid DNA was transfected onto cells cultured on a 12mm cover slip using 1μg 

Lipofectin (Invitrogen) dissolved in 300μl Optimem. Cells were fixed and stained 24 hours after 

transfection.  

Immunofluorescence staining of cultured ECs  
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Immunofluorescence staining of MS1cells was performed as previously described [17]. MS1s (ATCC) 

were cultured on coverslips coated with dried gelatin were fixed with 4% PFA briefly then rinsed with 

PBSN (0.1%NP40/PBS). Cells were then permeabilized in PBSN for 15 minutes then blocked in CAS 

block (Invitrogen). Primary antibody dissolved in CAS block (1:60) was pipetted on parafilm then the 

glass coverslip was placed face down onto the droplet for an hour. Afterward, the coverslip was washed 

with PBSN then incubated with secondary antibody (1:200) in the same manner as the primary. After the 

secondary, the coverslip was washed with PBSN then mounted onto a slide with Prolong Gold anti-fade 

with DAPI (Invitrogen). Staining of HUVECs in 3D collagen matrices was performed as previously 

described (Norden et al., 2016) [147]. 

Allantois culture  

Allantois assay was performed as described [148]. Allantoises from E8.5 embryos were cultured ex vivo 

for 24 h, then fixed (4% PFA for 1 h) and stained with anti-PECAM antibodies. Stained allantoises were 

analyzed with a NeoLumar stereomicroscope (Zeiss).  

Angiogenesis/invasion assays  

ECs were seeded atop 2.5 mg/ml collagen type I containing 200 ng/ml SCF, IL-3, SDF-1α and FGF-2, 

according to Stratman et al. (2011) [149]. FGF-2 was included in medium (40 ng/ml). Cultures were fixed 

with 3% gluteraldehyde for 30 min, stained with 0.1% Toluidine Blue in 30% methanol and de-stained 

before photography of sprouting, depth of invasion and EC tip cell morphology.  

In vitro lumen formation assay  

HUVEC lumen and tube formation in 3D collagen matrices were performed as previously described [36]. 

HUVECs (Lonza) were then suspended at 2 x 106 cells/mL in 2.5 mg/mL collagen type I matrices. SCF, 

IL-3, SDF-1α, and FGF-2 were added at 200 ng/mL into collagen type I. Cultures were fed with media 

containing reduced serum supplement (RSII), ascorbic acid, and FGF-2 at 40 ng/mL. Cultures were 

allowed to assemble into capillary networks over a period of 0–120 hr when cultures were fixed or 

collected for further processing. Samples were fixed in 2% paraformaldehyde or 3% glutaraldehyde in 
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PBS. Cultures fixed in paraformaldehyde were then stained for fluorescent microscopy imaging, whereas 

cultures fixed in glutaraldehyde were stained in 0.1% toluidine blue in 30% methanol.  

Hematoxylin and Eosin staining  

H&E staining was performed as previously described [145]. Embryos were dissected and fixed overnight 

at 4
o
C in 4% PFA/PBS. The embryos were then paraffin embedded and sectioned. The sections were then 

washed in xylene, 100% ethanol, 95% ethanol, water, then Hematoxylin. The sections were then again 

washed in water, then for 5 seconds in 1% HCL/70% ethanol. Next the sections were washed with water, 

Eosin solution, 95% ethanol, 100% ethanol, xylene, then were mounted with a coverslip and Permount 

solution (Fisher Scientific).  

Transmission Electron Microscopy  

Transmission electron microscopy was performed by UTSW Electron Microscopy Core Facility as per 

their standard protocols.  

Whole embryo culture (WEC)  

WEC protocol adapted from Jones et al., 2005 and Kalaskar and Lauderdale et al., 2014 [150, 151]. Flk1-

eGFP embryos were dissected with yolk sac intact at E8.0 in DMEM/8% FBS + 1% antibiotic 

antimycotic with HEPES. Embryos were cultured for 3hrs in 50% male rat serum and 50% DMEM with 

HEPES in Precision Incubator Unit (B.T.C. Engineering Milton Cambridge England). ROCK inhibitor 

(Y-27632, Millipore), Pak4 inhibitor (PF-03758309, Selleckchem), Rac1-3 inhibitor (EHT, Tocris), Rho 

inhibitor (Rho inhibitor I, Cytoskeleton), and the NMII inhibitor (blebbistatin, Sigma-Aldrich) were all 

added before culture at 10μM. After culture, embryos were imaged using a Zeiss AxioObserver 

epifluorescence microscope, then fixed at 4
o
C with 4% PFA/PBS for 40min.  

Live Imaging  

Embryos expressing Flk1-eGFP were dissected with their yolk sac intact at E8.25 in DMEM containing 

8% FBS and 1% antibiotic antimycotic with HEPES. The embryos were plated on glass bottom dishes 

coated with matrigel in media containing 50% male rat serum and 50% DMEM with HEPES. The 

embryos were then imaged for 4 hours using a spinning disk confocal.  
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Cell Spreading Assay  

A total of 10 000 MS1 cells were seeded into a 96-well plate coated with 50 μL of matrigel per well. 

After 24 hours of culture, the cells were imaged in bright field. The area that the cells cover was 

quantified using ImageJ software.  

Whole-mount immunocytochemistry  

PECAM staining was performed as previously described [145]. Embryos were fixed overnight at 4°C in 

4% PFA in PBS. The following day, embryos were washed in PBS, transferred to 0.25% Trypsin 

(Hyclone) for 2 min, rinsed in PBS, and blocked in CAS-Block (Invitrogen) for 1 hr at room temperature. 

Following block, embryos were incubated overnight with PECAM antibody (BD Pharmingen; 1:300) in 

PBST (PBS + 0.1% Triton-X-100) at 4°C. The next day, embryos were washed with PBST and stained 

with DAB solution as per kit instructions (Vector labs). The staining reaction was stopped by rinsing in 

water and fixation in 4% PFA.   

Statistics   

All datasets were taken from n≥3 biological replicates (embryos or retinas), with n≥5-10 FOVs analyzed. 

Data are presented as mean±s.e.m. Quantification of cellular parameters, such as adhesion aggregates or 

actin bundles, was carried our using the cell counter plugin tool in ImageJ by defining structures using 

morphological parameters (i.e. actin bundles were defined as identifiable elongated rod-shaped 

phalloidin+structures). All statistical analysis was performed using two-tailed, unpaired Stud nt’s t-test in 

Graphpad Prism software. P-values lower than 0.05 were considered statistically significant.   

Cell culture image analysis and statistics  

Object Identification and features extraction were performed using CellProfiler [152]. DAPI channel was 

used to identify nuclear objects. EnhanceEdges module (Sobel was used as an edge-finding method) was 

applied to VE-cadherin images prior to identifying cell boundaries. Then 3 features were extracted for 

each cell – 2 for Adhesion and the other one for Stress Fiber/Actin. The detail of each feature is followed.  

A. Adhesion 

1. Junction discontinuity (Online Figure VII A1)  



69 
 

 

First, each set of ‘Edge-enhanced’ VE-cadherin images were manually threshold to obtain  

positive/foreground VE-cadherin pixels. A junction discontinuity is defined by adding all the 

foreground pixels within a cell edge and divided by a cell edge area. A cell edge is identify d by a 

10 pixel ring within a cell boundary (dark gray area left panel). If the junction is perfectly 

smooth, the ratio would be close to one. (By visual observation, the width of the VE-cadherin 

stain on cell boundary is on average about 10 pixels) as shown in Example 1. On the other hand, 

if the junction is disrupted, the value would be much lesser than 1 as shown in Example 2.  

2. Junction width (Online Figure VII A2)  

Each cell is equally divided into 10 bins radially from its center. Then we obtained a ratio of total 

intensity of the VE-cadherin stain in the 9th bin (dark gray ring) to the total intensity of the VE-

cadherin stain in the whole cell (light gray left panel). If the junction is smooth and continuous, 

there wouldn’t be any VE-cadherin stain in the 9th bin; hence the junction width would be close 

to zero (Example 1). In the case that junction is ‘jagged’, the value of the junction width would be 

higher as shown in Example 2.  

B. Stress Fiber/Actin 

1. Ratio of Phalloidin area per cell area (Online Figure VII B) 

First, EnhanceOrSuppressFeatures module was applied to Phalloidin images to enhance the stress fibers 

(Feature type: Neurites, Enhancement method: Line Structures, Feature size: 20). Then the images were 

manually threshold to obtain positive/foreground Actin pixels. Actin area is obtained by adding all the 

foreground pixels within a cell. Then the ratio of Actin area (sum all black pixels) to cell area (sum all 

light gray pixels) is obtained. For a treatment with reduced stress fiber, the ratio would be lesser than the 

normal/control condition. 
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Figure 2.1. Induction diagram. 

 

Figure 2.1. Induction diagram 

Schematic of gene deletion using CAG-CreERT2 or Tie2-Cre in the dorsal aorta or the yolk sac 

vasculature.  
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Figure 2.2. Cell culture image analysis. 

 

Figure 2.2. Cell culture image analysis.  

See cell Culture image analysis and statistics section.  
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TABLE 2.1: List of antibodies used for chapter 3. Staining dilution refers to 

immunofluorescent antibody dilutions used on cells or tissues, section or whole 

mount. Western dilution refers to antibody dilutions used to carry out westerns. 
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TABLE 2.2: List of antibodies used for chapter 4. Staining dilution refers to 

immunofluorescent antibody dilutions used on cells or tissues, section or whole 

mount. Western dilution refers to antibody dilutions used to carry out westerns. 
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TABLE 2.3: List of siRNAs used for chapter 3. 

 

TABLE 2.4: List of siRNAs used for chapter 4. 
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CHAPTER 3 

Cdc42 Is Required For Cytoskeletal Support Of Endothelial Cell Adhesion During Blood Vessel 

Formation In Mice 

INTRODUCTION 

Blood vessel formation is essential for embryonic development, growth and viability, as 

endothelial tubes allow exchange of nutrients and waste. The mammalian vasculature takes shape in the 

extraembryonic yolk sac and shortly thereafter in the embryo proper. Vessels form either de novo 

(vasculogenesis), or by sprouting from pre-existing vessels (angiogenesis). Endothelial cell (EC) 

progenitors, or angioblasts, emerge in the mesoderm at embryonic day 8 (E8), assembling into vascular 

cords. Angioblasts then differentiate, becoming ECs upon lumen formation, or tubulogenesis. Cord ECs 

form a central lumen allowing passage of blood. The primary vascular system is then extended via 

angiogenesis [153]. Thus, formation of blood vessels is a complex multistep process. Elucidating the 

molecular bases of how ECs dynamically coordinate cell shape and adhesion to drive blood vessel 

morphogenesis is a central question in vascular biology and is essential to development of pro- and anti-

angiogenic therapies. 

The Rho GTPase Cdc42 (cell division control protein 42) has emerged as a critical regulator of 

blood vessel formation and tubulogenesis. Over a decade ago, studies showed it was essential for in vitro 

EC lumen formation [3, 124]. Cdc42 was then shown to be similarly required for lumen formation in 

epithelial systems, both in vitro [13, 42, 154] and in vivo [12, 155]. Many functions have since been 

ascribed to Cdc42, from regulation of exocytosis and apical membrane biogenesis during tubulogenesis 

[42] to ADAM17-mediated VEGFR2 shedding [129]. During mammalian tissue development, Cdc42 is 

ubiquitously expressed at the transcriptional level (genepaint.org) and has been shown to be required for 

the development of many tissues, including the embryonic vasculature [129, 154, 156-158]. However, it 

remains unclear which cellular events Cdc42 controls and how it supports blood vessel morphogenesis. 

An important role for Cdc42 is its control of the cell cytoskeleton. Cdc42 was discovered in yeast 

decades ago and shown to be required for localization of budding sites, due to its influence on the actin 
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cytoskeleton [159]. Indeed, many subsequent studies have underscored how Cdc42 control of the 

cytoskeleton and actomyosin contractility is essential to proper organogenesis [155]. Deletion of Cdc42 in 

embryonic stem cells, for instance, results in disorganized filamentous actin (F-actin) and failed PIP2-

induced actin polymerization [160]. Actin, in turn, is essential to numerous cellular processes, including 

cell adhesion, migration, filopodia formation, endocytic trafficking and more [158, 159, 161]. Cdc42 also 

regulates a multitude of proteins known to affect actin organization, including Pak2, Pak4, Par6, MLCK, 

MRCK, N-WASP, IRSp53, IQGAP, mDia2, and cofilin [20, 156, 162-167]. The question arises as to 

whether and how Cdc42 regulates actin organization in ECs during vascular development. 

Cdc42 also influences cell adhesion. Cell junctions, both cell-cell and cell-extracellular matrix 

(ECM), are anchored to the cytoskeleton and are impaired in the absence of Cdc42 [168, 169]. Loss of 

Cdc42 in adult hematopoietic stem cells (HSCs) results in cytoskeletal and adhesion defects that increase 

bone marrow niche egress [158]. Cdc42 was also found to control intercellular gaps between ECs, 

regulating vessel permeability [170]. One study showed that activation of Cdc42 could restore blood 

vessel barrier function by re-establishing EC-EC adherens junctions (AJs) following thrombin disruption 

[171]. Importantly, these studies raise the possibility that Cdc42 regulates the cytoskeleton, and in turn 

cell adhesion, in embryonic vessels. 

Here, we show how endothelial Cdc42 regulates cell adhesion, cell shape and polarity via control of 

cytoskeletal organization during vessel morphogenesis. We genetically ablate Cdc42 in vessels during 

embryonic and postnatal development, and find that Cdc42 is required in different vascular beds, in 

different ways, for their formation and maintenance. Early ablation of Cdc42 in yolk sac vasculature 

blocks both angioblast coalescence and lumen formation, while later deletion impairs vessel integrity. 

Upon loss of Cdc42, F-actin becomes disorganized, resulting in failure of endothelial cell-cell and cell-

ECM adhesion. We model these findings in cultured ECs and observe that, similar to in vivo observations, 

Cdc42 regulates EC actin organization and adhesion. By contrast, deletion of Cdc42 in postnatal vessels 

impairs filopodia formation and plexus remodeling. We propose that Cdc42 controls these processes, at 

least partially, through N-WASP, a regulator of actin polymerization, and Pak2/4-mediated NMIIA 
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signaling which controls actin contractility and crosslinking. Together, this work elucidates how Cdc42 

regulates the ability of ECs to interact with each other to drive morphogenesis. 

 

RESULTS 

Endothelial Cdc42 is essential for blood vessel development 

To determine its role in early vessels, Cdc42 was deleted in ECs by crossing a conditional allele of Cdc42 

(Cdc42
f/f

) with the Tie2-Cre driver line (or Cdc42
Tie2KO

), which is reported to recombine in ECs as they 

emerge from the mesoderm [172, 173]. All Cdc42
Tie2KO

 embryos died in utero, while Cdc42
f/+

;Tie2-Cre 

(Cdc42
Tie2Het

) littermates where viable and born at normal Mendelian ratios. Analysis of mid-gestation 

embryos revealed that Cdc42
Tie2KO

 embryos died of blood vessel defects between E9-E10.5 (Figure 3.1A-

A’) as previously reported [129]. Mutant embryos varied in size at E9 (Figure 3.2A), but were markedly 

smaller by E10, displaying hemorrhages and focal blood pooling throughout both the embryo proper and 

extraembryonic yolk sac (Figure 3.1B-B’, 3.2B). Blood vessel remodeling in the yolk sac failed, resulting 

in large ‘bags’ of blood (Figure 3.1B-B’). 

Loss of Cdc42 in early vessels impairs lumen integrity 

To visualize embryonic blood vessels, anti-PECAM immunofluorescent staining was carried out 

in E8.25 (6 somites) (Figure 3.1C-C’’) and E9.0 (12 somites) embryos (Figure 3.1D-E’’). The paired 

dorsal aortae, which form at E8.0 as angioblasts coalesce in parallel linear aggregates, are the first 

embryonic vessels to develop. All Cdc42
Tie2KO

 embryos exhibited defective aortae, albeit of variable 

severity between E8.25-9.5 when compared to Cdc42
Tie2Het

 controls. At this stage, 30% of the mutants 

exhibited a severe phenotype with fragmented junctions (Figure 3.1C’, D’, E’, F’) characterized by focal 

aggregates of PECAM at cell-cell boundaries (Figure 3.1E’), while 70% exhibited relatively intact 

junctions (Figure 3.1C’’, D’’, E’’, F’’). Overall, however, aortae of both phenotypes displayed a 

significant number of lumen occlusions (25%), as seen with PECAM or a Flk1-eGFP reporter (Figure 

3.1E’’, F’’).  

Cdc42
Tie2KO

 embryos exhibit failed blood circulation 
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Because yolk sac vessels failed to form proper lumens and were discontinuous, we assayed blood 

circulation upon loss of Cdc42. Indeed, circulation in the early mouse embryo occurs as a loop between 

the aortae and yolk sac vessels, as no veins are present in embryonic tissues at this stage [174, 175]. To 

assess blood circulation, India ink was microinjected into the inflow tracts leading into the heart of live 

E9.5 Cdc42
Tie2Het

 and Cdc42
Tie2KO

 embryos. The heart of both controls and mutant embryos beat at similar 

intervals and with similar strength (5-6 beats per 10 seconds). In control embryos, ink traveled rapidly 

through the pumping heart into the aortae (data not shown), whereas it failed to do so in Cdc42
Tie2KO

 

embryos (data not shown), suggesting that embryos died early due to impaired blood circulation. These 

findings suggest that Cdc42 is critical to embryonic circulation via its requirement for vessel continuity. 

Yolk sac blood vessels fail first upon Tie2-Cre deletion of Cdc42 

Occasional constricted aortic lumens were not likely to account for the complete loss of 

embryonic circulation. We hypothesized that failed Cdc42
Tie2KO

 yolk sac vessels might in turn impact 

embryonic circulation. At these early stages, blood flow passes from heart to aortae, completing the 

circulatory loop with return of blood to the heart via yolk sac vessels [174, 176]. We assessed this 

vascular bed in Cdc42
Tie2Het

 and Cdc42
Tie2KO

 yolk sacs. Control yolk sacs developed characteristic blood 

islands in distal regions (nearest maternal tissues), which were continuous with a honeycomb-like plexus 

of vascular cords that extended to the embryo (proximal region, in vicinity to embryo) (Figure 3.3A). Of 

note, lumens opened first distally and slightly later proximally (Figure 3.3A, B, C, D). By contrast, 

Cdc42
Tie2KO

 embryos were unable to form a proper vascular plexus in the proximal yolk sac (Figure 

3.3A’) and displayed disorganized angioblasts (Figure 3.3B’) and fewer patent lumens (Figure 3.3C’). In 

the distal yolk sac, large disorganized blood-filled vascular structures were observed, expanding by E9-10 

(Figure 3.3D’). 

To establish whether yolk sac vessels experienced blood circulation, we examined expression of 

Connexin40 (CX40), an arterial marker that depends on blood flow and can be to assess vessel 

functionality [177]. In situ hybridization showed that control yolk sac vessels had normal CX40 

expression, indicating normal blood flow, and vascular remodeling (presence of large and small vessels) 
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(Figure 3.3E). By contrast, Cdc42
Tie2KO

 yolk sacs showed no CX40 expression (Figure 3.3E’), 

suggesting failure of blood flow.  

To determine whether yolk sac vessel defects in Cdc42
Tie2Het

 and Cdc42
Tie2KO

 were cell 

autonomous or primarily due to blocked circulation, we examined angioblast assembly in allantois 

explant cultures, where vessels experience no blood flow [162]. Control allantoises stained with PECAM 

developed characteristic net-like plexuses (Figure 3.3F). By contrast, allantois from Cdc42
Tie2KO

 embryos 

exhibited discontinuous cords and aggregated ECs (Figure 3.3F’). This ex vivo phenotype resembled 

vessels in the yolk sac and suggested that Cdc42 is necessary for fundamental EC characteristics that are 

EC-intrinsic and separate from blood flow. 

Tie2-Cre Cdc42 deletion initiates in yolk sac ECs 

Given previous work demonstrating the role of Cdc42 in EC lumen formation [176], the presence 

of aortic lumens following Tie2-Cre deletion of Cdc42 was unexpected. Cdc42 is required for 

tubulogenesis in HUVECs cultured in 3D matrices, yet loss of lumens in vivo was primarily restricted to 

the proximal yolk sac. We hypothesized that timing of Cdc42 deletion relative to EC lumen formation 

might account for presence of lumens and variability of phenotypes. We therefore characterized Cdc42 

deletion efficiency by assessing Cdc42 protein in Cdc42
Tie2KO

;Rosa26-YFP and found that Cdc42 was 

deleted earlier in yolk sac than embryonic vessels (Figure 3.4A). At E8.0, Cdc42 protein was present in 

aortic ECs (Figure 3.4B-C’), whereas expression was significantly decreased in ECs of both distal 

(Figure 3.4D-E’) and proximal yolk sac (Figure 3.4F-G’). These data likely explain why lumen defects 

are observed primarily in this tissue, where Cdc42 is deleted first. 

Tie2-Cre deletes Cdc42 after aortic lumen formation 

We further evaluated loss of Cdc42 in different vascular beds by characterizing Cre deletion 

driven by Tie2. At E8.25, YFP was expressed in 89% of proximal yolk sac ECs and 81% of aortic ECs in 

both Cdc42
Tie2Het

 and Cdc42
Tie2KO

 embryos (Figure 3.4H). Cdc42 immunostaining quantification showed 

that Cdc42 was absent from 54% of proximal yolk sac ECs (Figure 3.4F-G’,I), 40% of distal yolk sac 

ECs and 20% of blood cells (Figure 3.4D-E’,I), but was not significantly decreased in aortic ECs at 
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E8.25 (5 somites) (Figure 3.4B-C’,I). To confirm differential initiation of Cre expression in embryonic 

versus yolk sac ECs, Rosa26-LacZ reporter activity was assessed. Blood and angioblasts began to express 

Cre in the yolk sac at E7.75, but not in embryonic angioblasts until E8.0 (1-3 somites) (Figure 3.4J-M). 

These results confirm that Cdc42
Tie2KO

 yolk sac ECs (and blood) express Cre and delete Cdc42 earlier 

than embryonic ECs, and this timing of deletion likely explains why lumen formation is affected in yolk 

sac, but not aortic ECs. 

Cdc42 loss leads to modest reduction of EC proliferation, but not apoptosis 

We next assayed whether failed vessels in Cdc42
Tie2KO

 embryos were due to defects in EC 

proliferation or survival. We assessed phospho-histone H3 (pHH3) and cleaved caspase3 expression and 

found that proliferation was decreased in the absence of Cdc42. Control vessels displayed 59% pHH3+ 

cells, whereas Cdc42
Tie2KO

 vessels displayed 42%, demonstrating a modest 20% proliferation reduction 

(Figure 3.5A,A’,B). Reduction of Cdc42 by siRNA (siCdc42) (Figure 3.5C) in MS1 ECs, however, did 

not alter total levels of pHH3 (Figure 3.5D). Apoptosis, by contrast, was unchanged in either yolk sac or 

dorsal aortae of E8.25 Cdc42
Tie2KO

 (Figure 3.5E,E’,F and data not shown), suggesting cell death did not 

cause vessel failure. By E9.5 however, hours after initiation of vascular defects, about 14% Cdc42
Tie2KO

 

aortic ECs were apoptotic (Figure 3.5G-J), along with non-vascular cells that flanked the aortae. Given 

timing of appearance of apoptotic ECs in Cdc42
Tie2KO

 embryos, we propose that cells undergo apoptosis 

as secondary effects from failed circulation. Similarly, siCdc42 treated MS1s showed no increase in levels 

of cleaved caspase-3 (Figure 3.5K). In contrast to previous findings [129], our results suggest that loss of 

Cdc42 has a modest effect on endothelial proliferation, but not directly on survival. 

Cdc42 is necessary for vascular development and viability during late gestation 

To determine whether Cdc42 was necessary for blood vessel growth in later embryonic 

development, we assayed E14.5 embryos after inducible deletion of Cdc42 using the tamoxifen (TM) 

inducible vascular driver line Cad5-CreERT2 [178]. Cdc42
Cad5KO

;R26R-YFP mice were TM-induced to 

delete Cdc42 for 24, 48 or 72 hours at different embryonic stages. Mid-gestation deletion of Cdc42 for 72 

hours resulted in 100% lethality (resorbing embryos); deletion for 48 hours produced viable embryos with 
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widespread hemorrhages (Figure 3.6A-B’); and deletion for 24 hours displayed no evident vascular 

defects (Cdc42 protein was not deleted in this timeframe). To examine EC lumens and polarity in 

developing capillaries, dermis of 48 hour-induced embryos were sectioned and stained for YFP, moesin 

an ERM family protein and podocalyxin (PODXL) a sialomucin, the latter two previously shown to be 

polarized apically in capillaries [20]. Control vessels showed patent lumens and apical PODXL 

localization, while half the Cdc42
Cad5KO

;R26R-YFP capillaries failed to open lumens and possessed 

intracellular PODXL aggregates (Figure 3.6C-H). These results suggest that Cdc42 is necessary for 

vessel lumen formation and EC polarity during angiogenesis.  

Cdc42 is necessary for remodeling angiogenesis 

To further examine the role of Cdc42 during maintenance and expansion of vascular beds after 

birth, we induced Cdc42 deletion in pups from postnatal day 0 to 4 (P0-4). Surprisingly, Cdc42
Cad5KO

 pups 

survived and maintained normal weights after TM induction, with no evident hemorrhages. This 

observation suggested that although vascular Cdc42 is essential for embryonic vessel growth, postnatal 

blood vessels did not require Cdc42 for integrity during this timeframe. 

By contrast, Cdc42 was required in rapidly growing vessels of the retina. Cdc42
Cad5KO

 retinas 

displayed markedly aberrant blood vessel formation, with defects in both sprouting angiogenesis and 

remodeling angiogenesis. Control retinal blood vessels grew normally from the center of the retina to the 

periphery, with EC sprouts around the leading edge of the vasculature (Figure 3.7A,B). In 

Cdc42
Cad5KO

;R26R-YFP retinas, although vessels extended approximately the same distance (radius) from 

the center (Figure 3.7C), ECs along the growing front (periphery) were constricted (Figure 3.7A’,B’) 

and central vessels exhibited patches of swollen and blood-filled vessels, as well as high vessel density 

(Figure 3.7D-G) that consistently correlated with YFP expression (Figure 3.7F-F’). Of note, lumens 

were present in these vessels.  

In addition, we assessed vascular remodeling (transformation into tree-like large and small 

vessels) by quantifying large vessels extending from the retina center. During remodeling, vessels 

emanating from the center of the retina are normally pruned [177]. In Cdc42
Cad5Het

 embryos, we routinely 
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observed between 13-15 large vessels, alternating between arteries and veins (Figure 3.7H and data not 

shown). By contrast in Cdc42
Cad5KO

s, the number of large vessels was significantly increased, with 

between 16-23 vessels, suggesting reduction of vascular remodeling (Figure 3.7H-I). Cdc42 is thus 

necessary for proper outgrowth and remodeling of the vasculature during retinal angiogenesis. 

Cdc42 is necessary for endothelial filopodia and sprouting 

Because filopodia are thought to be important for angiogenesis [179] and Cdc42 has been shown 

to be necessary for filopodial development [180, 181], we assessed sprouting EC filopodia in Cdc42
Cad5KO

 

retinas. While Cdc42
Cad5Het

 retinal vessels produced many filopodia extending into the avascular periphery 

(Figure 3.7J,K), tip cells in Cdc42
Cad5KO

 retinas produced markedly fewer filopodia (Figure 3.7J’,K’,L) 

and narrower sprouts (Figure 3.7M, 3.8), that displayed normal length and sprouting angle. In vitro, 

filopodia formation and EC sprouting into 3D collagen matrices were also significantly reduced upon loss 

of Cdc42 (Figure 3.7N-O’). When a monolayer of HUVECs was plated atop collagen matrices and 

allowed to invade the underlying gel, both the number of invading sprouts and their depth of penetration 

were reduced (Figure 3.9). Cdc42 is thus necessary for both sprouting of new vessels and filopodia 

development. 

Cdc42 regulates EC adhesion 

To elucidate how loss of Cdc42 might impact developing vessels at the cellular level, PECAM 

expression was examined using high magnification confocal microscopy on wholemount E8.25 

Cdc42
Tie2Het

 and Cdc42
Tie2KO

 dorsal aortae. In heterozygotes, PECAM positive adhesions lined EC-EC 

interfaces, while Cdc42
Tie2KO

 ECs exhibited disorganized focal aggregates (Figure 3.10A, A’). ECs were 

scored for the presence of aggregates and whether ECs were completely surrounded by PECAM or 

displayed irregular boundaries. In Cdc42
Tie2KO

 embryos, 43% of ECs were not completely surrounded by 

PECAM (Figure 3.10B) and about 77% possessed aggregates (Figure 3.10C), while in Cdc42
Tie2Het

 

100% were surrounded by PECAM and only 21% displayed aggregates. Similarly, ECs in Cdc42
Tie2KO

 

allantois cultures displayed adhesion aggregates, as seen with the tight junction marker ZO-1 (Figure 

3.11). Cultured MS1s treated with siCdc42 displayed similar aggregates and severely disrupted cell-cell 
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junctions, as visualized with the AJ marker VE-cadherin (VEcad) (Figure 3.10D-G). Interestingly, 

junction aggregates colocalized with F-actin (phalloidin). These data underscored how cell-cell junctions 

were highly sensitive to loss of Cdc42. 

To test EC adhesion to ECM after in vivo Cdc42 depletion, we assessed the focal adhesion 

marker phosphorylated Paxillin (pPax, Y118) [182]. Cdc42
Tie2KO

 vessels displayed reduced pPax staining 

at the basal membrane of aortic ECs at E9.5 compared to Cdc42
Tie2Het

 embryos (Figure 3.10H-I’). Basal 

Collagen IV was also reduced upon Cdc42 loss (Figure 3.10J-K’). Similarly, cultured MS1s treated with 

siCdc42 exhibited reduced pPax staining (Figure 3.10L-N’). While control MS1s showed many focal 

adhesions anchored to actin fibers, MS1s treated with siCdc42 displayed significantly fewer focal 

adhesions and pPax colocalized with globular aggregates of F-actin instead. Immunoblot analysis 

revealed an overall reduction of pPax following siCdc42 treatment (Figure 3.10O). These results show 

that aberrant EC adhesion develops after Cdc42 reduction, both in vitro and in vivo. 

Cdc42 regulates actin organization in vitro and in vivo 

Because Cdc42 deletion from ECs disrupted both cell shape and adhesion, we hypothesized that 

Cdc42 regulates the actin cytoskeleton in ECs, as reported in other cell types such as macrophages [168] 

and neural progenitor cells [183]. We therefore examined F-actin in Cdc42
Tie2KO

 ECs. We found that, 

normally, F-actin was enriched basolaterally in aortic ECs (Figure 3.12A,B), whereas Cdc42
Tie2KO

s 

displayed punctate F-actin, scattered throughout the cytoplasm (Figure 3.12A’,B’). F-actin staining in 

mutant ECs was also reduced in overall intensity, suggesting reduced and/or improperly organized F-actin 

(Figure 3.12C). Similarly, HUVECs grown in 3D ECM matrices treated with siCdc42 (Figure 3.12D) 

exhibited punctate and aggregated F-actin compared to controls, which displayed smooth and basally 

polarized F-actin (Figure 3.12E,E’). This cytoskeletal disruption was always coincident with 

tubulogenesis failure, as previously described [124]. 

We also characterized F-actin anchoring of EC-EC junctions. Cell interfaces between control 

confluent MS1s displayed three types of morphology: either broad lamellipodia-like junctions with low 

levels of phalloidin staining (18%) (Figure 3.12F-F’’), junctions with prominent actin fibers or junctional 
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cortex protrusions that were tethered to VEcad junctions (47%) (Figure 3.12G-G’’), or smoother 

junctions with cortical F-actin flanking VEcad junctions (35%) (Figure 3.12H-H’). Junctional cortex 

protrusions (jagged interface) have been reported as critical in establishment and maturation of EC-EC 

junctions [184]. Cells treated with siCdc42 strikingly displayed none of these characteristics, but instead 

produced broad, disorganized and fragmented junctions, with punctate F-actin, suggesting aberrant F-

actin-mediated junction formation (Figure 3.12I-I’). To further examine how F-actin is regulated by 

Cdc42 activity, we treated MS1s with constitutively active Cdc42 (V12) adenovirus or GFP control 

adenovirus. In contrast to GFP-infected ECs, Cdc42V12-infected ECs exhibited increased actin fiber 

development and elevated overall fluorescence intensity (Figure 3.12J-L). This result further suggested 

that endothelial Cdc42 promotes F-actin development and organization. 

To model disruption of the EC cytoskeleton seen upon loss of Cdc42, we used a pharmacological 

approach whereby confluent cells were treated with Cytochalasin D, preventing actin polymerization 

[185]. After treatment, EC-EC adhesions marked by VEcad became extensively fragmented (Figure 

3.14). This phenotype mimicked the EC-EC junction disruption that we observed, both in vitro and in 

vivo following Cdc42 reduction. 

Cdc42 regulates actin organization in vitro and in vivo 

To examine the mechanism by which Cdc42 might regulate actin organization in ECs, we 

evaluated the actomyosin machinery, known to crosslink and organize actin [186]. We found that aortic 

ECs displayed reduced phosphorylation of myosin light chain (pMLC) at serine 19 when Cdc42 

expression was lost (Figure 3.13A-C). To examine molecular cascades between Cdc42 and actin in ECs, 

we carried out experiments in cultured ECs using siRNA. As expected, loss of Cdc42 led to decreased 

phosphorylation of its downstream effectors Pak2 and Pak4 (Figure 3.13D-G). Of interest, these kinases 

are known to phosphorylate and activate MLC [187], and knockdown of either kinase alone or in 

combination led to loss of pMLC in ECs (Figure 3.13H-J). In addition, loss of either NMHCIIA or 

MLCK in turn resulted in significant disruption of the actin cytoskeleton (Figure 3.13K-L). Loss of 

Cdc42 did not result in reduced phosphorylation of the Cdc42 effector and known actin nucleating factor 



85 
 

 

N-WASP, but did disrupt its recruitment to sites of VEcad+ EC-EC adhesion (Figure 3.13M-P). 

Knockdown of N-WASP by siRNA also resulted in disruption of actin anchoring of EC-EC adhesions 

(Figure 3.13Q-R”). While siRNA knockdown of MRCK, mDia2, IQGAP, Par6 or IRSp53 by contrast 

did not affect the EC cytoskeleton or EC-EC adhesions (Figure 3.15) it is possible that these act in 

parallel or via additional unknown effectors. Together, these findings suggest that an important function 

of endothelial Cdc42 and its effectors is to regulate the cytoskeleton, which in turn supports cell adhesion. 

 

DISCUSSION 

In this report, we ask when, where and why Cdc42 is required during blood vessel formation. We 

find that Cdc42 is essential in ECs both during vessel development and maintenance, throughout mouse 

gestational development, as well as postnatal retinal growth. Defects upon Cdc42 deletion with Tie2-Cre 

initiate in yolk sac vessels, where blood circulation is blocked and growing vessels fail to open lumens or 

rapidly tear, resulting in embryonic lethality. By contrast, loss of Cdc42 during postnatal stages 

suppresses angiogenic remodeling, filopodia formation and sprouting. Specifically, we find that loss of 

Cdc42 in ECs, both in vitro and in vivo, leads to rapid loss of actin organization. As the cytoskeleton 

anchors junctions, cell adhesion is disrupted both between cells and between ECs and ECM. These 

findings support Cdc42 as a key molecular player in blood vessel morphogenesis, and delineate its 

spatiotemporal requirement for basic EC functions. 

Cdc42 is required for yolk sac vascular tubulogenesis 

A key question from this study is how does loss of Cdc42 impact EC lumen formation? Cdc42 is 

essential for lumen formation and cell polarity in cultured ECs [124] and epithelial tubule-forming tissues 

[12]. Here, two different Cre lines are used to delete Cdc42 at distinct stages of vessel formation. Deletion 

with the widely used Tie2-Cre line (Cdc42
Tie2KO

) leads to defects that initiate in the yolk sac, where Tie2-

Cre deletes early and efficiently. Interestingly, while proximal yolk sac vessels fail to open lumens, 

vessels in the distal yolk sac expand into large bag-like structures. Interestingly, work by Ferkowicz and 

Yoder shows that a vascular plexus forms first in the proximal yolk sac, and then extends towards the 
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ectoplacental cone to enclose blood and form blood islands [10]. Proximal yolk sac cords open lumens at 

their centers, while distal yolk sac ECs surround and encapsulate blood. We speculate that the disparate 

failures observed following Cdc42 deletion reflect these morphogenetic differences. 

The distinct Cdc42-dependent tubulogenesis defects we observe are notable in that they contrast 

with previous descriptions of endothelial Cdc42 ablation. Tie2-Cre deletion of Cdc42 by one group was 

reported to result in embryos with fewer vessels, but that developed relatively normally to E12.5 prior to 

lethality [130]. We never recovered mutant embryos past stages E9-10. Another study reported that EC 

deletion of Cdc42 resulted in absence of vessels in the yolk sac as a result of EC apoptosis via an 

ADAM17/VEGFR2 dependent mechanism [129]. We never observed significant EC apoptosis, instead 

finding later non-vascular cell death likely due to secondary effects resulting from circulation failure. 

Differences in Cdc42ECKO studies may reflect different genetic backgrounds, or alternatively the 

different conditional alleles used. 

Tie2-Cre mediated Cdc42 deletion dynamics 

Another cause of heterogeneous vascular failures in Cdc42
Tie2KO

 is the timing of Cre-mediated 

deletion. We find that ablation of Cdc42 using most available Cre driver lines results in progressive and 

mosaic depletion. We propose that deletion dynamics using EC-Cre lines impact interpretation of 

phenotypes and must therefore be carefully characterized. Here, using R26R-lacZ and R26R-YFP, as well 

as staining for Cdc42 protein, we track the onset and spatiotemporal dynamics of Cdc42 deletion with 

widely used endothelial Cre lines. Notably, gene deletion does not occur rapidly or homogenously in 

emerging angioblasts and cords, and hence produces varying phenotypes. These findings constitute a 

cautionary note, as genes deleted with reportedly early blood vessel-specific Cre lines likely fail to 

efficiently deplete protein products prior to lumen formation, precluding their analysis in that process. 

Cdc42 regulates the actin cytoskeleton 

Our study suggests that a major Cdc42 function in embryonic endothelium is regulation of vessel 

morphogenesis via the cytoskeleton. Cdc42 regulates the actin cytoskeleton in many ways, including actin 

polymerization, depolymerization, branching, bundling, and contractility, in many cell types [188-191]. 
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We show that loss of EC Cdc42 results in dramatic disruption of actin organization, both in vivo and in 

vitro. When constitutively activated Cdc42 is expressed in MS1s, an excess of actin fibers develops 

within single ECs, underscoring its profound influence on actin. Moreover, we identify the Cdc42 

effectors Pak2 and Pak4 as key regulators of actin via their control of the actomyosin machinery. 

Specifically, we show that pMLC requires both Cdc42 and Pak2/4; we demonstrate that NMHCIIA and 

MLCK are in turn required for the actin cytoskeleton in ECs; and we also place N-WASP as important in 

anchoring of EC-EC junctions by actin (Figure 3.16A). Therefore, the Cdc42 molecular signaling 

pathway is essential to basic EC biology. 

Cdc42 control of EC junction maturation 

We propose that Cdc42 support of the cytoskeleton in turn impacts establishment and maturation 

of EC junctions (Figure 3.16B,C). EC junctions arise via highly regulated interactions with the 

cytoskeleton [114]. Treatment of ECs with the drug Cytochalasin D, which blocks actin polymerization, 

causes EC-EC junction fragmentation. Cell-cell associations are known to undergo a step-wise 

strengthening process, with ECs first overlapping, then retracting lamellipodia. At early stages of EC-EC 

adhesion, boundaries between cells are highly jagged and have been referred to as ‘junctional cortex 

protrusions’ [184]. Following retraction, ECs maintain contact through bridges formed by filopodia-like 

protrusions joined by VEcad-rich junctions, which are eventually strengthened by underlying cortical 

actin. EC-EC junctions then become smoother and stronger. Cdc42 ablation from embryoid body derived 

ECs produced junctions that lacked filopodial-like structures and instead were rich in lamellipodia [192]. 

These findings, combined with ours, suggest that Cdc42 supports critical filopodial and other cortex 

protrusion structures necessary for EC junction dynamics. Still to be discovered is how vascular Cdc42 

regulates the organization of F-actin in different areas of the cell, as well as how exactly Cdc42 and actin 

support cell-cell and cell-ECM junction remodeling during blood vessel growth. 

Summary and perspectives 

Cdc42 is fundamental for several vascular processes throughout development, and here we demonstrate a 

requirement for Cdc42 in EC polarity, adhesion, and cytoskeletal organization. Small GTPases such as 



88 
 

 

Cdc42 serve as a point of convergence for many signaling pathways, making GTPases potentially ideal 

targets manipulating the vasculature to ameliorate human diseases where abnormal vessels are a primary 

pathogenic feature. Future studies will be necessary to uncover pathways regulated during blood vessel 

development downstream of Cdc42 in order to understand the function of Cdc42 in normal and 

pathological settings. 
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Figure 3.1. Endothelial Cdc42 is essential for blood vessel development.  

(A,A’) Cdc42Tie2KO embryos die at E9-10. (B,B’) Yolk sac (YS) vasculature fails (E10). (C-C’’) E8.25 

vessels are disrupted, with variable severity (C’ vessels more disrupted than C’’). (D-D’’) PECAM 

staining shows E9.0 vessel disruption (D’ vessels more disrupted than D’’). H, Heart; DA, Dorsal aorta; 

VA, Vitelline artery. (E) WT E9.0 aorta. (E’) Cdc42Tie2KO aortae display PECAM aggregates between 

ECs. (E’’) In less severely disrupted aortae, some regions display constrictions. (F-F’’) Sections of Flk1-

eGFP vessels show that Cdc42 null ECs pull apart (F’) or fail to develop lumens (F’’). Scale bars: A-A’ 

-B’ 1mm, C- -D’’ - -  
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Figure 3.2. Cdc42Tie2KO embryos display failed blood circulation and blood pooling.  

(A) Cdc42
Tie2KO

s are variable in size at 20 somite stage. (B) Blood pools (red arrows) in Cdc42
Tie2KO

 

embryos. Scale bars: A 2.5mm, B 250µm. 
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Figure 3.3. Vascular failure in Cdc42
Tie2KO

 initiates in yolk sac vessels.  

A) PECAM immunohistochemistry showing YS ECs at E8.25 in proximal (P) and distal (D) regions. (A’) 

Cdc42
Tie2KO

 embryos had disrupted vasculature in both regions. (B-D’) β-galactosidase staining of Flk1-

lacZ YS. B,B’) Proximal control YS ECs developed a continuous plexus, but failed in Cdc42
Tie2KO

. (C,C’) 

Control proximal YS vessels formed lumens at E8.25 (asterisks indicate lumens), while Cdc42
Tie2KO

s 

lumens are closed. (D,D’) At E9.25, open lumens are observed in control distal YS, while Cdc42
Tie2KO

 

distal YS produced vascular “bags”. (E,E’) CX40-expressing arteries evident in control, but not 

Cdc42
Tie2KO

, YS (YS tissue shown, right). (F,F’) Allantois cultures exhibited vascular plexuses, whereas 

Cdc42
Tie2KO

 allantois vessels displayed discontinuities. Scale bars: A-A’ 400µm, B-B’ 100µm, C-D’ 

1000µm, E-E’ 200µm, F-F’ 500µm. 
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Figure 3.4. Tie2-Cre deletion of Cdc42 occurs in yolk sac prior to aortic endothelial cells.  

(A) Schematic depicting early loss of Cdc42 protein in YS vessels (red) and later loss in aortic ECs. 

Reporter activity indicates Cre activity (blue). (B-I) Cdc42
Tie2Het

 (Het) and Cdc42
Tie2KO

 (Mut) embryos 

expressing R26R-YFP sectioned and stained for Cdc42 and YFP. (B,C,B’,C’) Cdc42 protein is present in 

control and Cdc42
Tie2KO

 aortic ECs at E8.25 (arrows mark Cdc42 staining). (D,E,D’,E’) ECs and blood in 

control distal YS are Cdc42+; Cdc42
Tie2KO

s showed fewer Cdc42+ cells (hollow arrows mark ECs and 

blood without Cdc42). (F,G,F’,G’) ECs in control proximal YS express Cdc42, whereas Cdc42
Tie2KO

 did 

not. (H) Quantification of ECs expressing R26R-YFP and VEcad in aortae and proximal YS. ns =not 

significant, * =p<.05. (I) Quantification of R26-YFP and Cdc42 staining in aortic, proximal YS (PYS), 

distal YS (DYS) ECs, and distal YS blood (DYSB). P values as follows: ns =not significant, * =p<0.05, 

** =p<0.01, **** =p<0.0001. (J-M) Frontal, lateral views of E7.75 and E8.0 R26-LacZ stained embryos 

show Tie2-Cre activity. B, Blood; DA, Dorsal aorta: EC, Endothelial Cell. Scale bars: B-C’ 14µm, D-E’ 

7µm, J-M 400µm. 
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Figure 3.5. Endothelial deletion of Cdc42 results in slightly reduced cell proliferation, but apoptosis 

is not increased.  

(A-B) Cdc42
Tie2KO

 proximal YS ECs marked by R26R-YFP exhibit fewer pHH3+ (*) ECs (quantified in 

B). * =p<0.05. (C) Western confirming Cdc42 reduction via siRNA in MS1s. (D) Western showing levels 

of pHH3 were unchanged in siControl or siCdc42 MS1s. (E,E’) Cdc42
Tie2KO

 or control proximal YS 

vasculature at E8.25 did not exhibit cleaved caspase 3 positive ECs (quantified in F). (G,H,I) Control 

embryos did not produce any cleaved caspase 3 positive apoptotic ECs in the aorta at E9.5, whereas 14% 

of ECs in Cdc42
Tie2KO

 embryos were apoptotic (*) along with adjacent tissues (G’,H’,I’) (quantified in J). 

(K) Western showing levels of cleaved caspase 3 were unchanged in siControl or siCdc42 MS1s. Scale 

bars:  25µm. 
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Figure 3.6. Cdc42 is necessary for capillary tubulogenesis and endothelial cell polarity in 

midgestation embryonic vessels.  

(A-A’) E14.5 normal Cdc42
Cad5Het

 cranial capillaries. (B-B’) Cdc42
Cad5KO

 display hemorrhages. (C-D’’) 

Sections of dermal tissue stained for R26R-YFP, PODXL and moesin in Cdc42
Cad5Het

 and Cdc42
Cad5KO

 

embryos show Cdc42 is necessary for lumen formation and EC polarity. Note vessel that failed to delete 

Cdc42 displays a lumen (arrowhead). YFP+ cells indicate Cre activity (arrows). (E-F’) Sections showing 

intracellular PODXL following Cdc42 deletion. (G) Graph showing 38% of blood vessels expressing 

R26R-YFP did not form lumens in Cdc42
Cad5KO

s. (H) Quantification of vessels with apical PODXL 

staining. ** =p<0.01, **** =p<0.0001. (C-F’) Sections were taken perpendicular to the plane of the 

vascular plexus in cranial dermal tissue. (A-F) All Cdc42
Cad5KO

 assessed after 48hr TM induction. Scale 

bars: A-B 3mm, A’-B’ 500µm, C-F’ 7µm. 
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Figure 3.7. Cdc42 is necessary for remodeling angiogenesis of retinal vessels.  

(A-M) Cdc42 deleted in P4 retinal vessels using Cad5-CreERT2. (A-A’) In Cdc42
Cad5KO

 most EC sprouts 

of similar length as controls (A-A’ outer dotted line; radius quantified as pixels in C). Vessels behind 

vascular leading edge were narrower than controls (A,A’ region between dotted lines magnified (B-B’) 

and quantified as pixels (D). ns =not significant, **** =p<0.0001. (n=4 retinas). (E-G) Areas rich in 

R26R-YFP denser than controls (quantified in G). * = p<.05. (n=4 retinas, 4 random FOVs). (H-I) 

Vessels at retina center increased in number in Cdc42
Cad5KO

 (quantified in I). ** =p<0.01. (n=4 retinas). 

(J-M) Cdc42
Cad5Het

 retinal ECs produced many tip filopodia, whereas Cdc42
Cad5KO

 tip ECs had few 

(quantified in L). Sprouting tip cell width in Cdc42
Cad5KO

 retinas (quantified in M). (N,O,N’,O’) siCdc42 

treatment of HUVECs in 3D matrices led to reduction of filopodia (O, closeup of N). * =p<0.05, **** 

=p<0.0001. Quantification of structural features was carried out using the cell counter plugin in ImageJ. 

Vessel density was quantified using a custom ImageJ macro. Scale bars: A-A’ 500µm, B-F’ 100µm, J-K’ 

25µm. 
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Figure 3.8. Loss of Cdc42 does not impair sprouting length or angle in vivo.  

(A) Region of retina analyzed (stippled box). Peripheral growing front of Cdc42
Cad5Het

 (B,C) and 

Cdc42
Cad5KO

 (B’,C’) retinal vasculature (B, Isolectin and YFP staining merge; C, YFP only). In 

Cdc42
Cad5KO

 retinas, YFP+ (Cdc42 deleted) vessels extend a similar distance from the retina center, but 

are narrower. Quantification of sprout length and angle are shown in (D) and (E), respectively. 
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Figure 3.9. Cdc42 is necessary for sprouting angiogenesis in vitro.  

(A-D’) HUVECs plated atop 3D collagen matrices and allowed to invade into gel by angiogenic 

sprouting. Views at different depth into the gel are shown: (A, A’) immediately under the plated 

monolayer, as well as (B, B’) 50µm (C, C’) 100µm and (D, D’) 150µm into the gel. (E) Average number 

of cells that invade. (F). * =p<0.05. Scale bars: A-D’ 100µm. 
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Figure 3.10. Cdc42 regulates EC-EC and EC-ECM adhesions.  

(A,A’) Control and Cdc42
Tie2KO

 E8.5 embryos stained for PECAM and imaged wholemount. Cdc42
Tie2KO

 

embryos produced discontinuous, aggregated EC-EC adhesions. (B) ECs scored for normal or 

discontinuous cell adhesions, revealing increased discontinuity in Cdc42
Tie2KO

 aorta ECs. * =p<0.05. n=3 

embryos, 5 aorta FOVs each. (C) Quantification of cells displaying PECAM aggregation in control and 

Cdc42
Tie2KO

 ECs. * =p<0.05. (D-F’) siCdc42 treated MS1 cells develop discontinuous cell-cell boundaries 

and display junction aggregations, which co-localize with aberrant F-actin. (G) Quantification of cells 

displaying VEcad aggregation in control and siCdc42 treated MS1s. ** =p<0.01. (n=3 experiments in 

triplicate, 15 images/siRNA). E9.5 control and Cdc42
Tie2KO

 aortae stained for (H-I’) R26R-YFP and pPax 

(Y118) and (J-K’) PECAM/endomucin (PE), and collagen IV. (L-N’) siCdc42 treated MS1s stained for 

pPax and F-actin. (O) Reduced Paxillin phosphorylation after Cdc42 depletion. All quantifications were 

done using the Cell counter plugin in the ImageJ software. Scale bars: A-A’ 7µm, D-F’ 25µm, H-K’ 

25µm, L-N’’ 14µm. 
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Figure 3.11. Tight junction aggregates form in allantois culture ECs after Cdc42 deletion ex vivo.  

(A-A’) Allantois were cultured from Cdc42
Cad5Het

 and Cdc42
Cad5KO

 embryos, then stained with the tight 

junction marker ZO-1. Junctional aggregates develop in Cdc42-depleted ECs (arrows show aggregates). 

Scale bars: A-B 20µm. 
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Figure 3.12. Cdc42 regulates F-actin organization and EC adhesions.  

(A-B’) F-actin localization in Cdc42
Tie2Het

 and Cdc42
Tie2KO

 ECs. F-actin is basal in control aortic ECs 

showed, but delocalized in Cdc42
Tie2KO

 ECs. DA, Dorsal aorta; M, Mesoderm; EC, Endothelial cell. (C) 

Quantification of F-actin staining intensity. * =p<0.05. (D) Western confirming siCdc42 depletion in 

HUVECs. (E) F-actin in HUVECs is enriched basally during lumen formation in 3D collagen matrices. 

(E’) F-actin aggregation in siCdc42 ECs. (F-I’’) Three types of EC-EC contacts in siControl MS1s: broad 

lamellipodia-like junctions (F,F’), junctions with rigid actin fibers or filopodia tethered with VEcad (G-

G’’), or smooth junctions with overlapping F-actin and VEcad (H-H’’). (I-I’’) siCdc42 MS1s displayed 

abnormal junctions and disorganized F-actin. (J-K’) MS1 cell expressing constitutively active (V12) 

Cdc42 shows increased F-actin/stress fibers. (L) Quantification of F-actin fluorescence after GFP- or 

V12Cdc42 adenovirus infection. * =p<0.05. Fluorescence intensity (pixel intensity) was measured using 

ImageJ. Scale bars: A-B’ 18µm, E-E’ 20µm, F-I’’ 7µm, J-K’ 12µm. 
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Figure. 3.13. Cdc42 effectors are required for normal actomyosin activity and EC actin 

organization.  

(A-B′) pMLC (Ser19) is reduced in Cdc42
Tie2KO

 ECs. (C) Quantification of pMLC fluorescence intensity 

(mean gray value) in A-B′. ***P<0.001. (D,E) Reduced phosphorylation of Pak2 and Pak4 upon siCdc42 

treatment of MS1 cells. (F-J) Knockdown of Pak2 (Ser20) and Pak4 (Ser141), alone or in combination, 

suppresses phosphorylation of MLC. (K-K″) Knockdown of NMHIIA or MLCK results in disruption of 

EC actin organization. (L) Quantification of actin bundles in K-K″. *P<0.05, ***P<0.001. Individual 

actin bundles were counted in each cell using ImageJ. (M) N-WASP phosphorylation does not depend on 

Cdc42. Cdc42 is necessary for co-localization of VEcad and N-WASP at EC-EC junctions (N-O‴). (P) 

Quantification of N-O‴. Staining overlap was quantified using the colocalization plugin of ImageJ. 

*P<0.05. (Q-R″) siN-WASP results in similar F-actin-adhesion defects. Scale bars: 18 μmin A-B′; 25 

μmin K-K″,Q-R″; 12 μm in N-O‴. 
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Figure 3.14. The endothelial actin cytoskeleton and VEcad-expressing adherens junctions require 

Cdc42.  

(A-C) DMSO treated MS1 cells display continuous distribution of VEcad at cell-cell interfaces. (D-F) 

Cytochalasin D treated MS1 cells exhibit both disorganization of the actin cytoskeleton and discontinuous 

cell-cell junctions. 
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Figure 3.15. Loss of select Cdc42 effectors does not grossly disrupt actin cytoskeletal organization 

in cultured MS1s.  

(A-E) siRNA reduction of MRCKβ, mDia2, IQGAP1, Par6a, and IRSp53 in ECs. (F-K) Phalloidin 

staining after reduction of each gene shows no gross difference in F-actin cytoskeleton development. 
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Figure 3.16. Cdc42 effectors are required for normal actomyosin activity and EC actin 

organization.  

(A) Cdc42 regulates organization of the actin cytoskeleton and cell adhesions via its effectors Pak2 and 

Pak4 (that in turn regulate the actomyosin complex), as well as via N-WASP known to modulate 

branching actin polymerization. (B,C) Model illustrating Cdc42 supporting actin in filopodia and in 

junctional cortex protrusions at nascent cell junctions. Loss of Cdc42 (right) results in loss of filopodia 

and junction discontinuity. 
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CHAPTER 4 

 

RASIP1-MEDIATED RHO GTPASE SIGNALING REGULATES BLOOD VESSEL 

TUBULOGENESIS VIA NON-MUSCLE MYOSIN II 

 

INTRODUCTION 

Blood vessels consist of endothelial cells (ECs), connected at their lateral edges by tight and 

adherens junctions (TJs and AJs). When endothelial progenitors, or angioblasts, coalesce into primitive 

cords, they change shape and reorganize their junctions to open, blood-carrying lumens. The formation of 

vascular lumens is referred to as ‘tubulogenesis’, and is essential to the passage of blood and serum. Since 

this process is essential to the viability of all tissues within vertebrate organisms, understanding how 

blood vessels develop lumens is critical to the study of embryonic development and disease. 

A molecular theme underlying both epithelial and endothelial tubulogenesis is signaling by the 

Rho family of small GTPases [3, 193]. The most highly characterized members of this family include 

RhoA, Cdc42, and Rac1 [128]. Previous studies using cultured ECs have shown that Cdc42 and Rac1 

signaling are necessary to stimulate vascular lumen formation, whereas RhoA mediates vessel collapse 

and regression [124]. During EC tubulogenesis, Rho GTPase activity is regulated by several proteins, 

including Ras interacting protein 1 (Rasip1) [68]. Rasip1 interacts with an array of GTPases including 

Ras and Rap1, promoting activity of Cdc42 and Rac1, while inhibiting RhoA activity [68, 137, 194-196]. 

Rasip1 and its binding partner, the GTPase-activating protein Arhgap29, inhibit RhoA, which in turn 

blocks Rho associated kinase (ROCK) signaling [68, 137]. RhoA and ROCK normally activate non-

muscle myosin II (NMII) via phosphorylation of its regulatory light chain (phospho myosin light chain, 

pMLC). NMII, in turn, controls F-actin crosslinking and contractility to regulate cell shape, adhesion and 

migration [119]. Previously, Rasip1 was shown to control F-actin contractility, EC-ECM adhesion 

maturation, and EC-EC adhesion polarity to mediate EC tubulogenesis through modulation of GTPase 
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signaling [68, 136, 197]. However, how GTPase signaling is coordinated to influence these distinct 

cellular events remains unknown. 

In this study, we uncover that blood vessel tubulogenesis requires two Rasip1-governed, spatio-

temporally distinct GTPase signaling events that converge onto one molecular effector, NMIIA. We show 

that initial lumen formation depends on angioblast polarization and cell-cell adhesion remodeling. The 

clearance of cell-cell adhesions from EC pre-apical membranes requires NMII-dependent actomyosin 

activity. This activity, in turn, is controlled by Cdc42/Rac1 via regulation of Pak4, signaling proteins 

downstream of Rasip1. Inhibition of this pathway results in ectopic apical junctions and blocks 

tubulogenesis. Once lumens open and the heart starts to beat, nascent vessels experience hemodynamic 

pressure due to blood flow. We show that restraint of lumen expansion occurs through membrane tension 

provided by NMII-mediated contractility.  This NMII activity is held in check through RhoA suppression 

by Rasip1-Arhgap29, allowing vessels to expand over developmental time. Inhibition of Rasip1 or 

Arhgap29 results in narrow lumens, while inhibition of RhoA, ROCK or NMII leads to lumen dilation. 

We demonstrate that the balance and different timing of NMII activation through Cdc42/Pak versus 

RhoA/ROCK is critical for blood vessel lumen opening and expansion. This study reveals a reiterative 

process where GTPases control lumen morphogenesis via differential regulation of NMII activation. 

RESULTS 

Blood vessel lumens arise between ECs following clearance of apical adhesions 

To assess morphogenesis of blood vessels, we examined vasculogenesis in Flk1-eGFP mouse 

embryos. Vasculogenesis first occurs in the aorta and the yolk sac at E8.0 (0-1 somite stage). As 

previously reported, angioblasts arise as scattered mesodermal progenitors that then assemble to form 

vascular cords (Figure 4.1A-A’, B-B’) [20]. Angioblasts differentiate into ECs as they flatten and form a 

lumen at the cord center (Figure 4.1A’-A’’,B’-B’’). This process in the aortae occurs in a progressive, 

anterior-to-posterior manner along the embryonic axis (Figure 4.2A). By contrast, live imaging of yolk 

sac vessels reveals that tubulogenesis in this vascular bed occurs all at once, after the cord network has 

formed (Figure 4.1C-C’ and data not shown). 
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To examine cellular events during lumen formation (or lumenogenesis), we analyzed EC 

junctions in E8.0 cords. Sections were stained for the TJ adhesion molecule zona occludens 1 (ZO-1) and 

the apical membrane sialomucin podocalyxin (PODXL). As angioblasts come into contact, they form 

adhesions between contacting membranes (Figure 4.2B-D). At this ‘pre-apical’ surface, PODXL 

becomes polarized and overlaps with adhesion complex foci marked by ZO-1 (Figure 4.1D-D’’). 

Transmission electron microscopy (TEM) reveals that adhesion complexes stitch ECs together at loci 

scattered along the pre-apical membrane, flanking ‘slit-like’ small luminal spaces (Figure 4.1G-G’). EC 

membrane at slits take on a concave appearance (Figure 4.1G’), consistent with PODXL separating 

apposing membranes via electrostatic repulsion [33]. Soon after initial angioblast adhesion, junctions 

remodel, disappearing from the cord center while enriching peripherally (Figure 4.1E-E’’, H, 4.2E-E’’’). 

During this process, ECs flatten and appear ‘almond-shaped’ in cross section, opening a single central 

lumen (Figure 4.1F-F’’, I). En face confocal imaging of adhesions at the cord center reveal TJs clustered 

in ribbons that run longitudinally along pre-apical membranes (cross section view Figure 4.1J-L; en 

face view Figure 4.1J’-L’; Figure 4.2G). As lumens open, adhesion ribbons shrink and become 

restricted to basolateral/peripheral regions of the cord, clearing the apical membrane (Figure 4.1J’- L’). 

Overall, apical junctional clearance allows a central lumen to open (Figure 4.1M). 

Failed lumens in Rasip1 nulls exhibit ectopic apical junctions 

We previously showed that Rasip1 is essential for vascular tubulogenesis, and that VE-cadherin 

(VEcad) and ZO-1 rich adhesions are observed at the apical membrane of Rasip1-/- cord ECs [68, 198]. 

In the absence of Rasip1, blood vessels fail to open continuous lumens (Figure 4.3A-A’), as mutant ECs 

are aberrantly stitched together by ectopic apical adhesions, as shown with a PECAM/Endomucin costain 

(PE, both red), which are strikingly rich in F-actin (phalloidin, green) (Figure 4.3B-C’). Live imaging of 

Rasip1-/- yolk sac vessels similarly showed failed lumen formation, as ECs within vascular cords failed 

to form central lumens (Figure 4.3D-D’ and data not shown). 

To further elucidate mechanisms by which Rasip1 regulates EC lumen formation, we assessed its 

localization in vivo and in vitro. In aortic ECs, Rasip1 was enriched at cell-cell adhesions, as well as 
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transiently along the apical membrane during initial lumen opening (Figure 4.3E-F’’). Similarly, 

HUVEC transfected with Rasip1-GFP and plated either in monolayer cultures or in 3D collagen matrices 

show strong transient localization to cell-cell adhesions and to the apical membrane during lumen 

opening, respectively (Figure 4.2F, H-I’’). Both in vivo and in vitro Rasip1 was also found to localize to 

small round cytoplasmic structures near the apical membrane (Figure 4.3G-G’’, 4.2H-I’’). Previous work 

suggested that Rasip1 localizes to endomembranes [195]. We therefore assessed whether Rasip1 was 

found on cytoplasmic components such as endosomes. Rasip1 immunostaining was observed to overlap 

with Rab5 and Rab8, but not Rab7, suggesting it may be recruited to recycling endosomes (Figure 4.2J-

L). To confirm this, we expressed a constitutively active form of Rab5 (Q79L) that causes early 

endosomes to fuse and enlarge, and assessed Rasip1 localization. Rasip1 protein was strongly enriched in 

these structures (Figure 4.2M-M’’). Together, these results suggest that Rasip1 is recruited to endosomes 

as well as EC adhesions, and is later recruited to apical membrane. 

Clearance of apical junctions requires actomyosin contractility 

To mechanistically address how Rasip1 might remodel cord EC adhesions away from the apical 

membrane and restrict them to lateral boundaries, we investigated whether adhesions are normally 

dismantled and endocytosed, or re-localized. First, whole E8.0 cord stage embryos were cultured (WEC) 

for 3 hours and treated with Pitstop 2, a drug that inhibits both clathrin-mediated and clathrin-independent 

endocytosis [199, 200]. We found that adhesions were cleared from the apical membrane in both control 

and Pitstop 2-treated embryos (Figure 4.4A-E). Since blocking endocytosis did not perturb adhesion 

removal from the apical membrane, we hypothesized that adhesions may instead move away from the 

apical membrane using an actomyosin-dependent force. Consistent with this idea, F-actin and active, 

serine phosphorylated myosin light chain (pMLC) were enriched in adhesion complexes, as the adhesions 

progressively cleared from cord centers (Figure 4.4F-I’). 

To determine whether F-actin and myosin are necessary to clear apical adhesions, cord-stage 

embryos were treated with pharmacological inhibitors. E8.0 Flk1-eGFP WEC was performed for 3 hours 

in the presence of either Cytochalasin D, which inhibits actin polymerization, or blebbistatin, which 
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blocks NMII ATPase activity. Embryos treated with either inhibitor dramatically failed to clear apical 

adhesion complexes (Figure 4.3H-H’, L-L’). Consequently, cord ECs stayed stitched together, and did 

not form patent lumens (Figure 4.3I-J’, M-N’). Live imaging of Flk1-eGFP yolk sacs treated with either 

drug revealed that continuous vessel lumen formation never took place (Figure 4.3K-K’, O-O’ and data 

not shown). These results suggest that F-actin and NMII-mediated F-actin contractility are both essential 

for remodeling of apical adhesions away from cord centers, and are thereby essential for formation of 

continuous lumens. 

Cdc42, but not RhoA, signaling downstream of Rasip1 is required for lumen formation 

We previously showed that Rasip1 regulates the activity of downstream GTPases, Cdc42, Rac1 

and RhoA [68]. Indeed, Rasip1 significantly promoted activity of Cdc42 and Rac1 and the downstream 

kinase Pak4, while it suppressed activity of RhoA and its downstream kinase ROCK [68]. Both Cdc42-

Pak and RhoA-ROCK signaling are known to play critical roles in organization of the cytoskeleton [201]. 

We therefore asked whether EC lumen formation required either of these two signaling cascades, by 

genetically ablating Cdc42, Rac1, or RhoA in mice, in endothelium prior to lumen formation. Floxed 

RhoA, Rac1, or Cdc42 mice (genes flanked by LoxP sequences) [173, 202-204] were crossed to Tie2-

Cre, which expresses Cre in ECs. In these embryos, although Cre is expressed in angioblasts (Figure 

4.5A-B), protein levels were only depleted prior to lumen formation in yolk sac vessels, but not dorsal 

aortic ECs (Figure 4.5E-L’). To delete in aortic ECs prior to lumen formation, the inducible and 

ubiquitous driver CAG-CreERT2 was used. This allowed early deletion of each gene (after gastrulation, 

Figure 4.5C-D) and efficient deletion of each protein in aortic cords prior to lumen formation, with 

negligible effects on non-endothelial tissues (Figure 4.5, Induction diagram). 

Deletion of Cdc42 in yolk sac vessels using Tie2-Cre, or in aortae using CAG-CreERT2 

(Cdc42
CAGKO

), led to a dramatic block in vascular lumen formation, as we previously showed (Figure 

4.6A-C’, 4.7A-B’) [17]. Deletion of Cdc42 blocked lumens in the anterior aortae, as well as inhibited 

angioblast migration in yolk sac vessels (Figure 4.6A-A’, 4.7A-A’). In posterior aortic cords, where 

mesoderm is still differentiating into angioblasts, loss of Cdc42 impaired migration (Figure 4.7C-D’). 
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Similar to Rasip1-/- embryos, ectopic EC apical cell-cell junctions were observed in Cdc42
CAGKO

 cords 

(Figure 4.6B-C’, 4.7E-H’). Live imaging of yolk sac vessels showed that Cdc42 deleted ECs largely fail 

to form vascular cords, and ECs that do form cords fail to develop lumens (Figure 4.6D-D’ and data not 

shown). Cdc42-depleted yolk sac ECs displayed a slight decrease in proliferation (7.2% less) and no 

change in apoptosis (Figure 4.7I-T).  

To assess whether the Cdc42-activated kinase Pak4 is necessary for lumen formation downstream 

of Rasip1 and Cdc42, WEC was performed in the presence of an inhibitor that preferentially blocks Pak4 

activity (PF-03758309) for 3 hours. Treatment with the inhibitor blocked lumen formation and apical 

adhesion remodeling, phenocopying Rasip1 null dorsal aortae (Figure 4.6E-G’). Live imaging of 

embryos treated with the Pak4 inhibitor showed that vascular cords failed to open any lumens (Figure 

4.6H-H’ and data not shown). These results suggest that loss of the Cdc42-Pak4 signaling pathway 

activity contributes to the failed lumen formation phenotype observed in Rasip1-/- embryos. 

In striking contrast, deletion of RhoA or Rac1 using Tie2-Cre or CAG-CreERT2 had no effect on 

vessel lumen formation (Figure 4.6I-K’, 4.8). Although initial lumens formed normally, deletion of 

RhoA or Rac1 caused embryonic lethality. RhoA mutants displayed overall hypoplasia at E9.25 and Rac1 

mutants at E11 (Figure 4.8A-A’, 4.9A-A’). Deletion of RhoA or Rac1 also led to marked yolk sac 

vascular remodeling defects at E9.5 (Figure 4.8B-B’, 4.9B-B’). These findings suggest that Cdc42, Rac1 

and RhoA are all necessary for embryonic survival and vascular development. However, while Cdc42 

specifically drives clearance of apical EC junctions, RhoA and Rac1 are not required for this process. 

RhoA-ROCK-NMII signaling suppresses vessel expansion 

Although RhoA was not necessary for lumenogenesis and apical junction clearance, there was a 

notable difference in vessel diameter of embryos lacking RhoA. RhoA-depleted aortae were on average 

8.6 times larger, while RhoA-depleted yolk sac vessels were 7.2 times larger than controls (Figure 4.6I-

K’, 4.9C-D). Live imaging of yolk sac vessels showed that RhoA-depleted ECs develop dramatically 

larger lumens (Figure 4.6L-L and data not shown). At the onset of lumen formation, ECs were 

markedly more flattened and spread out. The average distance between EC nuclei was increased by 56%, 



118 
 

 

revealing that ECs occupied a larger circumferential area (Figure 4.9E). We note that RhoA-deleted 

vessels also exhibited a 20% increase in pHH3 positive cells with only a slight increase in apoptosis 

(Figure 4.9G-N). This suggests that RhoA normally restricts lumen diameter through cell shape 

regulation. 

Similarly, we assessed whether the RhoA effector ROCK was necessary for lumen formation. 

WEC was performed in the presence of the ROCK inhibitor Y-27632 for 3 hours. Inhibition of ROCK 

dramatically enhanced lumen formation and increased the average distance between aorta nuclei by 23%, 

phenocopying RhoA-deleted aortae (Figure 4.6M-O’, 4.9F). Live imaging of the yolk sac vasculature 

under the same conditions also showed that ROCK-inhibited ECs rapidly develop much larger lumens 

(Figure 4.6P-P’ and data not shown). Together, these data suggest that during vasculogenesis, RhoA-

ROCK signaling does not regulate apical junction clearance or lumen formation, but instead stimulates 

EC contractility to restrain EC spreading and therefore vessel dilation. 

Arhgap29 and Rasip1 cooperate to suppress RhoA-mediated EC contractility 

Given that an important role ascribed to Rasip1 is suppression of RhoA via Arhgap29, we 

investigated the role of Arhgap29 during lumenogenesis. Rasip1 and Arhgap29 have both been shown to 

inhibit RhoA activity in vitro, as knockdown of either protein in cultured ECs causes elevated RhoA 

activity and failed lumen formation [68, 136, 137]. To determine if Arhgap29, or inhibition of RhoA 

activity, is necessary for blood vessel tubulogenesis, we generated mice with the fourth and fifth exons of 

Arhgap29 floxed (KOMP). Arhgap29 floxed mice were crossed to Sox2-Cre, which expresses Cre in all 

epiblast cells (embryo proper) (Arhgap29
Sox2KO

). Following recombination, Arhgap29 protein is truncated 

and non-functional. 

Arhgap29
Sox2KO

 embryos died at midgestation (E9-E10) due to failure of chorioallantoic fusion 

(Figure 4.10A-B’’). In situ hybridization of Arhgap29 showed enrichment in ECs as well as the allantois 

in wild type embryos (Figure 4.10C-F’). Arhgap29
Sox2KO

 embryos displayed normal vascular 

tubulogenesis, although lumens became narrower by E8.75-9.0 (Figure 4.11A-D). Mutant ECs exhibited 

normal polarity, as assessed by apical PODXL, junctional ZO-1, and basal pPaxillin (Figure 4.10G-
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H’’’). In contrast to RhoA or ROCK depletion in ECs, which displayed increased cell spreading (nuclei 

farther apart), the average distance between Arhgap29 null EC nuclei was decreased by 47% relative to 

controls, suggesting increased internal contractility (Figure 4.11B',C',E). To determine whether Rasip1 

similarly regulated EC cell shape and contractility, Rasip1
f/f

;Tie2-Cre ECs were assessed. These mice 

delete Rasip1 several hours after lumen formation [198]. Similar to Arhgap29 mutant vessels, lumens at 

E8.75 were significantly narrower (Figure 4.11F-I). In cross sections, the average distance between 

nuclei was decreased by 30%, suggesting increased EC contractility (Figure 4.11G-H',J). Thus, 

Arhgap29 likely acts as a Rasip1 effector to suppress RhoA-ROCK-NMII contractility, enabling 

controlled vessel expansion. 

To assess whether Rasip1-Arhgap29 signaling primarily functions to suppress RhoA activity in 

order to decrease actomyosin contractility, Rasip1-RhoA double mutants were generated. Control (WT) 

and RhoA null embryos (∆RhoA) displayed open lumens, with RhoA-null lumens being slightly larger at 

these early stages (Figure 4.11K-L’). Rasip1 null (∆Rasip1) vascular cords exhibited ectopic apical 

junctions and discontinuous, interrupted lumens (Figure 4.11M-M’, P). Interestingly, Rasip1-RhoA 

double mutant (∆Rasip1∆RhoA) embryos did not rescue adhesion remodeling within vascular cords 

(Figure 4N-N’, P), but did increase lumen area, therefore partially rescuing lumen formation (Figure 

4.11O-O’, Q). This finding suggests that downstream of Rasip1, suppression of RhoA-ROCK activity by 

Arhgap29 is not necessary for lumenogenesis or apical adhesion remodeling. Instead, the RhoA signaling 

axis contributes to tension control and internal contractility in ECs, thereby regulating EC spreading and 

ultimate lumen size. 

NMII acts downstream of Cdc42-Pak4 to remodel apical adhesions, while serving as a RhoA-ROCK 

effector to regulate apical membrane tension  

Both Cdc42 and RhoA signaling pathways promote NMII activity, yet appear to have opposing 

influences on lumen formation. We hypothesized that these two pathways are spatiotemporally distinct, 

governing different steps of lumen opening. Specifically, we speculated that Cdc42 activates NMII at 
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cell-cell adhesion complexes to clear them from cord centers, while RhoA activates NMII at the apical 

membrane after lumen formation to provide membrane tension.  

To parse out the roles of Cdc42, RhoA and NMII downstream of Rasip1, we examined NMII 

activity (pMLC Ser19) during adhesion remodeling and lumen expansion. We found pMLC reduced at 

cell-cell adhesions in Rasip1 or Cdc42 mutant cords, as well as cords in Pak4-inhibited WECs (Figure 

4.12A-F’). In line with its later role, a transient pool of active NMII is observed at the apical membrane 

(Figure 4.10I-K’’). Deletion of RhoA inhibited apical membrane pMLC, subsequent to lumen opening 

(Figure 4.12G-H’’’). By contrast, deletion of Rasip1 or Arhgap29 led to increased activity of pMLC at 

the apical membrane (Figure 4.12I-L’’). This suggests that upon Rasip1 loss, activated RhoA induces 

NMII and thus apical membrane contractility. Consistent with this idea, RhoA-deleted ECs displayed a 

dramatic decrease in cell circularity, indicating decreased EC contractility (Figure 4.12M), while Rasip1 

and Arhgap29 deleted ECs had increased circularity (Figure 4.12N-O). These data provide evidence that 

Cdc42-Pak4-dependent NMII activity remodels EC adhesions during lumen opening, whereas RhoA-

ROCK-dependent NMII activity promotes apical membrane tension to control lumen diameter. 

Cdc42, Pak4 and NMII pathway downstream of Rasip1 supports EC-EC junctions 

To carry out spatio-temporal analysis of lumenogenesis, we utilized in vitro systems. To study 

clearance of adhesions during lumen opening, we modeled adhesion development in vitro. When forming 

adhesions in vitro, ECs must first find each other, then overlap actin-rich cell processes (also called 

junctional protrusions [17]) before ultimately establishing mature adhesions. As EC adhesions mature, 

they become smooth and continuous, and actin filaments remodel from perpendicular to parallel relative 

to the cell-cell interface. We speculated that the remodeling that takes place in vitro is analogous to 

adhesion remodeling within vascular cords in vivo. We thus siRNA depleted or inhibited signaling 

proteins downstream of Rasip1, including Cdc42, Pak4, NMHCIIA, RhoA, or ROCK in MS1 cells, and 

assessed EC adhesion integrity. Depletion of RhoA or ROCK did not affect the integrity of EC adhesions 

as assessed by VEcad and F-actin staining (Figure 4.13A-E). However, depletion or inhibition of Rasip1, 

Cdc42, Pak4, or NMHCIIA resulted in dramatically disrupted adhesions (Figure 4.14A-H’’, 4.13E). This 
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phenocopied disruption of junctions observed in vivo [198]. Compared to control adhesions with smooth 

VEcad and F-actin distribution, depleted cells exhibited discontinuous adhesions. Furthermore, F-actin 

bundles did not align with the cell-cell interface. Thus, adhesion remodeling in vitro recapitulates the in 

vivo process, where Rasip1-Cdc42-Pak4-NMII signaling regulates vascular adhesion organization, 

whereas RhoA-ROCK signaling does not. Additionally, these results suggest that this process is regulated 

by NMII control of F-actin at EC cell-cell adhesions. 

To test whether disruption of adhesions by NMII depletion or inhibition correlates with failed 

lumen formation in vitro, 3D lumen formation assays were performed in the presence of blebbistatin, or 

siNMHCIIA, siNMHCIIB, or both. Treatment of HUVEC with 10-20μM blebbistatin or siNMHCIIA 

blocked lumen formation in 3D collagen matrices (Figure 4.14I-J). Reduction of NMHCIIA and 

NMHCIIB together prevented lumen formation more efficiently than NMHCIIA or NMHCIIB reduction 

alone (Figure 4.14K). These results show that NMII is vital for EC tubulogenesis. NMII is regulated by 

several proteins that are directly controlled by Cdc42, Rac1, and RhoA, including Pak2, Pak4, MRCKβ 

and ROCK [17, 119]. To determine which proteins control NMII-dependent lumen formation, we 

depleted each protein in HUVEC and performed 3D lumen formation assays. Only reduction of the Cdc42 

effectors Pak2, Pak4, or MRCKβ prevented lumen formation (Figure 4.14L-Q). Thus, both our in vivo 

and in vitro data suggest that only the Cdc42-NMII pathway, and not the RhoA-ROCK-NMII pathway, 

regulates NMII-dependent lumen formation. 

NMII temporally stimulates lumen formation, then suppresses cell spreading and lumen expansion via 

RhoA-ROCK signaling 

Because NMII activity was first identified within cord adhesion complexes in a Cdc42-Pak4-

dependent manner and later at the apical membrane in a RhoA-ROCK-dependent manner, we 

hypothesized that Cdc42-Pak4-dependent NMII activity regulates adhesion remodeling prior to lumen 

opening, whereas RhoA-ROCK-dependent NMII activity regulates subsequent apical membrane 

constriction. To directly test this timing issue in vitro, we inhibited total NMII activity with blebbistatin 

or RhoA-dependent NMII activity using the ROCK inhibitor Y-27632, either before (0-72hrs) or after 
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(48-72hrs) lumen formation in a 3D lumen formation assay. We reasoned that early blebbistatin-mediated 

NMII inhibition would block Cdc42-dependent NMII activity in cords, while later ROCK inhibition 

would block RhoA-dependent NMII activity after lumen opening. We found that treatment with 

blebbistatin prevented lumen formation, only when treated at the onset of the assay, but did not affect 

blood vessel lumen size when treated 48hrs after lumen opening (Figure 4.15A). By contrast, inhibition 

of ROCK had no influence on lumen formation, but instead led to larger vessel diameters when treated 

48hrs after lumen opening (Figure 4.15A). These results suggest that NMII temporally and spatially 

controls different aspects of vasculogenesis, downstream of different GTPases. Activated by Cdc42 and 

Pak4, NMII controls adhesion organization and lumen formation, while downstream of RhoA, NMII 

controls EC contractility to prevent vessel overexpansion. 

To further test if RhoA, ROCK, or NMII regulate cell shape and spreading in vitro, MS1 cells on 

Matrigel were treated with siRhoA, siNMHCIIA, or with ROCK or NMII inhibitors. Control MS1 cells 

formed tight EC aggregates after 24 hours when plated at low confluency. RhoA depletion or ROCK 

inhibition significantly increased overall cell area (spreading), suggesting that these proteins regulate cell 

shape through the actomyosin machinery (Figure 4.15B-C, E-F). By contrast, NMIIA depleted or 

inhibited cells failed to aggregate (Figure 4.15D, G). Thus, total NMII (including Cdc42-dependent 

NMII) is necessary for cell-cell adhesion, while a specific NMII pool regulates cell contractility 

downstream of RhoA-ROCK signaling. 

We next asked whether RhoA-ROCK-NMII signaling stimulates EC contractility after lumen 

formation. MS1 stress fiber development and cell spreading were measured after depletion of RhoA, 

ROCK or NMII or constitutively active RhoA(V14) overexpression. Indeed, depletion of RhoA, ROCK 

or NMII activity prevented stress fiber formation and caused ECs to dramatically increase in cell area 

(Figure 4.15H-K). Conversely, overexpression of RhoA(V14) caused ECs to greatly contract and create 

excess stress fibers (Figure 4.15L-M’). These results suggest that RhoA-ROCK-NMII signaling 

stimulates EC contractility during blood vessel development. 
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Lastly, to further test whether NMII controls actomyosin contractility and membrane tension after 

lumen formation, WEC of embryos with open lumens (2-3 somite stage) were treated with blebbistatin for 

2hrs. Control embryos developed aortae with a normal diameter, while blebbistatin treated embryos 

exhibited markedly dilated lumens, resembling ROCK inhibited embryos (Figure 4.15N-O’). To 

determine how NMII affects lumen area and EC contractility after lumen formation in real time, live 

imaging Flk1-eGFP yolk sacs was performed in the presence of blebbistatin or the ROCK inhibitor Y-

27632. Control vessels maintained a consistent lumen diameter over the course of 40 minutes (Figure 

4.15P-P1’ and data not shown). Treatment with blebbistatin caused vessels to expand by 42% (Figure 

4.15Q-Q1’ and data not shown). Treatment of Y-27632 similarly caused vessels to dilate and the vessel 

area to increase by 37% (Figure 4.15R-R1’ and data not shown). Close tracking of adjacent ECs 

showed significant spreading after drug treatment, increasing the space between ECs by 35% after 

blebbistatin treatment and by 36% after Y-27632 treatment (Figure 4.15P1-P1’, Q1-Q1’, R1-R1’). These 

results demonstrate that NMII possesses a RhoA-ROCK-dependent role, separable from its Cdc42-

dependent role, whereby it stimulates EC contractility to suppress lumen dilation. Overall, our data 

suggest a novel mechanism whereby Rasip1 suppresses apical NMII activity to allow lumen expansion 

over the course of embryonic growth. 

DISCUSSION 

In this study, we dissect how Rho GTPase signaling pathways coordinate to regulate distinct 

cellular events driving blood vessel lumen formation during vasculogenesis (Figure 4.16, model). 

Angioblasts first form cell-cell adhesions as they assemble into cords, and thereby establish apicobasal 

polarity. As EC tubulogenesis initiates, cell-cell adhesions anchored by actin are cleared from the pre-

apical membrane and restricted laterally. The EC pre-apical membrane will remodel over time to become 

a mature apical surface during the tubulogenic process. Reorganization of adhesions in aortic ECs 

depends on Rasip1 and Cdc42-Pak4-NMII pathway regulation of actin organization. Shortly thereafter, 

the heart begins to pump plasma into early vessels, expanding nascent lumens. We show that this 

expansion is controlled by Rasip1 and by the RhoA-ROCK-NMII pathway. NMII and actin are recruited 
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to the apical membrane, where they restrain membrane expansion and lumen size. However, as vessels 

must grow, Rasip1 balances membrane tension by inhibition of RhoA via Arhgap29. These mechanisms 

regulate specific cellular events that drive blood vessel formation and expansion in a tightly regulated 

manner. 

Regulation of adhesion organization via Rasip1 and Cdc42-Pak4-NMII 

We previously demonstrated that Rasip1 is an essential factor for vascular tubulogenesis. 

Specifically, we showed that Rasip1 is required for β1- and β3-integrin dependent EC-ECM adhesion, as 

well as remodeling adhesions away from the EC apical membrane within vascular cords. Moreover, we 

showed that Rasip1 activates Cdc42 and Rac1, which in turn activate the kinase Pak4. Interestingly, Pak4, 

as well as myosin light chain kinase (MLCK), is known to control actin contractility by activating NMII, 

via phosphorylation of pMLC. Previous studies identified roles for Cdc42 and NMII in the building of 

circumferential actin bundles (CAB) which promote formation of linear and tight AJs [205]. Rasip1 has 

also been shown to recruit NMIIB to promote endothelial cell-cell adhesion [194]. Reduction of Rasip1 

caused EC-EC adhesions to become disrupted, non-linear, and dissociated from actin. These studies 

suggest that Rasip1-Cdc42-Pak4-NMII signaling promotes adhesion reorganization. 

Here, we show that inhibition of Rasip1, Cdc42, Pak4 or NMII suppresses proper adhesion 

development in vitro. We show that similar mechanisms are at play in vivo, where loss of activity of these 

components causes failed adhesion redistribution within vascular cords. Whether clearance of junctions in 

cords (shrinking of junction ribbons) occurs via mechanical ‘sliding’ along actin tracks to the cord 

periphery or via actin-based vectorial apical transport of membrane remains unclear. The former is 

suggested by studies of actomyosin dependent junction remodeling required in numerous morphogenetic 

processes, such as during Drosophila germband extension [206, 207]. Future studies will be necessary to 

determine whether Rasip1 directly influences adhesions through scaffolding adhesion complexes or actin 

crosslinking molecules (such as NMII), or whether Rasip1 regulates adhesion integrity solely through 

signaling and non-scaffolding mechanisms, such as vesicular transport. 

Rasip1 and Arhgap29 inhibit RhoA-ROCK-NMII signaling to allow lumen expansion 
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EC contraction is regulated by actin-myosin contractility, and inhibition of EC contraction leads 

to cell spreading. The Rap1–Rasip1-Arhgap29 complex has been shown to induce cell spreading by 

inhibiting RhoA-ROCK-NMII signaling and actin contractility [68, 136, 137, 197]. By suppressing EC 

contractility, Rasip1 and Arhgap29 may promote cell spreading and allow controlled expansion of vessel 

lumens, as the embryo grows. Consistent with this idea, deletion of Rasip1 or Arhgap29 after lumen 

formation causes increased EC contractility and blocks lumen expansion. Conversely, RhoA-ROCK-

NMII-dependent actin contractility may normally function to prevent dilation of the lumen by resisting 

cell spreading. Supporting this, perturbation of RhoA, ROCK, or NMII in vivo after lumen formation 

leads to dilated vessel lumens. A similar role for the actomyosin contractility machinery in restraint of 

lumen size has been reported in zebrafish intersomitic vessels, in Ciona intestinalis notochord 

development, and in the developing pancreas [15, 208, 209]. In zebrafish, ECs were found to resist 

plasma membrane deformation (blebbing) via rapid recruitment of myosin and induction of myosin-

mediated cortical actin constriction [208]. Thus, we propose that a balance is required, where RhoA-

ROCK-NMII signaling stimulates vessel contraction to prevent it from dilating and Rasip1-Arhgap29 

suppresses RhoA-ROCK-NMII signaling to allow vessel expansion during growth. 

Spatiotemporally distinct roles of NMII through distinct GTPase activities 

Our data support the paradigm that Rasip1 controls different pools of GTPases. These, in turn, 

regulate different pools of NMII to coordinate actomyosin contractility in distinct cellular processes 

during vessel tubulogenesis. Because both Cdc42 and RhoA signaling pathways promote NMII activity, 

yet appear to have opposing influences on lumen formation, we sought to clarify the role of these 

pathways in forming blood vessels. We hypothesized that during EC lumen formation, RhoA controls the 

activity of an NMII pool at the apical membrane, while Cdc42 controls NMII at cell-cell adhesion 

complexes. In addition, we predicted that these different functions were likely temporally distinct, given 

the time course of events during vasculogenesis. This hypothesis finds support in studies which show that 

the RhoA-ROCK and Cdc42-Pak-MLCK pathways act on distinct pools of NMII [210]. In fibroblasts, 

MLCK inhibition blocks MLC phosphorylation at the cell periphery, but not the cell center, while ROCK 
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inhibition blocks MLC phosphorylation in the cell center, but not periphery. Similarly, different GTPases 

control different subcellular processes: RhoA primarily controls stress fiber development, while Cdc42 

controls cell-cell adhesions, membrane ruffling and filopodia [211, 212]. A recent study by Ando et al. 

showed that RhoA uses NMII to regulate radial stress fiber development into rigid permeable focal 

adherens junctions, while Cdc42 uses NMII to regulate the development of linear stable adhesions with 

circumferential bundles of actin [205]. Our findings similarly suggest that different NMII pools come into 

play at different steps of lumen formation. Temporal inhibition of NMII helped us distinguish its different 

roles at different time points during vascular lumenogenesis and growth. However, studies on in vivo 

subcellular distribution of these signaling pathways are still needed and will further our understanding of 

blood vessel development. 

Summary and perspectives 

In conclusion, we find that endothelial lumen formation occurs in a step-wise process that is 

regulated by Rasip1, Rho family GTPases, and NMII. We show here that an essential step in this process 

is clearance of adhesions from the apical membrane to allow the formation of a single, continuous lumen. 

We further demonstrate how blood vessel lumen diameter is tightly regulated, to maintain proper lumen 

size and integrity. Our study uncovers a coordinated action of Rho GTPases governed by Rasip1 to enable 

proper vasculogenic tubulogenesis. 
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Figure 4.1. Blood vessel lumens arise between ECs following 

clearance of pre-apical adhesions. 
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Figure 4.1. Blood vessel lumens arise between ECs following clearance of pre-apical adhesions.  

(A-A’’) Flk1-eGFP embryos, whole-mount GFP stain (n=3). (B-B’’) Cross sections show progression of 

dorsal aorta cord and lumen formation. (C-C’’) Live imaging of Flk1-eGFP yolk sac vasculature. Time in 

hr:min. (D-F’’) Progression of TJs remodeling away from the apical membrane during lumen formation. 

Tight junctions, ZO-1; apical membrane, PODXL (n>10). EC, endothelial cell; arrowhead, adhesions at 

periphery; arrow, opening lumen. (G-I) TEM of aorta cord and opening lumen. Red arrowheads, EC-EC 

adhesion complex; green asterisk, luminal spaces between adhesions; dotted line, direction of adhesion 

movement. EC, endothelial cell; End, endoderm. (J-L) Cross sections of EC cords show adhesion 

remodeling (clearance from pre-apical membrane). VEcad, white; Flk1-eGFP, green; open arrowheads, 

clearing junctions at pre-apical membrane; closed arrowheads, sustained peripheral junctions. (J’-L’) En 

face Z-stack confocal image showing apical membrane surface junction ribbons, which are cleared as 

lumen opens. (M) Schematic model of lumen formation: adhesions are rearranged to the cord periphery to 

form a central lumen. Scale bars: A-A’’ 20μm, B-B’’ 7μm, C-C’’ 25μm, D-F’’ 3.5μm, G-I 2μm, J-L 

3.5μm.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



129 
 

 

Figure 4.2. Angioblasts form adhesion complexes with each 
other, polarize the adhesions laterally, then open a blood 

vessel lumen in an anterior to posterior manner. 
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Figure 4.2. Angioblasts form adhesion complexes with each other, polarize the adhesions laterally, 

then open a blood vessel lumen in an anterior to posterior manner.  

(A) Lateral view of a Flk1-eGFP embryo, stained for GFP, showing that the dorsal aortae open in an 

anterior to posterior manner. Dotted line arrow, progression of lumen opening. (BD) Developing 

angioblasts come into contact and establish adhesion foci at contacting interface (pre-apical membranes). 

(E-E’’’) Adhesion complexes are remodeled (redistributed) between the apical and basal membrane once 

the angioblasts polarize and become ECs. (F) Transfection of Rasip1-GFP into HUVECs shows Rasip1 at 

cell-cell junctions. Arrowheads, EC cell-cell junction. (G) Schematic showing clearance of junction 

‘ribbons’ from the preapical luminal surface, as lumen opens. (H-I’’)�HUVECs expressing AcGFP-

Rasip1 and PODXL-mCherry protein during lumen formation in a 3D lumen formation assay. Rasip1 

tethers the apical membrane during and after lumen formation. Arrows, apical Rasip1; L, lumen. (J-L) 

Antibody localization of Rasip1 and endosomal proteins Rab7, Rab8 and Rab5 in MS1 cells. (M-M’’) 

MS1 cells transfected with constitutively active Rab5(Q79L)-mCherry produce enlarged early endosomes 

that display Rasip1 enrichment. Arrow heads, enlarged endosomes. Scale bars: A 30μm, B-D 5μm, E-E’’’ 

2μm, F 10μm, G-H’’ 10μm, I-I’’5μm, J-L 10μm, M 7μm.  
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Figure 4.3. Clearance of EC pre-apical junctions requires 

Rasip1 and actomyosin contractility.  

 
 

Figure 4.3. Clearance of EC pre-apical junctions requires Rasip1 and actomyosin contractility.  

(A-A’) Rasip1 null embryos expressing Flk1-eGFP fail to open lumens in the dorsal aorta (n=3 controls, 

n=3 mutants). (B-C’) Cross sections stained with PECAM and Endomucin costain (PE) and F-actin show 

that Rasip1 mutants fail to remodel adhesions to the periphery of the vascular cord (quantified in graph, 

n=3 controls, n=3 mutants; 15 Fields of view (FOV)). ****P<0.0001. EC, endothelial cell; arrowhead, 

adhesion. (D-D’) Live imaging of Rasip1-/-;Flk1-eGFP embryo yolk sacs (lumen diameter quantified in 

graph, n=41 control and n=39 mutant). ****P<0.0001. Red bracket, vessel diameter. Time in hr:min. 

(EF’’) Staining of Rasip1 and TJ marker ZO-1 shows that Rasip1 enriches to adhesions during cord and 

lumen formation. Arrowheads, adhesions; EC, endothelial cell; L, lumen. (G-G’’) Staining of Rasip1 

localizes at apical membrane after lumen formation. Inset shows endosomal structures. (H-H’) WECs 

treated with Cytochalasin D (10μM) fail to open aortic lumens (n=3 controls, n=3 treated). (I-J’) Cross 

sections stained for GFP and ZO-1 show that Cytochalasin D-treated embryos fail to remodel adhesions 

to cord periphery (quantified in graph, n=3 controls, n=3 treated; 15 FOV). *P<0.05. (K-K’) Live imaging 

of Cytochalasin D-treated Flk1-eGFP embryos (lumen diameter quantified in graph, n=45 control and 

n=66 treated). ****P<0.0001. (L-L’) WECs treated with blebbistatin (10μM) fail to open aortic lumens 

(n=3 controls, n=3 treated). (M-N’) Cross sections stained with PE and F-actin show that blebbistatin-

treated embryos fail to remodel adhesions to cord periphery (quantified in graph, n=3 controls, n=3 

treated; 15 FOV). **P<0.01. (O-O’) Live imaging of blebbistatin-treated Flk1-eGFP embryo yolk sacs 

(lumen diameter quantified in graph, n=41 control and n=20 treated). ****P<0.0001. Scale bars: A-A’ 

100μm, B-C’ 3.5μm, E-E’ 25μm, G-G’ 3μm, I-I’’ 7μm, J-J’ 100μm, K-L’ 5μm, N-N’ 25μm, P-P’ 100μm, 

Q-R’ 5μm, T-T’ 25μm.  
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Figure 4.4. Endocytosis is not necessary for vascular cord 

adhesion remodeling. 
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Figure 4.4. Endocytosis is not necessary for vascular cord adhesion remodeling.  

(A-D’’’) WEC was performed in the presence of Pitstop2 or the Pitstop2 negative control. Treatment of 

either drug did not prevent vascular cord adhesion remodeling (marked by VEcad or ZO-1) to the 

periphery of the apical membrane (marked by Moesin) (n=3 control and treated, 16 FOV, quantified in 

E). ns = not significant. EC, endothelial cell. (F-G’’) pMLC localizes to VEcad -positive adhesion 

complexes as they remodel from the center of vascular cords to the periphery (n=3, 15 FOV). (H-I’) F-

actin localizes to adhesion complexes as they remodel away from the center of vascular cords (n=12, 60 

FOV). EC, endothelial cell; L, lumen; arrow heads, adhesion complexes; arrows, direction of adhesion 

relocalization. Scale bars: A-D’’’ 2μm, F-I’ 2μm. Online Figure III. Gene deletion before blood vessel 

lumen formation using Tie2-Cre occurs in the yolk sac vasculature, but not in the dorsal aorta. Schematic 

of gene deletion using CAG-CreERT2 or Tie2-Cre in the dorsal aorta or the yolk sac vasculature. (A-B) 

Rosa26Reporter-LacZ expression shows that angioblasts express Tie2-Cre in early angioblasts in the 

aorta and yolk sac vasculature (n=4). Arrow heads, angioblasts. (C-D) Rosa26Reporter-LacZ expression 

shows that CAG-CreERT2 can induce recombination in all cells of the embryo, including endothelial 

cells, after a low dose of tamoxifen (n=6). NT, neural tube; M, mesoderm; End, endoderm; A + red dotted 

line, aorta. (E-F) Staining of RhoA in the dorsal aorta, showing that deletion of RhoA using Tie2-Cre 

does not occur before lumen formation (n=5 control and mutant, >36 FOV). EC, endothelial cell; L, 

lumen. (G-H’) Staining of RhoA in the yolk sac, showing that deletion of RhoA using Tie2-Cre during 

lumen formation (n=5 control and mutant, >36 FOV). (I-J’) Staining of Cdc42 in the dorsal aorta, 

showing that deletion of Cdc42 using Tie2-Cre does not occur before lumen formation (n=6 control and 

mutant, 30 FOV, quantified in I). ns = not significant. Arrowheads, Cdc42 staining. (K-L’) Staining of 

Cdc42 in yolk sac endothelial cells, showing that deletion of Cdc42 using Tie2-Cre does occur before 

lumen formation in the yolk sac (n=6 control and mutant, 30 FOV, quantified in L). ****P<0.0001. Scale 

bars: A 100μm, B 50μm, C 250μm, D 20μm, E-F 10μm, G-H’ 10μm, I-J’ 5μm, K-L’ 14μm. 
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Figure 4.5. Gene deletion before blood vessel lumen 

formation using Tie2-Cre occurs in the yolk sac vasculature, 

but not in the dorsal aorta.  
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Figure 4.5. Gene deletion before blood vessel lumen formation using Tie2-Cre occurs in the yolk sac 

vasculature, but not in the dorsal aorta.  

(A-B) Rosa26Reporter-LacZ expression shows that angioblasts express Tie2-Cre in early angioblasts in 

the aorta and yolk sac vasculature (n=4). Arrow heads, angioblasts. (C-D) Rosa26Reporter-LacZ 

expression shows that CAG-CreERT2 can induce recombination in all cells of the embryo, including 

endothelial cells, after a low dose of tamoxifen (n=6). NT, neural tube; M, mesoderm; End, endoderm; A 

+ red dotted line, aorta. (E-F) Staining of RhoA in the dorsal aorta, showing that deletion of RhoA using 

Tie2-Cre does not occur before lumen formation (n=5 control and mutant, >36 FOV). EC, endothelial 

cell; L, lumen. (G-H’) Staining of RhoA in the yolk sac, showing that deletion of RhoA using Tie2-Cre 

during lumen formation (n=5 control and mutant, >36 FOV). (I-J’) Staining of Cdc42 in the dorsal aorta, 

showing that deletion of Cdc42 using Tie2-Cre does not occur before lumen formation (n=6 control and 

mutant, 30 FOV, quantified in I). ns = not significant. Arrowheads, Cdc42 staining. (K-L’) Staining of 

Cdc42 in yolk sac endothelial cells, showing that deletion of Cdc42 using Tie2-Cre does occur before 

lumen formation in the yolk sac (n=6 control and mutant, 30 FOV, quantified in L). ****P<0.0001. Scale 

bars: A 100μm, B 50μm, C 250μm, D 20μm, E-F 10μm, G-H’ 10μm, I-J’ 5μm, K-L’ 14μm. 
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Figure 4.6. Cdc42, but not RhoA, signaling downstream of 
Rasip1 is required for lumen formation. 

 

 
Figure 4.6. Cdc42, but not RhoA, signaling downstream of Rasip1 is required for lumen formation.  

(A-A’) Cdc42
CAGKO

 embryos expressing Flk1-eGFP fail to open lumens in the dorsal aorta (n>22 

controls, n=22 mutants). (B-C’) Cross sections stained for GFP and VEcad show that Cdc42
CAGKO

 

embryos fail to remodel adhesions to the periphery of the vascular cord (quantified in graph, n=3 control, 

mutant; 15 FOV ). ****P<0.0001. EC, endothelial cell; L, lumen; arrowhead, adhesion. (D-D’) Live 

imaging of Cdc42
CAGKO

 Flk1-eGFP embryo yolk sacs (lumen diameter quantified in graph, n=45 control 

and n=38 mutants). ****P<0.0001. Red bracket, vessel diameter. (E-E’) WECs treated with the Pak4 

inhibitor PF-03758309 (10μM) fail to open aortic lumens (n=3 controls, n=3 treated). (F-G’) Cross 

sections stained for PE and Factin show that Pak4-inhibited embryos fail to remodel adhesions to the cord 

periphery (quantified in graph, n=3 controls, n=3 treated; 15 FOV). ****P<0.0001. (H-H’) Live imaging 

of Pak4-inhibited Flk1-eGFP embryo yolk sacs (lumen diameter quantified in L, n=40 control and n=33 

treated). ****P<0.0001. (I-I’) RhoA
CAGKO

 embryos possess expanded dorsal aortae (n=4 controls, n=4 

mutants). (J-K’) Cross sections stained for PE and F-actin show that RhoA
CAGKO

 embryos fail to maintain 

proper vessel diameter and possess expanded vessels (quantified in graph, n=8 controls, n=8 mutants, 15 

FOV). ****P<0.0001. (L-L’) Live imaging of RhoA
CAGKO

 Flk1-eGFP embryo yolk sacs (lumen diameter 

quantified in graph, n=40 control and n=36 mutant). **P<0.01. (M-M’) WECs treated with Y-27632 

(10μM) have expanded vessels (n=3 controls, n=3 treated). (N-O’) Cross sections stained for PE and F-

actin show that ROCK-inhibited embryos fail to maintain proper vessel diameter and possess expanded 

vessels (quantified in graph, n=3 controls, n=3 treated, 15 FOV). **P<.01. (P-P’) Live imaging of 

ROCK-inhibited Flk1-eGFP embryo yolk sacs (lumen diameter quantified in graph, n=41 control and 

n=49 treated). **P<0.01. Scale bars: A-A’ 100μm, B-C’ 7μm, E-E’ 25μm, G-G’ 100μm, H-I’ 5μm, K-K’ 

25μm, M-M’ 50μm, Q-Q’25μm, S-S’ 50μm, T-U’ 7μm, W-W’ 25μm.  
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Figure 4.7. Cdc42 is necessary for angioblast migration, 

adhesion remodeling, and EC proliferation. 
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Figure 4.7. Cdc42 is necessary for angioblast migration, adhesion remodeling, and EC proliferation.  

(A-A’) Flk1-LacZ staining shows that Cdc42 deletion using Tie2-Cre causes aberrant angioblast 

migration and cord formation in the yolk sac vasculature (n=5 control and n=3 mutant). Red arrow, 

vascular cord. (B-B’) Rosa26Reporter-YFP expression shows that lumen formation fails in the yolk sac 

vasculature after deletion of Cdc42 using Tie2-Cre. EC, endothelial cell; L, lumen (n=6 control and 

mutant). (C-C’) Flk1-eGFP expression shows that deletion of Cdc42 using CAG-CreERT2 causes failed 

angioblast migration in the posterior aortae (n>23 control and n=23 mutant). (D-D’) Cross sections show 

that angioblasts fail to develop into vascular cords after deletion of Cdc42 using CAG-CreERT2 (n>6 

control and mutant). (E-H’) Cross sections of yolk sac ECs showing that ECs fail to remodel cell-cell 

adhesions and form patent lumens in the yolk sac after deletion of Cdc42 using Tie2-Cre (n=6 control and 

mutant). Arrow heads, adhesion complexes. (I-M) Cdc42 deletion causes less pHH3 positive ECs to 

develop after deletion using CAG-CreERT2 or Tie2-cre (n=3 control and mutant, 15 FOV, quantified in 

K and N). *P<0.05. Arrow heads, pHH3 positive cells. (O-S) Cdc42 deletion using CAG-CreERT2 or 

Tie2-cre does not influence apoptosis as assessed by Cleaved Caspase 3 staining (n=3 control and mutant, 

15 FOV, quantified in Q and T). ns = not significant. Scale bars: A-A’ 40μm, B-B’ 7μm, C-C’ 100μm, D-

D’ 7μm, E-H’ 5μm, I-J 10μm, L-M 18μm, O-P 10μm, R-S 18μm. 
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Figure 4.8. Rac1 is not necessary for vascular lumen 

formation but is necessary for vascular remodeling. 

 
Figure 4.8. Rac1 is not necessary for vascular lumen formation but is necessary for vascular 

remodeling.  

(A-A’) Rac1
Tie2KO

 embryos display hypoplasia by E11.5. (B-B’) Whole-mount PECAM 

immunocytochemistry stain showing failed vascular plexus remodeling in E9.5 Rac1
Tie2KO

 embryos. (C-

C’) H&E stain of E8.5 Rac1
Tie2Het

 and Rac1
Tie2KO

 embryos show that lumen formation occurs normally in 

the yolk sac during vasculogenesis. L, lumen. (D-D’) Wholemount PECAM staining of E8.0 (3s) 

Rac1
CAGHet

 and Rac1
CAGKO

 embryos show normal dorsal aortae after Rac1 deletion (n=3 control and 

mutant). (E-F’) Staining of F-actin and PECAM/endomucin on Rac1
Tie2Het

 and Rac1
Tie2KO

 embryos 

showing that Rac1 is not necessary for blood vessel lumen formation or vascular cord adhesion 

remodeling (n=3 control and mutant, 15 FOV, quantified in G). n= not significant. Scale bars: A-A’ 

1.25mm, BB’ 125μm, C-C’ 50μm, D-D’ 50μm, E-F’ 7μm.  
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Figure 4.9. RhoA suppresses blood vessel lumen expansion 

by suppressing EC proliferation and cell spreading. 
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Figure 4.9. RhoA suppresses blood vessel lumen expansion by suppressing EC proliferation and cell 

spreading.  

(A-A’) Bright field images showing RhoA deletion using Tie2-Cre causes embryonic lethality and 

hypoplasia at E9.25 from vascular defects (n>4 control and mutant). (B-B’) Blood vessels visualized by 

PlexinD1 in situ become expanded and fail to remodel after deletion of RhoA using Tie2-Cre. (C-C’) 

Cross sections of RhoA
Tie2Het

 and RhoA
Tie2KO

 embryos expressing Rosa26-YFP reporter. RhoA
Tie2KO

 

embryos have larger blood vessel lumens (n=3 control and mutants, 15 FOV, quantified in D). 

****P<0.0001. L, lumen. (E-F) Graph showing that nuclei become more distant between ECs suggesting 

increased cell spreading after deletion of RhoA (graph E) or inhibition of ROCK (graph F). (n=3 control 

and mutant, 15 FOV). *P<0.05. (G-I’) RhoA deletion causes more pHH3 positive ECs to develop after 

deletion using CAG-CreERT2 or Tie2-cre (n=3 control and mutant, 15 FOV, quantified in H and J). 

*P<0.05, **P<0.01. EC, endothelial cells; End, endoderm; arrow heads, pHH3 positive cells. (K-M’) 

RhoA deletion using CAG-CreERT2 or Tie2-cre slightly increases apoptosis as assessed by Cleaved 

Caspase 3 staining (n=3 control and mutant, 15 FOV, quantified in L and N). *P<0.05, **P<0.01. B, 

blood. Scale bars: A-A’ 250μm, B-B’ 100μm, C-C’ 18μm, G-G’ 10μm, I-I’ 25μm, K-K’ 10μm, M-M’ 

7μm.  
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Figure 4.10. Arhgap29 null embryos die embryonically from 

failure to attach the allantois to the ectoplacental cone. 

 
Figure 4.10. Arhgap29 null embryos die embryonically from failure to attach the allantois to the 

ectoplacental cone.  

(A-B’’) Bright field and Flk1-eGFP images showing that Arhgap29 mutant embryos are not able to fuse 

the allantois to the chorion (n=3 control and mutant). (C-F’) In situ hybridization of Arhgap29 in whole-

mount and in section showing that Arhgap29 is expressed in the aorta, yolk sac vasculature, and the 

allantois (n=3 control and mutant). Red arrows and dotted lines, Arhgap29 positive vessels. NT, neural 

tube. (G-H’’’) Arhgap29 mutants do no display defects in EC polarity as assessed by junctional ZO-1, 

apical PODXL, and basal pPaxillin staining in the aorta (n=3 control and mutant, 15 FOV). Arrow heads, 

EC-EC adhesions; EC, endothelial cell; L, lumen; M, mesoderm. (I-K’’) NMII and Rasip1 are transiently 

colocalized to the apical membrane during vascular lumen expansion (n=3 control and mutant, 15 FOV). 

Scale bars: A-B’’ 250μm, C-E 50μm, F 500μm, G-H’’’ 7μm, I-K’’ 7μm. Online Figure VIII. RhoA 

deletion or ROCK inhibition does not influence EC cell-cell adhesion morphology. (A-C) MS1 cells 

treated with siRNA targeted to RhoA or the ROCK inhibitor Y-27632 did not change EC cell-cell 

adhesion morphology as marked by VEcad and phalloidin staining (n=3 control and treated, 15 FOV, 

quantified in D). (E) siRNA immunoblot confirmation after reduction of Rasip1, Cdc42, NMHCIIA, or 

RhoA. (F) Cell culture image analysis. For cell culture image analysis see supplementary methods. Scale 

bars: A-C 5μm. 
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Figure 4.11. Arhgap29 and Rasip1 cooperate to suppress 

RhoA-mediated EC contractility and lumen expansion.
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Figure 4.11. Arhgap29 and Rasip1 cooperate to suppress RhoA-mediated EC contractility and 

lumen expansion.  

(A-A’) Arhgap29
Sox2KO

 embryos stained with PECAM show constricted dorsal aortae (n=3 control and 

mutant). Red bracket, diameter of vessel. (B-C’) Cross sections of E8.75 Arhgap29
Sox2het

 and 

Arhgap29
Sox2KO

 embryos shows vessel constriction after Arhgap29 deletion with smaller vessel lumens 

and closer adjacent EC nuclei (zoomed-in in B’ and C’, n=3 control and mutant, 15 FOV, quantified in D 

and E). ****P<0.0001. Yellow dotted line, adjacent nuclei distance; EC, endothelial cell; L, lumen. (F-F’) 

Whole mount images of Flk1-eGFP;Rasip1
Tie2Het

 and Flk1-eGFP;Rasip1
Tie2KO

 embryos show constricted 

aortae after Rasip1 deletion. White bracket, diameter of vessel. (G-H’) Cross sections of E8.75 

Rasip1
Tie2Het

 and Rasip1
Tie2KO

 embryos shows vessel constriction after Rasip1 deletion with smaller vessel 

lumens and closer adjacent EC nuclei (zoomed-in in G’ and H’, n= 3 control and mutant, 15 FOV, 

quantified in I and J). ****P<0.0001. (K-O’) Deletion of Rasip1 and RhoA partially rescues lumen 

expansion but does not rescue adhesion remodeling from the center of vascular cords (n=4 control and 

mutants, 20 FOV, quantified in P and Q). Arrowheads, adhesion complexes. *P<0.05, **P<0.01, 

****P<0.0001, ns =not significant. Scale bars: A-A’ 25μm, B-C’ 10μm, G-H’ 10μm, K-O’ 7μm. 
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Figure 4.12. NMII acts downstream of Cdc42-Pak4 to remodel 

apical adhesions, while serving as a RhoA-ROCK effector to 

regulate apical membrane tension.
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Figure 4.12. NMII acts downstream of Cdc42-Pak4 to remodel apical adhesions, while serving as a 

RhoA-ROCK effector to regulate apical membrane tension.  

(A-B’) Staining for VEcad and pMLC on Rasip1+/- and Rasip1-/- embryos shows that Rasip1 is 

necessary for NMII activity during vascular cord adhesion remodeling (n= 3 control and mutants/WECs, 

15 FOV, quantified in graph). ****P<0.0001. Arrowheads, adhesion complex pMLC; EC, endothelial 

cell. (C-D’) Staining of Flk1-eGFP and pMLC on Cdc42
CAGHet

 and Cdc42
CAGKO

 embryos shows that 

Cdc42 is necessary for NMII activity during cord adhesion remodeling (n= 3 control and mutant, 15 

FOV, quantified in graph). ****P<0.0001. (E-F’) Staining of Flk1-eGFP and pMLC on DMSO and PF-

03758309-treated WECs shows that Pak4 is necessary for pMLC activity during cord adhesion 

remodeling (n= 3 control and treated, 15 FOV, quantified in graph). ****P<0.0001. (G-H’’’) Staining for 

NMHCIIA and pMLC on RhoA
CAGHet

 and RhoA
CAGKO

 embryos shows that RhoA is necessary for NMII 

activity at the apical membrane during lumen formation (n= 3 control and mutant, 15 FOV, quantified in 

graph). **P<0.01. EC, endothelial cell; L, lumen; M, mesoderm; End, endoderm. (I-J’’) Staining of 

NMHCIIA and pMLC on Rasip1+/- and Rasip1-/- embryos shows that Rasip1 is necessary to suppress 

NMII activity at the apical membrane during lumen formation (n= 3 control and mutant, 15 FOV, 

quantified in graph). *P<0.05. (K-L’’) Staining of NMHCIIA and pMLC on Arhgap29
Sox2Het

 and 

Arhgap29
Sox2KO

 embryos shows that Arhgap29 is necessary to suppress NMII activity at the apical 

membrane during lumen formation (n= 3 control and mutant, 15 FOV, quantified in graph). *P<0.05. (M-

O) Quantification of EC circularity after deletion of RhoA, Rasip1, or Arhgap29, respectively (n= 3 

control and mutants, 15 FOV). ***P<0.001. ****P<0.0001. Scale bars: A-B’ 5μm, D-E’ 5μm, G-H’ 5μm, 

J-K’’ 7μm, M-N’’ 7μm, P-Q’’ 10μm.  
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Figure 4.13. RhoA deletion or ROCK inhibition does not 

influence EC cell-cell adhesion morphology. 

 
 

 

Figure 4.13. RhoA deletion or ROCK inhibition does not influence EC cell-cell adhesion 

morphology.  

(A-C) MS1 cells treated with siRNA targeted to RhoA or the ROCK inhibitor Y-27632 did not change 

EC cell-cell adhesion morphology as marked by VEcad and phalloidin staining (n=3 control and treated, 

15 FOV, quantified in D). (E) siRNA immunoblot confirmation after reduction of Rasip1, Cdc42, 

NMHCIIA, or RhoA.  
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Figure 4.14. Cdc42, Pak4 and NMII pathway downstream of 

Rasip1 supports EC-EC junctions and vascular 

lumenogenesis. 
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Figure 4.14. Cdc42, Pak4 and NMII pathway downstream of Rasip1 supports EC-EC junctions and 

vascular lumenogenesis.  

(A-H’’) Staining and quantification of VEcad continuity and F-actin area at MS1 EC cell-cell junctions 

after siRNA reduction of Rasip1, Cdc42, or NMHCIIA, or pharmacological inhibition of Pak4 (n=3 

control and treated, 15 FOV). **P<0.01. (I-J) Inhibition of NMII via 10μM or 20μM blebbistatin 

treatment prevents EC lumen formation in 3D collagen matrices (quantified in J). **P<0.01. (K) Graph 

showing that reduction of NMHCIIA or NMHCIIA and NMHCIIB combined, but not NMHCIIB alone, 

prevents EC lumen formation in 3D collagen matrices. **P<0.01. (L-XQ) siRNA reduction of Cdc42 

effectors Pak2, Pak4, or MRCKβ but not RhoA effector ROCK prevents EC lumen formation in 3D 

collagen matrices (quantified in Q). **P<0.01. Scale bars: A-N’’ 5μm, Q-X 100μm.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



150 
 

 

Figure 4.15. NMII temporally stimulates lumen formation then 

suppresses cell spreading and lumen expansion via RhoA-

ROCK signaling.
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Figure 4.15. NMII temporally stimulates lumen formation then suppresses cell spreading and 

lumen expansion via RhoA-ROCK signaling.  
(A) Graph depicting vessel area in a 3D EC lumen formation assay after treatment with blebbistatin or Y-

27632 before lumen formation (0-72 hours) or after lumen formation (48-72 hours). **P<0.01. (B-G) 

Matrigel cell aggregation assay after siRNA reduction of RhoA or NMHCIIA or treatment with Y-27632 

or blebbistatin (n>50 control and treated, 9 FOV, quantified in graph). *P<0.05, ***P<0.001, 

****P<0.0001, ns = not significant. (H-K) MS1 cells stained for VEcad and F-actin to assess stress fiber 

development and cell spreading after siRNA reduction of RhoA or NMHCIIA or pharmacological 

inhibition of ROCK (n= 3 control and treated, 15 FOV, cell spreading quantified in graph). **P<0.01, 

***P<0.001. Dotted line, lowest central diameter. (L-M’) GFP and F-actin staining after adenoviral 

infection of GFP or V14RhoA + GFP in MS1 cells to assess cell spreading and actin contractility (n>15 

control and treated, 15 FOV, cell spreading quantified in graph). (N-N’) 2 hour WECs of Flk1-eGFP 

embryos treated with blebbistatin after initial lumen formation of the dorsal aorta (n=3 control and 

treated). Brackets, vessel diameter. (O-O’) Cross sections show that NMII inhibition after initial lumen 

formation causes vessels to expand (n=3 control and treated, 15 FOV, quantified in graph). ***P<0.001. 

EC, endothelial cell; L, lumen. (P-R’’) Live imaging of Flk1-eGFP yolk sac vessels treated with either 

blebbistatin or Y-27632 after lumen formation (n= 20 control and treated, change in vessel diameter size 

quantified in graph). Images are snap shots at 0, 20, and 40 minutes. ****P<0.0001. Dotted line, starting 

vessel diameter; red line, increased length of vessel diameter. (P1-R1’) Tracking of EC spreading after 

blebbistatin or Y-27632 treatment for 40 minutes (quantified in graph). ****P<0.0001. Red sphere, EC 

center; dotted line, starting distance between cells; magenta line, increased distance between cells. Scale 

bars: b-g 50μm, i-l 10μm, n-o’ 25μm, q-q’ 20μm, R-R’ 5μm, T-V’’ 25μm.  
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Figure 4.16. Model of tubulogenesis and vessel expansion 

during vasculogenesis. 

 
 

Figure 4.16. Model of tubulogenesis and vessel expansion during vasculogenesis.  

1) Angioblasts develop from mesodermal tissue and form punctae of adhesions with adjacent angioblasts. 

2) At the angioblast cell-cell contact, PODXL is polarized between the cells, overlapping with the cell 

adhesion complexes. 3) After activation by Rasip1 and Cdc42-Pak4 signaling, NMII uses its contractile 

abilities on F-actin to redistribute adhesion complexes away from the pre-apical membrane to the cord 

periphery, exposing a single luminal space. 4) After lumen formation is complete, the lumen opens in a 

controlled manner. RhoA-ROCK-activated NMII suppresses excessive expansion of the lumen by 

constricting F-actin within ECs and at the apical membrane. 5) As the lumen expands, NMII activity is 

relaxed by inhibiting RhoA-ROCK-NMII signaling through Rasip1 and Arhgap29. 
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CHAPTER 5 

SUMMARY 

NEW AREAS FOR INVESTIGATION 

Findings in this study hold promise for anti-angiogenesis therapies. Vascularization of tissues can 

be deleterious in various diseases. For example, proliferative diabetic retinopathy patients possess 

neovascularization of the retina in the vitreous humor. Without treatment, these ectopic vessels can bleed, 

cloud vision and destroy the retina. Other diseases include neovascular glaucoma, atherosclerotic vascular 

disease, chronic inflammation, and growing malignancies. Patients with these diseases could benefit from 

anti-angiogenesis agents that can prevent blood flow and pathogenic vascular growth. 

Anti-angiogenesis therapies have also been rigorously used in an attempt to reduce vascular 

growth into cancerous tumors. Many of the drugs that have made it into clinical trials target the VEGF 

pathway such as bevacizumab, senitinib, and aflibercept [213]. Although these drugs have been shown to 

be successful in treating some carcinomas, there are several groups of cancer that are not responsive to 

Anti-VEGF drugs. Notable examples include melanoma, breast, pancreatic, and prostate cancer [213]. 

Therefore, there is still an incentive to find vascular specific agents that can be targeted to reduce 

angiogenesis and blood flow into cancerous tissues. In this thesis, we identify Rasip1 as a vascular 

specific protein that is important for the rudimentary process of cell adhesion and lumen formation. 

Deletion of Rasip1 and its downstream effectors leads to cell autonomous defects that reduce vascular 

growth, lumen formation and blood flow. A promising project following the work shown here would be 

to use these genetic models to reduce Rasip1 during tumor angiogenesis. Such a treatment may reduce the 

growth of vessels and prevent vessel lumen formation and therefore blood flow into tumors, causing 

hypoxia and cell death. Targeting Rasip1 and proteins downstream of Rasip1 may benefit the treatment of 

cancers that are unresponsive to VEGF-targeted therapies. 

In addition to identifying Rasip1 as a possible anti-angiogenesis target, the work here underscores 

the importance of the cytoskeleton and cell adhesion as processes that are necessary for blood vessel 
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lumen formation and maintenance during early vascular development. Cells detect their surroundings 

using many cell processes including filopodia and cilia. To detect their position relative to other cells and 

substrates they use mechanosignaling complexes within TJs, AJs, and FAs. These complexes are 

intimately tethered to F-actin as a way to scaffold the cells, maintain rigidity, and assess location.  We 

find that if you remove the F-actin cytoskeleton or a variety of proteins that are necessary for the 

development and contractility of actin, cell behaviors that dependent on cell adhesion complexes fail. 

Here, we specifically discover that the process of lumen formation in developing vessels depends on of 

the ECs ability to adhere to other ECs, adjacent cells, and the extracellular matrix. Without proper cell 

adhesion remodeling, blood vessels remain closed and are unable to remodel into a patent form that 

allows blood flow. Depletion of Rasip1, or preventing Cdc42-Pak4 regulation of NMII downstream of 

Rasip1 are shown to completely prevent the maturation of cell adhesions and the actin cytoskeleton. This 

defect completely hampers early ECs from regulating the dynamics necessary to remodel the organization 

of EC cell-cell attachments into a vascular tube. This finding merits investigation of other factors that are 

necessary to build the cytoskeleton, to form cell adhesions, and to mediate cell contractility in ECs. These 

genes and proteins can be targeted for anti-angiogenesis therapies.   

Along with the promising prospects of targeting Rasip1 for anti-angiogenesis therapies, work in 

this thesis may be beneficial for studies that wish to enhance vascular growth and blood flow into tissues 

for various diseases. For example, many cardiovascular diseases are associated with infarctions, caused 

by embolisms, blood clots, or plaque that builds up in the vascular system. Vascular infarctions can 

obstruct blood supply to tissues and cause hypoxia and necrosis from a lack of oxygen. As we have 

shown, reduction of RhoA or ROCK has anti-contractility effects on ECs and causes blood vessels to 

relieve themselves of cell constriction and expand. Future studies may want to try to relieve the effects on 

constricted vessels by forcing occluded and constricted vessels to open up by inhibiting RhoA-ROCK 

signaling or by over expressing Rasip1 or Arhgap29.  

Rasip1 has been shown to be a complex protein that both positively and negatively regulates Rho-

GTPase activity and NMII activity for various processes. Although much has been learned about Rasip1, 
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many questions remain. Many biochemical studies will be necessary to determine how Rasip1 is 

regulated with respect to paracrine signaling and transcription. VEGF-VEGFR2 signaling, for example 

has been shown to stimulate cell contractility by stimulating stress fiber formation. It would be interesting 

to determine whether Rasip1and Arhgap29 are necessary for VEGF-dependent stress fiber development 

and cell contractility. Additionally, it would be interesting to determine whether Rasip1 is necessary for 

other vascular processes downstream of VEGF, including angiogenesis, stalk and tip cell formation, 

vascular permeability, and responses to hypoxia. In work not shown here (my unpublished findings), 

Rasip1 has been shown to dramatically enrich in angiogenic tip cells and reduction of Rasip1 causes a 

marked increase in vascular sprouting. This finding points to the likelihood that Rasip1 regulates Notch-

Delta-like 4 (Dll4) signaling. Notch-Dll4 signaling is well known to be the main pathway that suppresses 

tip cell fate. This is a low-hanging fruit to encourage the study of Rasip1 regulation of tip cell 

specification on a transcriptional and protein signaling level.   

Rasip1 was shown to control the activity of several GTPases including Cdc42, Rac1, and RhoA 

[68]. Rasip1 was shown to stimulate Cdc42/Rac1 signaling and inhibit RhoA. While it was shown that 

RhoA-GTP is likely hydrolyzed by Arhgap29, there is still no mechanism for what GTPase activating 

proteins are activating Cdc42 and Rac1 downstream of Rasip1. Future studies will be needed to determine 

whether Rasip1 also controls other GTPases including Rap, Ras and Rab paralogs. Although we did not 

find that Rasip1 regulates Ras or Rap activity (data not shown), the activity of these GTPases was only 

assessed in unstimulated conditions. Rasip1 may regulate several GTPases in a context dependent 

manner, for example during lumen formation. Rasip1 also colocalizes with Rab5 and Rab8 vesicles so it 

would be interesting to see whether Rasip1 controls vesicular trafficking through regulation of Rabs.  

Mechanistically, Rasip1 has been suggested to dimerize and associate with a complex that 

includes HEG1 and Rap1 to control cell adhesion and vascular permeability.  Although many studies have 

shown Rasip1 is necessary for cell adhesion and cell contractility, no studies have determined the real 

structure of Rasip1 and whether it is used as a physical scaffold in cell adhesion complexes or whether it 

only functions upstream of by controlling various signaling cascades.  Inconsistent with its role in 
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adhesion, Rasip1 only partially localizes to cell adhesions transiently in vitro but most of the time it is 

found in small vesicular/endosomal structures. Additionally, Rasip1 has several domains that may 

regulate its function including a Forkhead association domain (FHA), a Ras-association domain (RA) and 

a dilute domain (DIL). The FHA domain has several residues that suggest Rasip1 is regulated by post-

translational modifications (data not shown). The RA domain is a GTPase binding domain and suggests 

that Rasip1 may bind to GTPases although this has not been validated. The Rasip1 DIL domain has great 

homology with non-muscle myosin heavy chain IIA, suggesting that it may dimerize with NMII to 

possibly control cell adhesion and contractility via actin. It is clear that very little is known about Rasip1, 

its structure, and its function. Future studies will be needed to determine the 3D molecular architecture of 

Rasip1, what its binding partners are, whether it is stimulated by particular ligands, whether it functions 

directly as a scaffold at cell adhesions, or whether it functions in other locations, such as in endosomes. 

Importantly, in this study, it is not known whether Rasip1 regulates Cdc42, Pak4, and NMII directly as a 

cascade, or whether these proteins are aberrantly regulated secondarily to overall cytoskeletal disruption 

after the depletion of Rasip1. Future efforts will fill in the gaps of the Rasip1-GTPase-NMII pathway and 

how it regulates cell adhesion and lumen formation.  

Although this study was informative in deciphering the role of Rasip1 during vasculogenesis, 

many issues arose which should be considered for those interested in further pursuing this project. The 

most important issue is the lack of faithful in vitro systems that model mouse vasculogenesis. HUVECs 

grown in 3D collagen matrices are a good model, but there are significant differences between HUVECs 

in this system and primary mouse ECs. Early mouse ECs in vivo clearly form lumens through multiple 

ECs extracellularly while HUVECs develop lumens within individual cells intracellulary. Because of this 

difference, molecular mechanisms deciphered using HUVECs cannot be directly compared to early 

mouse ECs during vasculogenesis, the latter of which are more “angioblast-like”. A more ideal lumen 

formation system would include mouse ECs isolated during vasculogenesis. We primarily focused on 

using genetic models and WEC with pharmacological inhibition because the lumen formation phenotypes 

obtained from HUVECs grown in 3D collagen matrices did not always recapitulate what ECs were doing 
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in vivo.  In addition, even with HUVECs, it is difficult to perform experiments which require large 

amounts of cells. Experiments like mass-spectrometry cannot be performed because large amounts of ECs 

cannot be isolated from lumen formation assays. This problem hampers the discovery of new Rasip1 

binding partners during vascular tubulogenesis. Eventually, these problems will not exist as better 

technology will certainly be developed to isolate small amounts of ECs in vivo and to perform protein 

assays with small amounts of lysate. Better technologies may also be developed in the future to 

knockdown and overexpress proteins in vivo, making a representative in vitro system less relevant.  

 

CONCLUSIONS 

Together, this dissertation aimed to determine the mechanism of blood vessel development downstream 

of GTPases and their regulatory proteins. We found that the GTPase Cdc42 is necessary for cell adhesion, 

cytoskeleton development, and polarity to drive blood vessel vasculogenesis and angiogenesis. We also 

show that GTPases are responsible for the fine cellular behaviors of ECs during lumen formation and 

expansion during vasculogenesis. We showed that cell adhesion complexes must be cleared from the 

apical membrane of developing blood vessels so that a lumen can develop between ECs. This process is 

controlled by NMII as it may tug adhesion complexes away from the apical surface on tracks of F-actin. 

We show that this process is controlled by several regulatory proteins including Rasip1, Cdc42, and Pak4. 

These findings have implications in anti-angiogenesis therapies, where we identify new targets that may 

be investigated to prevent angiogenesis and blood flow in pathological settings. Additionally, we identify 

a mechanism by which blood vessels regulate their diameters. RhoA-ROCK signaling uses NMII-F-actin 

contraction to constrict cells and prevent the expansion of newly forming blood vessel lumens. As vessels 

must grow, Rasip1 and Arhgap29 suppress RhoA and therefore stimulate cell spreading and vessel 

expansion. These findings can be implicated in a wide variety of studies in cellular and molecular biology 

that wish to investigate the mechanisms of cell contractility, lumen diameter, and permeability in a wide 

array of tissues and pathological settings. Although much has been learned, there are many new questions 
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that need to be address over the mechanisms of lumen formation itself and the molecular cascades that 

regulate them.  
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