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RNA viruses are a common cause of emerging diseases due to their vast genetic 

diversity. This diversity is largely attributed to mutations generated by the error-prone viral 

RNA-dependent RNA polymerase during replication. Despite the ability to acquire 

mutations beneficial to the virus, most mutations are deleterious and reduce viral fitness. 

This poses an obstacle for RNA viruses to successfully infect the host. In addition, a 

subset of RNA viruses are also enteric pathogens. In particular, these viruses must 

navigate several environments for transmission and subsequent infection through the 

fecal-oral route. In this work, I used poliovirus, an enteric RNA virus from the 
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Picornaviridae family, as a model system to study mechanisms of RNA virus co-infection 

and how bacteria influence picornavirus infection. 

Recent studies determined several modes of RNA virus transmission exist outside 

of canonical pathways, including en bloc transmission of multiple viruses into a single cell 

via bacteria or host-derived membrane vesicles. Co-infection of RNA viruses is important 

since it can enhance viral fitness. I determined that multiple polioviruses are found within 

a single plaque even at low multiplicity of infection. I also showed that poliovirus stocks 

contain virion aggregates and that aggregates induce co-infection. Furthermore, I found 

that co-infection frequency was increased when polioviruses were heavily mutagenized. 

This work suggests that co-infection can contribute to plaque formation and that co-

infection may assist plaque formation in situations with high genomic damage. This work 

contributes to mechanisms that influence co-infection of RNA viruses and potentially drive 

viral evolution.  

Infection by members of the Picornaviridae family can cause respiratory, cardiac, 

gastrointestinal, and neurological disease. These and other viruses encounter various 

bacteria within the host and in the environment. Despite these close encounters, the 

effects of bacteria on picornaviruses is not completely understood. Previous work 

determined that poliovirus has enhanced virion stability when exposed to bacteria or 

bacterial polysaccharides. Therefore, I investigated whether bacteria broadly enhance 

stability of picornaviruses from three different genera: Enterovirus (PV and coxsackievirus 

B3 (CVB3)), Kobuvirus (Aichi virus) and Cardiovirus (Mengo virus). I determined that 

specific bacterial strains enhance thermal stability of subset of viruses, while others were 

stable in the absence of bacteria. Additionally, I determined that bacteria can stabilize the 
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entire picornavirus panel when individually exposed to bleach. These effects are likely 

mediated through direct interactions with bacteria since viruses bound to bacteria in vitro. 

Overall, this work reveals shared and distinct effects of bacteria on a panel of 

picornaviruses with implications on viral transmission.  
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CHAPTER ONE 

 Introduction 

RNA Viruses  

RNA viruses are a major global threat to the human population. Of particular 

medical relevance are the human immunodeficiency virus and influenza viruses, to name 

a few. Viruses containing RNA genomes can readily adapt to specific selective pressures 

due to their highly diverse viral population. This diversity is largely attributed to error-prone 

replication of RNA viruses that results in the acquisition of mutations in the viral genome. 

These and other factors contribute to the pathogenicity, adaptability and evolution of RNA 

viruses. The study of RNA viruses and the factors that influence infection are pertinent to 

develop an in-depth understanding of viral transmission and evolution.   

 

The Picornaviridae Family 

The Picornaviridae viral family is composed of over 80 species that span over 35 

genera. The family name describes the small (pico-) RNA-containing viruses (Fields 

Virology, 2013). Members of this family are non-enveloped and contain a single-stranded, 

positive sense RNA genome approximately 7,500 nucleotides in length. Generally, the 

RNA genome is enclosed within an icosahedral capsid composed of 60 copies each of 

four structural proteins: VP1, VP2, VP3 and VP4. VP1, VP2 and VP3 are surface 

exposed, while VP4 is predominantly internal. One copy of each structural protein 

constitute the capsid protomer. Five copies of the protomer constitute a pentamer, which 

surrounds a fivefold axis of symmetry on the surface of the virion For several 

picornaviruses, this axis is surrounded by a canyon which varies in topological depth and 
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is dependent on the viral species. At the base of the canyon lies a hydrophobic pocket 

found in most picornaviruses. This pocket is occupied by a lipid “pocket factor” that is 

released during the uncoating process. The canyon plays an important role in viral 

receptor engagement and entry for several picornaviruses (Fields Virology, 2013). 

Upon attachment of the picornavirus to its cognate viral receptor, and possibly 

coreceptor(s), the virion undergoes conformational changes required for entry. The viral 

genome is subsequently released into the host cell cytoplasm and recruits host cell 

ribosomes for viral protein translation. As positive-stranded viruses, RNA translation 

immediately occurs and generates the viral polyprotein. The viral polyprotein is cleaved 

by the viral proteases to generate the structural and nonstructural proteins required for 

formation of the capsid and replication machinery, respectively. After replication, the virus 

exits the cell through lytic and non-lytic mechanisms (Fields Virology, 2013). 

 

Poliovirus 

Poliovirus was first identified in 1909 as the causative agent of acute flaccid 

paralysis, known as poliomyelitis (Landsteiner and Popper, 1909). In infected humans, 

poliovirus can be shed in feces 2-8 weeks post-infection (Racaniello, 2006). Poliomyelitis 

only occurs when poliovirus enters the central nervous system followed by infection and 

damage of motor neurons. Despite this hallmark disease, poliovirus causes paralysis in 

less than 1% of infected individuals. Due to the global initiative to eradicate the disease 

through vaccination measures, cases of poliovirus have decreased over 99% (Nathanson, 

2008; Racaniello, 2006). Furthermore, poliovirus has been eradicated in all countries 

except Afghanistan, Pakistan and Nigeria. Despite this initiative, there have been several 
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outbreaks of vaccine-associated infections in Guinea, Madagascar and Ukraine. These 

specific outbreaks were caused by circulating vaccine-derived poliovirus (VDPV) and 

some of the infected individuals developed vaccine-associated paralytic poliomyelitis. 

These outbreaks are likely caused by the circulation of live, attenuated virus from the 

trivalent oral poliovirus vaccine (OPV) originally created by Albert Sabin (Kew et al., 2002; 

A. B. Sabin, 1959). There is also an inactivated poliovirus vaccine, created by Jonas Salk, 

that is the current vaccine used in the United States (Salk et al., 1954). VDPV can 

circulate in the environment because individuals who are administered the OPV are 

capable of shedding virus post vaccination. Additionally, outbreaks may occur through 

lack of available vaccines in developing countries, political unrest and vaccination refusal. 

These outbreaks highlight both the importance for following vaccination procedures and 

for understanding viral evolution.  

In the laboratory, poliovirus can be used as a tool to dissect mechanisms and 

consequences of enteric and RNA virus infection. In particular, poliovirus can replicate in 

several cell types in the laboratory setting. Additionally, poliovirus has a reverse genetics 

system in place, suitable for generation of genetically characterized mutants (Racaniello 

and Baltimore, 1981). Furthermore, over 100 years of poliovirus research has yielded a 

large set of previously characterized and readily available mutants with various 

phenotypes (Leveque and Semler, 2015; Racaniello, 2006). 

Poliovirus is a member of the Picornaviridae family and is spread through the fecal-

oral route. Three serotypes of poliovirus exist, type 1 (Mahoney), type 2 (Lansing) and 

type 3 (Leon), and serotype is determined by the viral capsid. Poliovirus type 1 is the 

predominant strain circulating within the human population. Poliovirus type 1 has been 
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extensively studied which has led to the generation and characterization of several 

mutants. In this dissertation, poliovirus type 1 is the predominant strain used in the studies 

described. 

 Although the main cell target of poliovirus in the gastrointestinal tract is unknown, 

poliovirus infection occurs within cells expressing the poliovirus receptor (PVR), or CD155 

(C. Mendelsohn et al., 1986; C. L. Mendelsohn et al., 1989). PVR was identified as a 

member of the immunoglobulin superfamily (C. Mendelsohn et al., 1986; C. L. 

Mendelsohn et al., 1989). Within the intestine, poliovirus may infect epithelial Microfold 

(M) cells (Ouzilou et al., 2002; Sicinski et al., 1990). The PVR is ubiquitously expressed 

in nearly all human cells and is used by all three serotypes of poliovirus. Apart from 

expression in humans, PVR has homologs in Old World Primates, which include 

chimpanzees and African green monkeys (Ida-Hosonuma et al., 2003). However, 

conventional mice do not express human PVR and are not susceptible to infection by 

poliovirus. Once the cognate receptor for poliovirus was identified, a PVR transgenic 

(PVRtg) mouse model was generated to study viral pathogenesis (C. Mendelsohn et al., 

1986; R. B. Ren et al., 1990). In PVRtg mice, PVR is expressed in nearly all tissues, 

including the intestine (Koike et al., 1991; R. Ren and Racaniello, 1992; R. B. Ren et al., 

1990). These mice are susceptible to all 3 poliovirus serotypes. Additionally, these mice 

express PVR in most tissues, but disease does not occur following oral inoculation of 

poliovirus. However, poliovirus is pathogenic to PVRtg mice following intramuscular, 

intraspinal, intracerebral and intraperitoneal injection (Koike et al., 1991; R. Ren and 

Racaniello, 1992; R. B. Ren et al., 1990). Although PVR is widely expressed, not all 

tissues are infected by poliovirus, suggesting that PVR is not the sole determinant of 
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tissue tropism for poliovirus. Since picornaviruses were previously shown to be sensitive 

to the type 1 interferon response, mice were generated that express PVR, but lack 

expression of the interferon α/β receptor (PVRtg-IFNAR -/-) (Chebath et al., 1987; Ida-

Hosonuma et al., 2005; Ohka et al., 2007). Knockout of the IFN α/β receptor renders the 

mouse incapable of responding to interferon, a molecule essential in the innate immune 

response to various pathogens, including viruses. Importantly, PVRtg-IFNAR -/- mice are 

susceptible to poliovirus after oral inoculation (Ida-Hosonuma et al., 2005; Ohka et al., 

2007). This study was the first to provide an oral inoculation model for poliovirus infection, 

which is the natural route of infection (Ida-Hosonuma et al., 2005; Ohka et al., 2007). 

 

Aichi virus 

Aichi virus was first identified in 1989 from stool of a patient exhibiting 

gastroenteritis (Yamashita et al., 1991). The virus is spread through the fecal-oral route 

and is named after the location of the first isolation, which occurred in Aichi, Japan 

(Yamashita et al., 1991). Since the first isolation, Aichi has continuously been detected in 

stool of patients with gastroenteritis across Asia as well as in sewage in the Netherlands 

and elsewhere (Lodder et al., 2013; Yamashita et al., 1998). In fact, it is estimated that 

up to 95% of adults worldwide have been infected by Aichi virus (Kitajima and Gerba, 

2015). Sequence analysis indicated the genome had approximately 20% homology to 

others viruses in this family and was classified into a new genus of the Picornaviridae 

family, Kobuvirus (Yamashita et al., 1998). A distinct characteristic of this virus from other 

viral family members is the formation of the mature capsid proteins. For Aichi virus, VP0 

is not cleaved into the classical VP4 and VP2 capsid proteins found within other members 



 

 

6 
 

of this viral family (Yamashita et al., 1998). Instead, VP0 is retained in the surface-

exposed protomer: VP0, VP1, VP3 (Yamashita et al., 1998).  Additionally, the 

characteristic deep canyon observed for several other picornaviruses is subtle and 

shallow on the Aichi capsid surface (C. Sabin et al., 2016; Zhu et al., 2016). As previously 

stated, the canyon is considered an important site for virus-host receptor interactions of 

several picornaviruses. Intriguingly, Aichi virus also lacks the hydrophobic pocket 

structure of many other picornaviruses (Rossmann et al., 2002). Overall, Aichi virus has 

distinct topological features that differ from other members of the Picornaviridae family. 

The implications for these topological differences is still unclear.  

Despite the clinical relevance of Aichi virus, mechanisms of infection and 

transmission are not well understood. To date, the receptor(s) remains to be identified 

and a mouse model for the virus is not available. However, a reverse genetics system 

was established for Aichi virus and this virus can replicate in Vero cells, a kidney 

embryonic cell line from African green monkeys (Sasaki et al., 2001).  

 

Coxsackievirus 

 Coxsackievirus is a member of the Enterovirus genus and is transmitted through 

the fecal-oral route. Coxsackievirus was first identified in 1948 from stool of two patients 

exhibiting mild paralysis (Dalldorf and Sickles, 1948; Dalldorf et al., 1949). Indeed, this 

virus isolate also caused paralysis in newborn mice (Dalldorf and Sickles, 1948; Dalldorf 

et al., 1949). This virus is named after the location of its initial isolation: Coxsackie, New 

York. Coxsackieviruses are separated into two groups: Group A and Group B, which 

cause different pathologies in newborn mice (Dalldorf and Sickles, 1948; Dalldorf et al., 
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1949; Garmaroudi et al., 2015). Group A coxsackieviruses generally cause myositis, or 

muscle inflammation (Bergelson et al., 1997; Garmaroudi et al., 2015). Group B viruses 

generally cause myocarditis, or inflammation of the heart (Garmaroudi et al., 2015). To 

date, 30 serotypes of coxsackievirus have been identified, 23 belonging to Group A and 

6 to Group B (Garmaroudi et al., 2015). Coxsackievirus B3 (CVB3) is used in the work 

described in Chapter 3 of this dissertation. 

CVB3 infection occurs in specific target cells expressing the coxsackievirus and 

adenovirus receptor (CAR), a member of the immunoglobulin family (Bergelson et al., 

1997). CVB3 can also use a coreceptor, the decay-accelerating growth factor (DAF), for 

infection of specific cell types (Hafenstein et al., 2007; Selinka et al., 2002; Shafren et al., 

1995). DAF, or CD55, is a surface-exposed regulatory protein (Hafenstein et al., 2007; 

Selinka et al., 2002; Shafren et al., 1995). Additionally, heparan sulfate (HS) has been 

implicated to be a co-receptor for coxsackieviruses (Zautner et al., 2003). Both CAR and 

DAF are expressed in various cells within the human host (Garmaroudi et al., 2015).  

Intriguingly, sex plays an important role in CVB3 pathogenesis. In humans, males 

have a higher likelihood of developing disease following coxsackievirus infection when 

compare to females (Shah et al., 2003). Additionally, following the natural oral route of 

infection, males were more susceptible than females during CVB3 infection in IFNAR -/- 

mice (Robinson et al., 2017). Other factors, such as host bacteria, may play a role during 

coxsackievirus infection as germ-free mice were more susceptible than conventional mice 

(Schaffer et al., 1963). However, this particular finding followed infection by the 

intraperitoneal route, not the oral route (Schaffer et al., 1963). Indeed, studies addressing 
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the effects of the host gut bacteria on coxsackievirus following the natural route of 

infection warrant further investigation.  

 

Mengo virus 

 Mengo virus belongs to the Cardiovirus genus and is spread through the fecal-oral 

route. Mengo virus was isolated in 1948 from a rhesus monkey exhibiting hind limb 

paralysis (Carocci and Bakkali-Kassimi, 2012; Dick et al., 1948). The virus is named after 

the location of initial isolation in the Mengo district of Entebbe, Uganda (Dick et al., 1948). 

Mengo virus is antigenically similar to another virus in the genus, encephalomyocarditis 

virus (EMCV). Sialoglycoproteins on human cells are involved in attachment and 

subsequent entry of EMCV (Burness and Pardoe, 1983). Indeed, the vascular cell 

adhesion molecule-1 (VCAM-1) is a sialoglycoprotein and was found to be the receptor 

for EMCV on primary murine vascular endothelial cells (Huber, 1994).  However, the 

exact cell receptor(s) for Mengo virus in human cell lines are still unknown.  

 While EMCV and Mengo viruses rarely cause disease in humans, these viruses 

can infect a multitude of hosts. In non-human primates, these viruses can cause acute 

heart failure (Carocci and Bakkali-Kassimi, 2012). In mammals, such as pigs and mice, 

these viruses can cause myocarditis (Carocci and Bakkali-Kassimi, 2012). Furthermore, 

EMCV and Mengo virus can cause meningo-encephalomyelitis in mice infected by 

intraperitoneal or intracerebral routes (Veckenstedt, 1974).  Many mouse strains are 

susceptible to EMCV and Mengo virus infection, however studies utilizing these models 

often bypass the natural fecal-oral route of infection. Indeed, studies of Mengo virus by 
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oral inoculation have not been performed and the factors that may facilitate infection by 

this route are unknown.  

 

RNA VIRUS QUASISPECIES THEORY AND VIRAL EVOLUTION 

 

RNA viruses, including poliovirus, are genetically diverse. RNA viruses harbor 

various mutations in their genome due to the lack of proofreading activity of the viral RNA 

dependent RNA polymerase (RdRp). RNA viral genomes can contain an average of one 

mutation per genome due to this mechanism alone (Domingo and Holland, 1997; Drake, 

1993). Like many other RNA viruses, poliovirus has a high particle to plaque forming unit 

(PFU) ratio: 30:1 to 1,000:1 due to assembly defects, mutations and inefficient cell 

attachment (Fields Virology, 2013). For poliovirus, the mutation frequency is 

approximately 10-4 per nucleotide, per replication cycle in vitro (Ward et al., 1988). This 

mutation frequency generates heterogeneous viruses within a population, also commonly 

referred to as a viral quasispecies (Domingo et al., 1985). The theory of quasispecies is 

a mathematical concept to describe complex populations and has been applied to RNA 

virus populations (Domingo et al., 1985) .  

Diverse populations of viruses carrying unique mutations can be beneficial to the 

virus by conferring resistance to neutralizing antibodies or drug treatments. However, 

most mutations are detrimental and reduce fitness of the virus. Intriguingly, passage of 

poliovirus in the presence of the mutagen ribavirin (RBV) resulted in a RBV-resistance 

mutation that conferred higher fidelity of the RdRp (G64S) (Pfeiffer and Kirkegaard, 2003). 

This specific mutation reduced the error frequency, thereby limiting reversion of additional 
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engineered mutations. Importantly, G64S poliovirus had reduced viral fitness during 

infection in vivo, indicating that diversity of a given viral population is necessary for 

virulence (Pfeiffer and Kirkegaard, 2005; Vignuzzi et al., 2005; Vignuzzi et al., 2006).  

RNA viruses may overcome mutation-induced defects by several genetic 

mechanisms. First, error-prone RNA replication can revert mutations (Domingo and 

Holland, 1997; Drake, 1993). Second, genetic recombination can occur when two distinct 

viruses co-infect the same cell and exchange genetic information (Kirkegaard and 

Baltimore, 1986). Recombination can combine mutations on a single viral genome, or 

“erase” mutations by restoring the viral consensus sequence. Indeed, recombination of 

genomes has been observed with poliovirus and other enteroviruses (Arita et al., 2005; 

Cuervo et al., 2001; Dahourou et al., 2002; Furione et al., 1993; Holmblat et al., 2014; 

Sergiescu et al., 1969; Simmonds et al., 2005). Furthermore, defective genomes are 

capable of undergoing recombination and thus restoring their fitness in vivo (Holmblat et 

al., 2014). Individuals infected with VDPVs, particularly those that exhibit paralysis, are 

commonly infected with viruses that have undergone genetic exchange (Cherkasova et 

al., 2002; Dahourou et al., 2002; Furione et al., 1993; Liu et al., 2000). Third, fitness may 

be restored by complementation, whereby two viruses with distinct genetic defects co-

infect a cell and these defects are complemented by the functional genome/protein. 

Complementation of poliovirus genomes has also been observed within brain tissues of 

infected mice (Vignuzzi et al., 2005). Fourth, fitness may be restored by reassortment. 

Reassortment can occur when two distinct, segmented viruses co-infect the same cell 

and generate progeny viruses containing a mixture of segments from both viruses. 

Genetic mechanisms such as recombination, complementation, and reassortment all 
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require a cell to be co-infected by two, or more, viruses. Overall, these events can 

promote viral diversity and may enhance pathogenesis of several RNA viruses (Dolan et 

al., 2018; Holmblat et al., 2014; Pfeiffer and Kirkegaard, 2005; Vignuzzi et al., 2006; Xiao 

et al., 2017).  

 

Mechanisms of RNA virus co-infection  

Several recent studies have shown that co-infection of RNA viruses can occur as 

a result of non-lytic, cell-to-cell transmission through membrane vesicle structures. During 

infection, poliovirus can be packaged in phosphatidylserine-rich vesicles (Chen et al., 

2015). This mode of packaging facilitated the transport of several viral particles, and thus 

co-infection, to neighboring cells in vitro (Chen et al., 2015). More recently, it was 

demonstrated that norovirus and rotavirus can be shed in stool within vesicle structures 

derived from the host cell’s endoplasmic reticulum or multi-vesicular body membranes, 

respectively (Santiana et al., 2018).  Importantly, these vesicle-enclosed viruses were 

more infectious than single particles during fecal-oral transmission (Santiana et al., 2018). 

Additionally, poliovirus and CVB3 can exit cells through vesicles derived from 

autophagosomes, a process referred to as AWOL (autophagosome-mediated exit without 

lysis) (Bird et al., 2014; S. M. Robinson et al., 2014). Both hepatitis A and C viruses can 

exit infected cells through exosomes, or vesicle-like structures, thus mediating the 

transfer of infectious viral particles and RNA to neighboring cells in vitro (Dreux et al., 

2012; Feng et al., 2013; Longatti et al., 2015; Ramakrishnaiah et al., 2013). These works 

highlight the existence of mechanisms that influence co-infection of RNA viruses, and 

potentially promote viral evolution. 
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Increasing evidence supports the idea that bacteria promote infection of 

mammalian viruses (Pfeiffer and Virgin, 2016). While it is clear that enteric viruses interact 

closely with the host microbiota, whether these bacteria influence diversity of these 

viruses had not been studied until recently. Our lab screened 40 bacterial strains for 

poliovirus binding and found that nearly all could bind the virus, and multiple virions could 

bind each bacterial cell (Erickson et al., 2018). Importantly, several of these bacterial 

strains induced the co-infection of distinct genetically marked polioviruses, even at a low 

MOI. Furthermore, co-infection of viruses correlated with the ability of bacteria to adhere 

to host cells. As a result of bacteria-mediated co-infection, genetic recombination 

occurred between two distinct parental strains with separate genetic defects, restoring 

viral fitness of progeny recombinant viruses. Additionally, our lab determined that bacteria 

can facilitate the co-infection of multiple distinct parental viruses, with up to 6 different 

parental viruses observed in a single plaque (Erickson et al., 2018). Overall, these 

findings indicate that bacteria mediate viral co-infection and may influence viral evolution.  

 

THE MAMMALIAN INTESTINAL MICROBIOTA 

 

The Mammalian Intestine 

The mammalian intestine is a complex organ, home to various cell types and 

microorganisms, including commensal bacteria. The intestine is lined with intestinal 

epithelial cells (IECs) that benefit the host by absorbing nutrients and providing a physical 

barrier against the contents of the gut lumen, including the gut microbiota. Included in the 
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group of IECs are M cells, which can sample lumenal contents and transport them across 

the barrier. These contents can then be presented to dendritic cells and macrophages to 

induce necessary immune responses. In addition to the IEC barrier, the intestine is also 

lined with a dense inner mucus layer as an additional layer of protection, extending 

approximately 50 M from IECs (Peterson and Artis, 2014; Vaishnava et al., 2011). This 

inner mucus layer is a ‘bacteria free’ zone. In the colon, an outer mucus layer is present, 

with both inner and out mucus layers extending approximately 150 M from the IECs 

(Johansson et al., 2008; Peterson and Artis, 2014).  

Apart from physical intestinal barriers, other secretory factors are present within 

the intestine and play an important role in homeostasis of the gut. Paneth cells secrete 

antimicrobial peptides (AMPs), such as defensins and lectins, that aid in defense against 

bacterial invasion (Peterson and Artis, 2014). Within this group of AMPs is regenerating 

islet-derived protein III (RegIII), a C-type lectin that targets intestinal bacteria through 

recognition of the surface polysaccharide, peptidoglycan (PG) (further discussed in 

“bacterial surface molecules”) (Cash et al., 2006). RegIII was also shown to contribute 

to the spatial barrier of intestinal bacteria and the host (Vaishnava et al., 2011). AMPs are 

induced following recognition and activation of the intestinal immune response by pattern 

recognition receptors. An additional host factor that plays a role in intestinal homeostasis 

is secretory immunoglobulin A, the most abundant immunoglobulin within the host 

(Macpherson and Uhr, 2004; Suzuki et al., 2004). This secretory antibody limits bacterial 

invasion by binding directly to bacteria (Peterson and Artis, 2014). Additionally, this 

antibody controls poliovirus infection in infected individuals (Valtanen et al., 2000). 
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Ultimately, several host factors play important roles in maintaining symbiotic relationships 

within the intestine.  

Enteric viruses, including poliovirus, encounter the complex environment of the 

intestine and face many barriers within the host. Following ingestion, these viruses 

encounter digestive enzymes within the saliva, stomach and small intestine of the host. 

Peristalsis, involuntary muscle contraction to induce movement of intestinal contents by 

the parasympathetic nervous system, moves the virus through differential pHs until it 

ultimately reaches its replication site in the lower part of the small intestine, the ileum 

(Huizinga and Lammers, 2009). The environment within the stomach is extremely acidic, 

maintaining pH values between 1.5 and 2 to aid in digestion. Poliovirus is acid tolerant, 

but there is some inactivation by the low gastric pH in PVRtg, IFNAR-/- mice (Ohka et al., 

2007). Therefore, it is likely that low pH may also reduce the number of viable polioviruses 

able to reach the ileum. These factors, among others, contribute to the possibility that 

initial infection of enteric viruses is likely a low MOI event.  

 

Host Intestine Bacterial Microbiota 

The human gut microbiota is composed of bacteria, archaea, viruses, fungi and 

several other organisms (Pfeiffer and Virgin, 2016). An individual’s microbiota begins 

establishing at the moment of birth. Each individual harbors a unique microbiota and the 

method of birth causes distinct differences in the initial microbiota that becomes 

established (Dominguez-Bello et al., 2010). Despite the unique differences in microbial 

composition of the gut between person to person, there are also distinct, commensal 

organisms that are shared amongst individuals. These organisms belong to four distinct 
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phyla of the bacterial kingdom, which includes Bacteroidetes, Firmicutes, Proteobacteria 

and Actinobacteria (Eckburg et al., 2005; Turnbaugh et al., 2009). The most abundant of 

these four phyla are the Bacteroides and Firmicutes (Eckburg et al., 2005; Turnbaugh et 

al., 2009). The phyla Bacteroides and Firmicutes, include Bacteroides and Clostridium, 

and Lactobacillus and Bacillus, respectively (Honda and Littman, 2012). Other factors that 

can also affect the composition of the microbial community include stress, changes in diet 

and administration/consumption of antibiotics. Overall, the hosts’ intestinal microbiota 

play an important role in intestinal homeostasis, immunity and digestion (Honda and 

Littman, 2012). 

 

Bacterial Surface Molecules 

The intestinal microbiota is composed of over a trillion (1012) bacteria from various 

phyla. These bacteria are designated as Gram-negative or Gram-positive according to 

the outcome of gram staining developed by Hans Gram in the late 1800s. Gram-negative 

bacteria appear pink after crystal violet staining due to their thinner layer of PG, whereas 

Gram-positive bacteria have a thick layer of PG that retain the violet dye after de-staining. 

Gram-negative bacteria have an outer membrane  that contains lipopolysaccharide (LPS) 

on their surface. LPS is a disaccharide comprised of six to seven acyl chains, a 

polysaccharide core, and O-antigen (Silhavy et al., 2010). Gram-positive bacteria lack an 

outer membrane and are stained purple due to the retention of crystal violet within the 

thick layer of PG found on the outer surface. PG is composed of N-actelyglucosamine 

(GlcNac) and N-acetylmuramic acid chains (Silhavy et al., 2010). In addition to PG, Gram-

positive bacteria also harbor lipoteichoic acids on the bacterial cell surface (Silhavy et al., 
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2010). These surface compounds aid in bacterial identification as well as in bacterial cell 

shape, permeability and protection.  

 

Mammalian virus-host microbiota interactions 

In the last few years, studies from multiple groups have shown that intestinal 

bacteria play an important role in the infection of several unrelated RNA enteric viruses, 

including poliovirus, reovirus, rotavirus, mouse mammary tumor virus (MMTV) and 

noroviruses (Baldridge et al., 2015; Jones et al., 2014; Kane et al., 2011; S. K. Kuss et 

al., 2011; Uchiyama et al., 2014). Bacteria may promote viral infection through direct 

effects on viral particles or indirect effects on the host (Baldridge et al., 2015; Jones et 

al., 2014; Kane et al., 2011; S. K. Kuss et al., 2011; Li et al., 2015; Pfeiffer and Virgin, 

2016; C. M. Robinson et al., 2014; Uchiyama et al., 2014). For poliovirus, the intestinal 

microbiota was required for efficient replication and pathogenesis in mice (S. K. Kuss et 

al., 2011). More specifically, bacteria increased the attachment of poliovirus to host cells 

in a poliovirus receptor (PVR)-dependent manner and also limited virion inactivation from 

heat or bleach treatment in vitro (S. K. Kuss et al., 2011; C. M. Robinson et al., 2014). 

The enhancement of poliovirus attachment requires polysaccharides that contain GlcNAc 

chains longer than 6 units (S. K. Kuss et al., 2011; C. M. Robinson et al., 2014). Our lab 

further determined that poliovirus binds to the surface of bacteria, indicating that direct 

interactions are mediating these observed effects (Erickson et al., 2018; S. K. Kuss et al., 

2011; C. M. Robinson et al., 2014). Furthermore, this effect was observed using an 

unrelated enteric virus, reovirus, demonstrating that intestinal bacteria may have a similar 

effect on other enteric viruses (Berger et al., 2017; S. K. Kuss et al., 2011). Indirect 



 

 

17 
 

mechanisms of bacteria-mediated enhancement of enteric viral infection include 

modulation of the host immune response (Baldridge et al., 2015; Kane et al., 2011). 

During MMTV infection, interaction of MMTV with LPS activated TLR4 signaling and 

subsequent IL-10 production, leading to immune tolerance of the virus (Kane et al., 2011). 

Therefore, MMTV specifically required LPS to propagate within the mouse host (Kane et 

al., 2011). Intestinal bacteria that express certain histo-blood group antigens were 

required for infection of human norovirus in vitro and intestinal microbiota promoted 

murine norovirus replication in vivo (Jones et al., 2014). This finding ultimately led to the 

first cell culture system for human norovirus (Jones et al., 2014). For murine norovirus, 

bacteria may dampen IFN-λ mediated effects (Baldridge et al., 2015). Overall, it is clear 

that intestinal bacteria promote infection of mammalian viruses that replicate within the 

gut. Despite the recent advances in understanding the relationship between gut microbes 

and enteric viruses, understanding the effect that gut microbes have on other viruses 

related to poliovirus have yet to be fully defined. Overall, bacteria facilitate infection of 

several unrelated RNA viruses through several mechanisms.  
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CHAPTER TWO 

Plaques Formed by Mutagenized Viral Populations Have Elevated Co-infection 

Frequencies 

 

Introduction 

 Viral concentrations are frequently determined using the plaque assay, which is 

based on the principle that each plaque represents one infectious unit (Dulbecco and 

Vogt, 1953). Many mammalian viruses have high particle to plaque-forming unit (PFU) 

ratios due to various factors such as assembly defects, mutations, and inefficient steps 

during the viral replication cycle (Duarte et al., 1992; Muller, 1964; Yuste et al., 1999). For 

most mammalian viruses, the number of plaques is directly proportional to the 

concentration of virus. This indicates that one infectious particle gives rise to one plaque, 

providing a “one hit” model for plaque formation. However, certain viruses of plants and 

fungi have a “two hit” model, whereby two particles containing different genome segments 

are required to co-infect the same cell to facilitate productive infection and plaque 

formation (Ghabrial and Suzuki, 2009; Rao, 2006). Recently, Ladner et al. reported that 

a mammalian virus has a “three hit” model (Ladner et al., 2016). This virus is composed 

of five genome segments, each packaged in five separate viral particles; however, a 

minimum of three segments were required to facilitate productive infection. While 

previous work indicates that, for most mammalian viruses, plaque number appears to 

correlate linearly with the dilution of virus plated, it is possible that some plaques may be 

the products of co-infection.  

Several mechanisms could facilitate co-infection of viruses. Previous reports 

demonstrated that cells may be infected by more than one virus at a higher frequency 
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than predicted by Poisson distribution (Bird and Kirkegaard, 2015; Bird et al., 2014; Chen 

et al., 2015; Combe et al., 2015; Shabram and Aguilar-Cordova, 2000). For example, 

poliovirus can be packaged in phosphatidylserine vesicles, which promotes co-infection 

of neighboring cells (Chen et al., 2015). Multiple coxsackievirus B3 and hepatitis A virions 

can also be packaged in vesicle-like structures (Feng et al., 2013; S. M. Robinson et al., 

2014). Vesicular stomatitis virus was found to form plaques containing two different viral 

genomes, indicating that co-infection occurred (Combe et al., 2015). Additionally, many 

different viruses aggregate in solution and could induce co-infection (Floyd and Sharp, 

1977, 1978, 1979; Wallis and Melnick, 1967). Viral stocks of vaccinia virus, influenza 

virus, adenovirus, herpes virus, and echovirus contained virion aggregates that were 

resistant to antibody-mediated neutralization and/or radiation (Sharp and Dunlap, 1966; 

Wallis and Melnick, 1967). Poliovirus and reovirus particles can aggregate in sewage, 

which may contribute to initial infection of the host and it is possible that virion aggregates 

exist in vivo (Sharp et al., 1975; Young and Sharp, 1977).  

RNA viruses undergo error-prone replication due to lack of proofreading activity of 

their RNA-dependent RNA polymerase (RdRp). Much has been learned about RNA virus 

mutation-associated fitness effects from viral populations harboring increased or 

decreased mutation frequencies. Crotty et al. demonstrated that the nucleoside analog 

RBV is an RNA virus mutagen. RBV is incorporated into nascent RNA by the viral RdRp, 

which increases transition mutations and can cause “error catastrophe” (Crotty et al., 

2001). Conversely, poliovirus passaged in the presence of RBV acquired a single point 

mutation in the RdRp, G64S, which increased fidelity of viral RNA synthesis and reduced 

the error frequency of the viral population (Arnold et al., 2005; Pfeiffer and Kirkegaard, 
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2003). Importantly, G64S poliovirus had reduced viral fitness during infection of mice, 

indicating that viral population diversity is necessary for virulence (Pfeiffer and 

Kirkegaard, 2005; Vignuzzi et al., 2005). 

RNA viruses may overcome mutation-induced fitness costs by several genetic 

mechanisms (Domingo and Holland, 1997). These include reversion, recombination, 

reassortment and complementation (discussed in “mechanisms of RNA virus co-

infection”). Overall, these genetic processes can alter viral diversity and increase fitness. 

In this work, I examined whether viral plaques are derived from a single founder 

and whether viruses with increased genome damage may be more reliant on co-infection 

for plaque formation. Through the use of a genetic assay with ten distinct polioviruses 

and a phenotypic assay with two distinct polioviruses, I have shown that multiple parental 

viruses can be found within a single plaque, which I refer to as a chimeric plaque. I 

determined that 5-7% of plaques were derived from two or more viruses. To assess 

factors contributing to co-infection, I used dynamic light scattering and electron 

microscopy to demonstrate that viral stocks contain both single particles and aggregates, 

suggesting that infection with virion aggregates is likely responsible for chimeric plaque 

formation. Indeed, inducing virion aggregation via exposure to low pH increased co-

infection frequency in a separate flow cytometry-based assay. I examined whether there 

were situations where co-infection frequencies varied and whether co-infection may assist 

plaque formation. Using high fidelity G64S polioviruses that harbor fewer mutations than 

wild-type (WT) and RBV-mutagenized polioviruses that harbor more mutations than WT, 

I found that co-infection frequency correlated with mutation load. In fact, 17% of plaques 

from mutagenized virus infections were the product of co-infection. This work indicates 



 

 

21 
 

 
 
 

more than one virus can contribute to plaque formation and that co-infection may assist 

plaque formation in situations where the amount of genome damage is high.  

 

Materials and Methods 

Cells and viruses.  

HeLa cells were propagated in Dulbecco’s modified Eagle’s medium (DMEM) 

supplemented with 10% calf serum and 1% penicillin/streptomycin. All infections were 

performed using viruses derived from Mahoney serotype 1 infectious cDNA clone variants 

containing WT-RdRp, G64S-RdRp, with or without 3NC-202guaR mutations (see Fig. 5A 

for schematic) (Kirkegaard and Baltimore, 1986; Pfeiffer and Kirkegaard, 2003). The 3NC-

202guaR virus contains two mutations that confer guanidine resistance (2C-M187L and 

2C-V250A) and an insertion in the 3’ non-coding region that confers temperature 

sensitivity (3-NC202) (Kirkegaard and Baltimore, 1986; Sarnow et al., 1986). To generate 

highly-mutagenized poliovirus, 1 x 106 HeLa cells were pre-treated with 800 μM RBV 

(Sigma) for 1 h. Approximately 1 x 105 plaque-forming units (PFU) of virus was used to 

infect the cells for 30 min at 37°C and 5% CO2. Unattached virus was washed with PBS 

and media containing 800 μM RBV was added to the cells. Virus was harvested at 

approximately 7 hours post infection (hpi) in 1 mL phosphate-buffered saline 

supplemented with 100 μg/mL CaCl2 and 100 μg/mL MgCl2 (PBS+). Passage of virus in 

the presence of RBV was repeated 4-5 times. For the genotypic assay, ten polioviruses 

derived from Mahoney serotype 1, each containing unique silent point mutations in the 

VP3-capsid coding region, were used as previously described (Kuss et al., 2008). 

 



 

 

22 
 

 
 
 

Quantifying dual parent vs. single parent plaque viruses.  

The ten polioviruses containing unique silent point mutations were mixed in 

equivalent amounts with PBS+ and incubated at 37°C for 1 h. After incubation, the viral 

mixture was diluted to a multiplicity of infection (MOI) of ~0.00001 and plated onto 10 cm 

plates seeded with 1 x  106 HeLa cells. After attachment, unbound virus was removed 

and an agar overlay was added as previously described (Pfeiffer and Kirkegaard, 2003). 

Plates were incubated at 37°C and 5% CO2 for 48 h, plaques were picked, and plaque 

agar plugs were placed into tubes containing 1 ml PBS+. Plaque stocks were freeze-

thawed three times to release virus and 200 μl of these viruses were used to infect fresh 

HeLa cells to generate viral RNA for analysis of parental viruses. At 6 hpi, total RNA was 

isolated using TRI-Reagent (Sigma-Aldrich) according to the manufacturer’s instructions. 

cDNA synthesis, PCR, blotting, and hybridization using 32P-labeled oligonucleotide 

probes specific for each of the ten viral sequences was performed as previously described 

(Kuss et al., 2008). 

 In the phenotypic assay, 1 x 105 PFU of DrugS/TempR poliovirus and DrugR/TempS 

poliovirus were incubated in PBS+ for 1 h at 37°C. After incubation, the viral mixture was 

diluted to a MOI of ~0.00001 and plated onto 10 cm plates seeded with 1 x 106 HeLa 

cells. After attachment, unbound virus was removed and agar overlay was added as 

previously described (Pfeiffer and Kirkegaard, 2003). Plates were incubated at 33°C and 

5% CO2 in the absence of guanidine hydrochloride (Sigma) for 4-5 days. Plaques were 

picked and placed into tubes containing 1 mL PBS+. To release virus, plaques stocks 

were freeze-thawed three times prior to screening. Plaque viruses were screened by 

performing plaque assays under selective growth conditions (33°C with 1 mM guanidine 
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or 39°C without guanidine). To ensure that phenotypes could be discriminated accurately, 

trial blinded experiments were performed and DrugS/TempR vs. DrugR/TempS viruses 

were correctly scored. Of several hundred plaques that were picked during the course of 

this study, 14 did not contain detectable virus and were not included in the analysis. It is 

likely that these “plaques” were non-viral defects in the monolayer. Because no detectable 

virus was present in these samples, it is unlikely that inefficient/abortive infections that 

yield low-level virus are common in this system. 

 

Analysis of poliovirus aggregation by electron microscopy.  

Poliovirus stocks were purified by cesium chloride gradient centrifugation and were 

concentrated and desalted using Amicon filters (Millipore) as previously described (S.K. 

Kuss et al., 2011). Poliovirus samples containing 9.3 x 106 PFU were inactivated by 

treating with 2.5% glutaraldehyde for 1 h at room temperature. After inactivation, 2.5 µl of 

the inactivated virus was placed on 400 mesh carbon-coated copper grids that had been 

glow discharged for 30 s using PELCO EasiGlow™ 91000. Grids were stained with 2% 

phosphotungstic acid and examined using a TEI Technai G2 Spirit Biotwin transmission 

electron microscope (FEI, Hillsboro, OR) equipped with a Gatan ultrascan CCD camera, 

operated at an acceleration voltage of 120 kV. Images were taken at a magnification of 

13,000x and 30,000x. 

 

Quantifying poliovirus aggregation using dynamic light scattering.  

Samples of 5 x 104 PFU gradient purified poliovirus (see electron microscopy 

methods above) were prepared in a total volume of 20 µL and samples were centrifuged 
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at 10,000 rpm for 10 min before data acquisition to remove dust or contaminants. 

Experiments were performed on a Protein Solutions DynaPro instrument equipped with 

a temperature-controlled microsampler (Wyatt Technology) using 20 s acquisition time 

and 20% laser power. Each measurement was an average of 20 data points. The data 

were processed with the program Dynamics V6. The radii and the size distribution were 

calculated with the regularization algorithm provided by the software.  

 

Flow cytometry-based assay for co-infection.  

Viruses derived from Mahoney serotype 1 infectious cDNA clone (PV) encoding 

Aequorea coerulescens GFP (GFP) or Discosoma sp. red (DsRed) fluorescent proteins 

inserted after amino acid 144 of PV protein 2A (PV-2A144-GFP and PV-2A144-DsRed) 

have been previously described (Teterina et al., 2010). Equal amounts of GFP-PV and 

DsRed-PV (1 x 104 PFU each) were incubated in 200 μL of PBS (pH 7.4) or 0.05 M 

glycine-hydrochloride (glycine-HCL)/H2O buffer (pH 3) for 4 h at room temperature. HeLa 

cells grown in 6-well plates containing approximately 2 x 106 cells/well were mock infected 

with pH 3 buffer or infected with the GFP- and/or DsRed-PV mixtures for 15 min at 37°C. 

The cells were washed with PBS and 2 mL of DMEM supplemented with 5% calf serum 

and 1% penicillin/streptomycin was added to each well. After incubation for 16 h at 37°C 

and 5% CO2, cells were harvested using 0.1% trypsin/0.05% EDTA solution, washed and 

fixed with 2% paraformaldehyde fixation solution for 15 min at room temperature and 

resuspended in 300 μL 2% fetal bovine serum/PBS. Expression of GFP and DsRed was 

determined using a FACSCalibur cytometer equipped with 488- and 635-nm lasers. 

FACS data were analyzed using FlowJo software. Given the low MOI, a relatively large 
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number of cells (2 x 105) were counted for each experimental condition. Experiments 

performed with a range of MOIs demonstrated that the conditions used here were in the 

linear range and above the detection limit (data not shown). Additionally, the observed 

co-infection frequency of 0.0048% is nearly identical to the co-infection frequency 

predicted by Poisson’s distribution (0.005%) (Fig. 4E). Gates were determined using 

uninfected cells or singly infected cells as indicated in the legend for Figure 4.  

 

Quantifying mutation frequency of viruses.  

Error frequencies were determined by acquisition of guanidine resistance, as 

previously described (Pfeiffer and Kirkegaard, 2003). Because the DrugR/TempS viruses 

are uninformative for this assay, I scored the frequency of guanidine resistance in the 

DrugS/TempR viruses (grown in parallel with the DrugR/TempS viruses) in the 1) WT-RdRp 

background, 2) G64S-RdRp background, or 3) WT-RdRp background mutagenized with 

RBV (see Fig. 4A for schematic). Viral dilutions were plated on approximately 1 x 106 

HeLa cells to determine viral titer by plaque assay at 33°C and 39°C in the presence or 

absence of 1 mM guanidine hydrochloride. The error frequencies were determined by 

dividing PFU/mL obtained in the presence of drug by PFU/mL in the absence of drug. 

Note that the highest observed error frequency (DrugR reversion frequency) was 1.6 x 

103, meaning that 1 in every 625 viruses lost the guanidine resistance phenotype. 

Because the number of plaques screened in the phenotypic assay is much lower than 

this reversion frequency, it is unlikely that gain or loss of the DrugR marker impacted 

quantification of co-infection. To quantify the relative specific infectivity for WT-RdRp, 

G64S-RdRp, and WT-RdRp + RBV stocks, RNA was extracted from 1 x 106 PFU of each 
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stock using TRI-Reagent (Sigma) with carrier RNA from 106 HeLa cells, and quantification 

of poliovirus RNA was performed using quantitative RT-PCR. Reverse transcription was 

performed with Superscript II (Invitrogen) using an antisense primer 5′ TGTAACGCCTC 

CAAATTC CAC 3′ in the VP2-capsid coding region. To perform qPCR, 5 μL of the cDNA 

reaction was mixed with SYBR green PCR master mix reagent (Applied Biosystems) and 

10 μM of each primer. The VP2 capsid region was amplified with the sense primer 5’ 

TGAGGGA CATGGGACTCTTT 3’ and the antisense primer above using an Applied 

Biosystems 7500 system. Cycling conditions were: 1 cycle for 2 min at 50°C and 10 min 

at 95°C, followed by 40 cycles of 15 sec at 95°C and 1 min at 60°C. The qPCR reactions 

were performed in duplicate from two independent RNA preparations and quantified using 

standard curve generated with poliovirus plasmid DNA samples. Analysis of standard 

curve and data were determined as previously described (Bookout et al., 2006; Ibarra 

and Pfeiffer, 2009). Specific infectivity was determined by dividing 1 x 106 PFU by the 

relative RNA amounts (Table 2). 

 

Relationship between virus dilution and plaque numbers at different co-infection 

frequencies.  

To generate the graph shown in Figure 6, I used the following formula to calculate 

the predicted number of plaques generated by several dilutions of virus over a range of 

co-infection frequencies: [(Dilution)1 x Fraction with 1 Virus] + [(Dilution)2 x Fraction with 

2 Viruses]= # Plaques. 
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Results 

A small percentage of plaques are derived from more than one parental virus. 

To determine whether plaques are the product of more than one founding virus, 

distinct parental viruses that can be discriminated by genotype or phenotype are required. 

I began by using ten genetically distinct polioviruses that each contain unique silent point 

mutations and are discriminated by hybridization of RT-PCR products with specific 

probes. I previously demonstrated that these ten marked viruses are equally fit (Kuss et 

al., 2008; Lancaster and Pfeiffer, 2010; Luethy et al., 2016). I mixed equal amounts of the 

ten viruses and infected HeLa cells at an extremely low MOI such that ~2-20 plaques 

would be generated on each plate of 106 cells (Fig. 1A). Plaques were picked, viruses 

were amplified for a single cycle in HeLa cells, and the presence of each virus was 

determined by probe-specific hybridization of RT-PCR products (Kuss et al., 2008; 

Lancaster and Pfeiffer, 2010; Luethy et al., 2016). Plaques were scored as having a single 

parent virus (e.g. Plaque 1) or more than one parent virus (e.g. Plaque 2) (Fig. 1B). I 

examined whether each of the ten viruses were equally represented in plaques since 

skewed ratios of the input viruses could impact the observed frequency of co-infection. 

The distribution of viruses present within all plaques tested was reasonably even, with 

each of the ten viruses nearly equally represented (Fig. 1C). Of 123 total plaques 

analyzed, 6 had more than one founding parental viruses and 117 had a single virus 

(Table 1). Therefore, 4.9% of plaques were derived from more than one parental virus.  

 It was possible that overlapping plaques with single parental viruses were picked 

and incorrectly scored as chimeric. If so, the frequency of chimeric plaques should be 

higher on plates with more plaques present. To rule out the possibility that picking dual-
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parent plaques was enriched in situations where a higher number of plaques were present 

on the plate, I compared the number of plaques on plates from single and dual parent 

plaques (Fig. 1D). I found that dual parent plaques were not more prevalent on plates 

with higher plaque numbers, indicating that cross-contamination of plaque viruses was 

unlikely.  

 Since the ten virus genotypic assay to measure co-infection is relatively labor 

intensive, I sought to simplify the screening process by using a previously characterized 

poliovirus mutant that can be discriminated from WT by a phenotypic assay (Kirkegaard 

and Baltimore, 1986) (Fig. 2A). 3NC-202guaR poliovirus has mutations that confer 

resistance to guanidine hydrochloride and temperature sensitivity (called DrugR/TempS 

hereafter). Guanidine is used as a protein denaturant but can also specifically inhibit 

poliovirus RNA synthesis (Tershak, 1982). Conversely, WT poliovirus is guanidine 

sensitive and temperature resistant (called DrugS/TempR hereafter). I mixed equal 

amounts of DrugR/TempS and DrugS/TempR polioviruses and infected HeLa cells at an 

extremely low MOI such that ~2-20 plaques would be generated on each plate of 106 

cells. Infections were incubated in permissive conditions for both parental viruses (33°C 

without drug). Plaques were picked and analyzed by their growth phenotypes to 

determine whether one or both parental viruses were present. Plaque formation at 33°C 

in the presence of drug indicated the presence of the DrugR/TempS parent. Plaque 

formation at 39°C indicated the presence of the DrugS/TempR parent. Plaque formation 

in both conditions indicated presence of both parental viruses (Fig. 2C). The distribution 

of viruses present within plaques was reasonably even, with 44.2% and 55.8% of 

DrugS/TempR and DrugR/TempS parental viruses, respectively (Fig. 2C).  In this assay, I 
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found that 10 out of 138 (7.3%) plaques had more than one parental virus present (Table 

1). Therefore, both the genotypic and phenotypic assays indicate that ~5-7% of plaques 

that arise following infection of HeLa cells contain more than one distinct parental virus.  

 

Poliovirus stocks contain viral aggregates.  

To examine whether co-infection of poliovirus may be due to viral aggregation, I 

examined representative viral stocks using visual and biophysical assays. I first examined 

viruses using electron microscopy and observed single viral particles as well as 

aggregated viral particles (Fig. 3A), in agreement with previous studies (Floyd and Sharp, 

1977, 1978, 1979). To quantify poliovirus aggregation, I used dynamic light scattering, 

which measures the size of particles in solution. Using this assay, I observed that my viral 

stock contained both single particles (15 nm radius) and aggregates ranging from 2-10 

particles (Fig. 3B). Overall, these results indicate that viral stocks contain aggregates and 

I speculated that virion aggregation facilitates co-infection of viruses. 

 

Inducing aggregation increases co-infection frequency.  

To test the hypothesis that virion aggregation facilitates co-infection, I examined 

co-infection frequency for virions exposed to conditions that induce aggregation using a 

minimally labor-intensive flow cytometry-based assay. Polioviruses expressing either 

GFP or DsRed (Teterina et al., 2010) were mixed and incubated for 4 h in PBS (control) 

or in glycine-HCL buffer, pH 3, which induces aggregation of poliovirus (Floyd and Sharp, 

1977, 1978, 1979) (Fig. 4A). Viruses were then used to infect HeLa cells at an MOI of 

0.01, such that ~99% of cells remain uninfected. Sixteen hours post-infection, cells were 
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subjected to flow cytometry to quantify the percentage of uninfected, singly infected (red 

or green), or co-infected cells (red and green, dual positive). To ensure that the low pH 

treatment induced virion aggregation, I measured particle size using dynamic light 

scattering. Indeed, viruses exposed to low pH had increased radii compared with viruses 

exposed to PBS, confirming that low pH induced virion aggregation (Fig. 4B). Based upon 

an MOI of 0.01, approximately 1% of cells infected with PBS-treated viruses were infected 

with a single virus (Fig. 4C). However, 0.83% of cells infected with low pH-treated viruses 

were infected with a single virus, suggesting that virion aggregation slightly reduced the 

total number of infectious units. A small percentage, 0.0048%, of cells infected with PBS-

treated viruses were co-infected with both DsRed- and GFP-expressing viruses (Fig. 4D), 

which is close to the predicted number of co-infected cells based on Poisson distribution 

(0.005%). Interestingly, co-infection was increased 2.6-fold in low pH-treated viruses, 

suggesting that aggregation enhances co-infection. Furthermore, these data indicate that 

co-infection can occur during infections performed in liquid culture. 

 

Co-infection frequency correlates with mutation frequency.  

I hypothesized that co-infection would rescue plaque formation for heavily 

mutagenized viruses due to processes such as complementation and recombination. 

Conversely, I hypothesized that viruses with fewer mutations would be less reliant on co-

infection for plaque formation. To test this, I compared chimeric plaque frequencies of 

virus stocks with low, intermediate, or high mutation frequencies (Fig. 5). I used the 

existing data for the DrugS/TempR and DrugR/TempS viruses containing WT RdRp as a 

proxy for intermediate error frequency populations. To test viruses with low error 
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frequencies, I used DrugS/TempR and DrugR/TempS viruses harboring the G64S mutation 

in the RdRp, which confers higher fidelity. G64S-RdRp viruses and WT-RdRp viruses 

were equally fit in cell culture and grew to similar titers, but G64S-RdRp viruses had 4.5-

fold fewer mutations than WT-RdRp viruses, in agreement with previous studies (Table 

2) (Arnold et al., 2005; Pfeiffer and Kirkegaard, 2003). To test viruses with high error 

frequencies, I used DrugS/TempR and DrugR/TempS viruses passaged in the presence of 

RBV. For each virus, I infected HeLa cells in the presence of 800 μM RBV for a single 

cycle of replication, harvested progeny viruses and repeated this cycle 4-5 times to 

generate mutagenized viral populations. In agreement with previous studies, these 

mutagenized viruses had reduced fitness, with 8.3-fold lower titers and 21-fold more 

mutations than viruses passaged in the absence of RBV (Table 2)(Crotty et al., 2001). To 

confirm that mutagenized viral genomes had reduced specific infectivity compared with 

non-mutagenized WT-RdRp or G64S-RdRp viral genomes, viral RNA was extracted from 

1 x 106 PFU and quantified by qRT-PCR. Indeed, RBV-mutagenized viruses required 2.5-

fold or 3.4-fold more RNA to form the same number of plaques as WT-RdRP or G64S-

RdRp viruses, respectively (Table 2). Therefore, these mutagenized viruses formed fewer 

plaques than non-mutagenized viruses due to reduced specific infectivity of their RNA 

genomes (Table 2) (Crotty et al., 2001). I performed mixed infections for each matched 

set of DrugS/TempR and DrugR/TempS viruses [high fidelity (G64S-RdRp) or low fidelity 

(WT-RdRp + RBV)] and determined the co-infection frequency using the phenotypic 

assay (Fig. 2, Fig. 5A). I observed that the co-infection frequency with G64S-RdRp 

viruses was decreased (3.2%) in comparison to the WT-RdRp viruses (7.3%) (Fig. 5B, 

Table 2). Additionally, viruses passaged in the presence of RBV had the highest 
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percentage (16.7%) of co-infection (Fig. 5B). Overall, these data show that co-infection 

frequency correlates with the error frequency of the viral population, with increased co-

infection among plaques generated by heavily mutagenized viruses.  

 

Discussion 

 Co-infection of RNA viruses can promote genetic diversity and emergence of novel 

viruses. I found that some plaques are the result of co-infection and contain two or more 

parental viruses. Furthermore, I determined that co-infection frequency correlates with 

the level of mutation-induced genome damage. Importantly, these effects would have 

been masked had I not used genetically distinct viruses.  

 My data show that 3-17% of plaques contain more than one founding virus. These 

data fall out of line with the ‘one hit’ model for plaque formation whereby one infectious 

particle gives rise to one plaque (Fig. 6, calculation depicted by dotted black line). Certain 

viruses of plant and fungi have a two hit model, whereby two particles containing different 

genome segments are required to co-infect the same cell to facilitate productive infection 

(Fig. 6, calculated depicted by dotted red line) (Ghabrial and Suzuki, 2009; Rao, 2006). I 

used the observed percentages of chimeric plaques to calculate the theoretical 

relationship between virus dilution and number of plaques. As shown in Figure 6, these 

lines all fall between the one hit and two hit model lines, although all are much closer to 

the one hit model line. Nonetheless, even this relatively low level of co-infection confers 

a slight “bend” to the one-hit model line, particularly for RBV-mutagenized viruses. These 

results indicate that the relationship between viral dilution plated and number of plaques 

is not linear, particularly for mutagenized viruses. Furthermore, even at extremely low 
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MOIs, cells may be infected with more than one virus at a higher frequency than predicted 

by Poisson distribution. 

 Although the data presented here indicate that 3-17% of plaques arose from co-

infection of two different parental viruses, the actual frequency is likely higher because 

only one-third of possible co-infection events are observable in the phenotypic assay. For 

example, co-infection with the same parental virus (e.g., DrugS/TempR + DrugS/TempR or 

DrugR/TempS + DrugR/TempS) is scored as single parent plaques in the phenotypic assay. 

Additionally, the presence of three or more parental viruses cannot be scored by the 

phenotypic assay. Indeed, using the genotypic assay, one plaque contained three of the 

ten parental viruses (data not shown). Furthermore, pre-aggregated viruses within 

parental virus stocks may limit even “mixing” and re-aggregation with viruses from other 

parental virus stocks, which could limit observable co-infection in this system. Therefore, 

the observed chimeric plaque frequencies (3-17%) are likely underestimates and the 

actual frequency of plaques containing more than one parental virus could be up to three 

times higher. For non-mutagenized viral populations, these frequencies of chimeric 

plaques would still fall relatively close to the linear one-hit model line (e.g., the green line 

in Fig. 6), making standard plaque assay dilution series appear nearly linear and/or within 

standard deviation of the assay. However, for mutagenized viral populations, the 

relationship between dilution plated and plaque number could become non-linear enough 

to affect quantification of virus concentration. If the observed chimeric plaque frequency 

is underestimated by three-fold for mutagenized viruses, 50% of plaques would be the 

product of co-infection and the relationship between dilution plated and plaque number 

becomes obviously non-linear (see orange line in Fig. 6). Although the observed co-
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infection frequencies may be underestimates, several factors may limit productive co-

infection. For example, some virions in a population are non-viable because they lack a 

genome and therefore cannot productively infect or co-infect a cell. Additionally, virion 

aggregates in my stocks were generally composed of a small number of virions. These 

types of factors pose an upper limit on co-infection frequency and chimeric plaque 

formation.   

 My work demonstrates that plaque formation correlates with the amount of genome 

damage present within the viral genome, perhaps due to restoration of fitness via 

recombination or complementation. Given that RNA viruses have high particle to PFU 

ratios, partly because of mutations, it is possible that co-infection-mediated fitness 

restoration could promote ‘viral resurrection’ of defective genomes. Overall, my findings 

indicate that multiple virions can contribute to plaque formation. 
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Figure 1. Genotypic assay reveals co-infection of polioviruses. (A) Schematic of 
assay design. HeLa cells were infected at an MOI of ~0.00001 with an equal mixture of 
ten genetically marked viruses. Hypothetical genomes are depicted in a HeLa cell. 
Plaques were picked from the agar overlays after incubation at 37°C for 48 h. Plaque 
viruses were amplified by infecting new cells and RT-PCR products were blotted and 
probed on a membrane to identify the virus(es) present. (B) Representative plaque virus 
samples detected by probes. The number of viruses present within each plaque was 
quantified. (C) Distribution of the ten marked viruses among all plaques. (D) Frequency 
of co-infected or non co-infected plaque viruses versus the number of plaques per plate, 
with mean ± standard error of the mean (difference not significant [n.s.], determined by 
Student’s t-test).  
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Figure 2. Phenotypic assay reveals co-infection of polioviruses. (A) Schematic of co-
infection assay using DrugS/TempR and DrugR/TempS viruses. The two parental viruses 
were mixed, incubated and HeLa cells were infected with the viral mixture at an MOI of 
~0.00001. Hypothetical viral genomes are depicted in a HeLa cell. Plaques were picked 
4-5 days after adding agar overlay at 33°C in the absence of guanidine (permissive 
conditions). (B) Representative plaques in the phenotypic scoring assay. Plaque viruses 
were plated on HeLa cells under dual selective conditions as indicated. (C) Distribution 
of the two parental viruses among all plaques. 
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Figure 3. Stocks of poliovirus contain aggregates. (A) Transmission electron 
microscopy of a representative poliovirus stock. Viral particles were imaged at a 
magnification of 13,000x (top image) or 30,000x (bottom image, a detail of the boxed 
region in the top image). (B) Dynamic light scattering analysis of a representative 
poliovirus stock. Virus stock was diluted to 5 x 104 PFU/mL and centrifuged for 10 min 
prior to analysis on a Protein Solutions DynaPro instrument. Poliovirus radius = 15 nm.  
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Figure 4. Flow cytometry-based assay demonstrates correlation between 
aggregation and co-infection. (A) Schematic of flow cytometry-based assay. GFP- and 
DsRed-expressing polioviruses were mixed in the presence or absence of aggregation 
inducing conditions (+/- exposure to pH 3 solution for 4 h) prior to analysis by dynamic 
light scattering or infection of HeLa cells at an MOI of 0.01. At 16 hpi, infection was 
quantified using flow cytometry. (B) Dynamic light scattering analysis of viruses exposed 
to PBS (royal blue, same data as in Fig. 3B) or viruses exposed to pH 3 glycine-HCL 
buffer for 4 h (turquoise). Samples were processed as described in Fig. 3. (C) 
Representative FACS plots showing quantification of DsRed, GFP, or dual positive cells. 
The units for x- and y-axes are GFP and DsRed fluorescence intensity, respectively. The 
numbers in each gate indicate the percentage positive of the total cell population of 2 x 
105 cells counted. Gates were drawn from FACS plots of HeLa cells exposed to pH 3 
glycine-HCL in the absence of PV (lower left gate), infected with 1 x 104 PFU GFP-PV 
(lower right gate), infected with 1 x 104 PFU DsRed-PV (upper left gate) or infected with 
1 x 104 PFU GFP-PV and 1 x 104 PFU DsRed-PV (upper right gate) (D) Percentage of 
cells infected by single viruses (GFP or DsRed). (E) Percentage of co-infected cells, 
positive for both GFP and DsRed (upper right gate).  Results are presented as mean ± 
standard error of the mean (n=9). Statistical significance was determined by Student’s t-
test, **P<0.005; n.s., not significant. 
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Figure 5. Co-infection frequency of poliovirus correlates with genome damage. (A) 
Schematic of viral genomes showing engineered vs. representative spontaneous 
mutations. (B) Co-infection frequencies of high fidelity/low mutation viruses (G64S-
RdRp), intermediate mutation viruses (WT-RdRp) and high mutation viruses (WT-RdRp 
viruses + RBV) were performed as described for the phenotypic assay (Fig. 2). The value 
of co-infection for WT-RdRp is the same as presented in Table 1 for the phenotypic assay. 
Statistically significant differences were observed between WT-RdRp and WT-
RdRp+RBV (*P=0.0248), and between G64S-RdRp and WT-RdRp+RBV (**P=0.0013) 
using Fisher’s Exact Test.  
 

 

 

 



 

 

40 
 

 
 
 

 

 

 

Figure 6. Theoretical relationship between virus dilution and plaque numbers at 
different co-infection frequencies. Plaque assays are based on the dose-response 
curve of a one-hit model (calculation depicted by dotted black line) where each plaque is 
formed by one infectious unit. Certain plant and fungal viruses have two-hit kinetics 
(calculation depicted by dotted red line), where two viral genomes per cell are required 
for productive infection and plaque formation. Purple, blue and green lines represent 
calculations using data obtained in Figure 5 for G64S-RdRp, WT-RdRp, and WT-RdRp + 
RBV viruses, respectively. Solid orange line represents theoretical curve for co-infection 
frequency of 50%. At low co-infection frequencies (e.g. 3.2% and 7.3%) the curvature of 
the lines are minimal and therefore the relationship between dilution and the number of 
plaques is nearly linear (see inset).  
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Table 1. Frequency of plaques with more than one founding/parental virus. 
 

System   Fraction with > 1 virus Percent with > 1 virus 
 

10 Virus 
Genotypic Assaya   6/123    4.9% 

 
2 Virus 
Phenotypic Assayb   10/138   7.3% 

 
 

a Assay described in Figure 1 
b Assay described in Figure 2 
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Table 2. Generating virus populations with different error frequencies.  
 
         Error    RNA copies  Specific 
Virus   Titera   frequencyc  per 1 x 106 PFUd infectivitye 
    
G64S-RdRp  2.9 x 109 1.64 x 10-5  4.5 x 107  2.2 x 10-2 
   (1.45x)b (0.22x)  (0.7x)   (1.3x) 
 
 
WT-RdRp  2.0 x 109 7.5 x 10-5  6.1 x 107  1.7 x 10-2 
   (1x)  (1x)   (1x)   (1x) 
  
 
WT-RdRp + RBV 2.4 x 108 1.6 x 10-3  1.5 x 108  6.6 x 10-3 
   (0.12x) (21x)   (2.5x)   (0.4x) 
 
 
a Titer in PFU/ml. 
b All numbers in parentheses are normalized to the WT-RdRp value. 
c Error frequency was determined by quantifying the frequency of guanidine resistance 
(PFU/ml in the presence of 1 mM guanidine hydrochloride divided by PFU/ml in the 
absence of drug). 
d Viral RNA was extracted from 1 x 106 PFU of each virus and quantified by qRT-PCR. 
e Specific infectivity (PFU/RNA) was calculated by dividing 1 x 106 PFU by the number 
of RNA copies.  
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CHAPTER THREE 

Bacteria-mediated Stabilization of a Panel of Picornaviruses 

 

Introduction 

 The Picornaviridae family includes important human pathogens that can cause a 

range of diseases such as the common cold, meningitis, hepatitis, and paralysis. The 

Picornaviridae family is diverse and currently includes 80 species in 35 genera. Members 

of this family are nonenveloped and contain a single-stranded, positive-sense viral 

genome approximately 7,500 nucleotides in length (Fields Virology, 2013).  

 Recent studies have shown that bacteria, in particular the gut microbiota, play 

several important roles during viral infection. Enteric viruses encounter a milieu of 

microorganisms, including bacteria, both within and outside of the host. It is estimated 

that these viruses encounter approximately 1011 bacteria in the host and are expected to 

encounter even more in the environment (Sender et al., 2016). Indeed, bacteria enhance 

infection of several unrelated viruses, including poliovirus, reovirus, rotavirus, MMTV, and 

norovirus (discussed in “mammalian virus-intestinal microbiota interactions”) (Baldridge 

et al., 2015; Berger et al., 2017; Jones et al., 2014; Kane et al., 2011; S. K. Kuss et al., 

2011; C. M. Robinson et al., 2014; Uchiyama et al., 2014). These “pro-viral” effects are 

mediated by two known mechanisms: 1) Direct interactions between bacteria and viruses 

that increased virion stability and attachment to host cells, and 2) indirect interactions 

between bacteria and the host immune system that modulated immune responses for 

productive viral infection (Baldridge et al., 2015; Berger et al., 2017; Jones et al., 2014; 
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Kane et al., 2011; S. K. Kuss et al., 2011; Pfeiffer and Virgin, 2016; C. M. Robinson et al., 

2014).  

Intriguingly, bacteria and bacterial molecules can inhibit infection with certain 

viruses. For example, Ichinohe et al. demonstrated that certain bacteria promote host 

immune responses during influenza infection of mice (Ichinohe et al., 2011). More 

recently, Bandoro et al. determined that exposure to the bacterial surface molecule LPS 

reduced stability of several strains of influenza virus by altering the morphology of the 

virion envelope (Bandoro and Runstadler, 2017).  

Based on the importance of bacterial-viral interactions on viral infection, I sought 

to determine whether bacteria differentially affect different members of the same viral 

family, the Picornaviridae. I used a panel of four picornaviruses that are spread by the 

fecal-oral route and represent three separate genera: Enterovirus (coxsackievirus B3 

(CVB3) and PV), Kobuvirus (Aichi virus) and Cardiovirus (Mengo virus). I found that a 

subset of the viral panel were stabilized by bacteria during heat treatment but that all of 

the picornaviruses tested were stabilized by bacteria during bleach treatment. I also 

determined that viruses bound to bacteria, indicating that direct interactions may be 

facilitating viral stabilization of these viruses. This work expands on bacteria-mediated 

enhancement effects previously observed with PV to other members of the Picornaviridae 

family. Ultimately, this work defines the unique interactions between specific viruses and 

bacteria which may provide insight into virion environmental stability and transmission. 

 

Materials and methods 

Cells and viruses.  
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HeLa cells were propagated in Dulbecco’s modified Eagle’s medium (DMEM) 

supplemented with 10 % calf serum and 1 % penicillin/streptomycin. HeLa cells were 

used for CVB3, Mengo virus, and PV propagation and quantification of viral titer by plaque 

assay (Pfeiffer and Kirkegaard, 2003; Rueckert and Pallansch, 1981; Wang and Pfeiffer, 

2016). Vero cells were propagated in DMEM supplemented with 10% fetal bovine serum 

(FBS) and 1 % penicillin/streptomycin. Vero cells were used for Aichi virus propagation 

and quantification of viral titer by plaque assay. All infections were performed using 

viruses derived from infectious cDNA clones (the Mengo virus clone was a kind gift from 

Marco Vignuzzi) (Racaniello and Baltimore, 1981; Sasaki et al., 2001). All viruses were 

confirmed by Sanger sequencing.  

To quantify virus, plaque assay was performed as previously described (Pfeiffer 

and Kirkegaard, 2003; Rueckert and Pallansch, 1981; Sasaki et al., 2001) Briefly, virus 

was diluted in phosphate-buffered saline supplemented with 100 μg/mL CaCl2 and 100 

μg/mL MgCl2 (PBS+) and added to cells for 30 min at 37°C in presence of 5 % CO2 to 

allow for attachment. Agar overlay containing DMEM, supplemented with 20 % calf 

serum, and 2 % agar was used for CVB3 and PV samples and removed after 48 h. Agar 

overlay containing DMEM, supplemented with 20 % FBS, and 2 % agar was used for 

Aichi virus samples and removed after 48 h. Agar overlay containing P5 buffer and 2 % 

agar was used for Mengo virus samples and removed after 48 h (Rueckert and Pallansch, 

1981).  

Radiolabeling of picornaviruses was performed as previously described (S. K. 

Kuss et al., 2011; C. M. Robinson et al., 2014; Wang and Pfeiffer, 2016) . Briefly, viruses 

were propagated in the presence of 35S-Cysteine/Methionine and were purified using 



 

 

46 
 

 
 
 

cesium chloride gradients. Purity of viruses were confirmed by phosphorimaging of 

radiolabeled capsid proteins on SDS-PAGE, and scintillation count to determine CPM and 

viable fractions (S. K. Kuss et al., 2011).  

 

Bacterial strains.  

Strains of bacteria were from ATCC or from the cecum of mice, as previously 

described (Erickson et al., 2018). Cultures were inoculated from glycerol stocks in strain-

specific nutrient media as previously described (Erickson et al., 2018). Briefly, cultures 

were grown overnight, bacterial cell pellets were collected and washed in PBS+. After 

resuspension in 1 mL PBS+, OD600 values were obtained by spectrophotometer 

(Eppendorf BioPhotometer D30) to determine colony forming units (CFUs) needed 

specific for each assay. Bacteria were UV inactivated prior to use in assays. The amount 

of bacteria was confirmed by plating on nutrient-specific agar and conditions prior to UV 

inactivation (Erickson et al., 2018). 

 

Quantifying picornavirus binding to bacterial cells.  

Bacterial binding assay was performed as previously described for poliovirus 

(Erickson et al., 2018). Briefly, approximately 3,000 CPM (approximately 1 x 106 PFU) of 

35S-radiolabeled virus was mixed with PBS+ or 1 x 108 CFU of bacteria and incubated at 

37°C in presence of CO2 for 1 h. After incubation, bacteria was pelleted and washed with 

PBS+ to remove unbound virus. The amount of CPM (virus bound to bacterial cells) was 

determined by scintillation counting. 
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Quantifying effects of bacteria on virion stability.  

To determine the effect of bacteria on thermal stability of picornaviruses, 1 x 105 

PFU of each virus was mixed with PBS+, 1 mg/mL of bacterial surface polysaccharides, 

or 1 x 1010 CFU of bacteria and incubated at 44°C for 4.5 h. The same procedure was 

followed for elevated temperature assays. After incubation, plaque assays were 

performed using virus-specific conditions to determine the amount of viable virus before 

and after heat treatment.  

 Bleach inactivation assay was performed as previously described for PV, except 

that a lower concentration of bleach was used here (C. M. Robinson et al., 2014). Briefly, 

1 x 105 PFU of each virus was mixed with PBS+, 1 mg/mL of bacterial surface 

polysaccharides, or 1 x 108 CFU of bacteria. Samples were incubated at 37°C for 1 h and 

then added to 0.0001 % fresh bleach for 1 min. Bleach neutralization was done by adding 

0.01 % sodium thiosulfate (Sigma). Plaque assays using virus-specific conditions were 

performed to determine amount of viable virus before and after bleach treatment.  

 To examine effects of feces on viral stability, feces from four- to ten-week-old male 

C57BL/6 PVR-IFNAR -/- mice were collected and resuspended in PBS+ to a final 

concentration of 0.0642 mg/L. Briefly, 1 x 105 PFU of virus was mixed with 300 L of 

PBS+ or resuspended fecal samples and incubated at 37°C in the presence of 5 % CO2. 

Additional samples in PBS+ were placed at 4°C as a control. Samples were taken at 

designated time points and processed by chloroform extraction as previously described 

(S. K. Kuss et al., 2011; C. M. Robinson et al., 2014). Plaque assay was performed to 

determine amount of viable virus before and at designated time points, as described 

earlier. In Figure 3F, 1 x 105 PFU of Mengo virus was mixed with approximately 1 x 105 
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CFU each of E. coli, P. ruminicola, and L. johnsonii in a total volume of 300 L and 

samples were incubated at 37°C. Samples were collected and titers were determined as 

described above. 

 

Mouse experiments.  

Animals were handled according to the Guide for the Care and Use of Laboratory 

Animals. C57BL/6 PVR-IFNAR -/- mice were obtained from S. Koike (Tokyo, Japan) (Ida-

Hosonuma et al., 2005). Feces collection was performed at UT Southwestern Medical 

Center. 

 

Data analysis.  

Figures of viral structures were generated using the UCSF Chimera software 

(http://www.rbvi.ucsf.edu/chimera). The Electron Microscopy Data Bank (EMDB) IDs 

used for each virus are as follows: Aichi virus (EM-9517), CVB3 (EM-6637) and Saffold 

virus (EM-3097) to represent their respective genera. The phylogenetic tree was 

generated using the MEGA7 software and following the Neighbor-Joining Method (Kumar 

et al., 2016). The optimal tree with the sum of branch length = 2.65 is shown. The tree is 

drawn to scale, with branch lengths in the same units as those of the evolutionary 

distances used to infer the phylogenetic tree. The evolutionary distances were computed 

using the Poisson correction method and are in the units of the number of amino acid 

substitutions per site. (Tamura et al., 2004). The analysis involved 5 amino acid 

sequences. All positions containing gaps and missing data were eliminated. There were 

a total of 766 positions in the final phylogeny tree dataset.  

http://www.rbvi.ucsf.edu/chimera/
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All statistical analyses were performed using the GraphPad Prism Software.  

Outliers were identified and removed by the ROUT method, Q = 1%.  All one way ANOVA 

tests were performed with Dunnett’s multiple comparisons post hoc test. All two-way 

ANOVA tests were performed with Tukey’s post hoc test. 

 

Results 

Panel of viruses from the Picornaviridae family and bacterial strains.  

Previous studies have indicated that bacteria can reduce the inactivation of 

poliovirus particles after heat or bleach treatment (S. K. Kuss et al., 2011; C. M. Robinson 

et al., 2014). In order to investigate whether bacteria stabilize other members of the 

Picornaviridae family from these inactivating conditions, I selected viruses from separate 

genera and viruses with differences in capsid sequence similarity (Fig. 7 A, B and Table 

3). These viruses differ in their capsid structure sequence and topology, which may confer 

different interactions with bacteria (Fig. 7A). The panel is composed of one virus from the 

Kobuvirus genus (Aichi virus), one virus from the Cardiovirus genus (Mengo virus) and 

three viruses from the Enterovirus genus (PV, CVB3-H3 and CVB3-Nancy). CVB3-Nancy 

and CVB3-H3 have 98.4% capsid sequence similarity at the amino acid level and were 

compared to determine whether there are strain-specific differences in bacteria-mediated 

stabilization (Fig. 7B and Table 3). Additionally, the panel included a PV mutant with a 

single amino acid change in the VP1 capsid coding region (PV-M132V), that confers 

enhanced thermal stability in the absence of bacteria (Nguyen Y, 2018 submitted). 

I also selected a representative panel of enteric bacteria, and bacterial and non-

bacterial molecules (Table 4). I included LPS, which is glycan found on the surface of 
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Gram negative bacteria. Additionally, I examined two representative Gram-negative 

bacterial strains (Escherichia coli 1470 and Prevotella ruminicola), and two representative 

Gram-positive bacterial strains (Bacillus badius and Lactobacillus johnsonii). Our lab 

previously showed that E. coli 1470, P. ruminicola, B. badius and L. johnsonii bind to PV 

(Erickson et al., 2018), but whether these strains stabilize PV and other picornaviruses 

was unknown. I also previously showed that non-bacterial compounds, such as bovine 

albumin serum (BSA) and cellulose, had minimal effects on PV stability and were included 

in this study as controls (Table 4) (S. K. Kuss et al., 2011; C. M. Robinson et al., 2014).  

 

Specific bacteria enhance stability of a subset of picornaviruses during heat treatment.  

To determine whether bacteria enhance stability of picornaviruses, I first examined 

viral inactivation at elevated temperatures. Picornavirus particles can be inactivated by 

undergoing premature genome release at a range of temperatures, with faster inactivation 

at higher temperatures (Plevka et al., 2013; C. M. Robinson et al., 2014; Walter et al., 

2012). To increase tractability of my assays, I used relatively high temperatures for the 

thermal inactivation experiments because inactivation occurs relatively quickly. I first 

tested viral stability at 44°C for 4.5 h, a condition that I determined inactivates 

approximately 99% of PV infectivity during incubation in PBS (Fig. 8A). Viruses were 

mixed with PBS, compounds (BSA, Cellulose or LPS), or bacteria, incubated at 44°C for 

4.5 h, and plaque assays were performed to quantify the amount of viable virus remaining. 

When I incubated PV with any of the bacterial strains or LPS, I observed >50-fold increase 

in viral stability compared to PBS (Fig. 8A). A similar stabilization was observed for CVB3-

H3 and CVB3-Nancy when compared to PBS. Non-bacterial compounds (BSA and 
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Cellulose) did not stabilize PV or either CVB3 strain. Interestingly, Aichi virus and Mengo 

virus were very stable in PBS under these conditions. I also tested a recently identified 

heat-resistant PV mutant, PV-M132V (Nguyen Y, 2018 submitted). Like Aichi virus and 

Mengo virus, PV-M132V was resistant to heat treatment, and thus incubation with any of 

the compounds or bacterial strains did not increase stability (Fig. 8A).  

 I next wanted to determine whether bacteria could increase stability of the heat-

stable viruses at temperatures where they become heat labile. First, I increased the 

temperature in the thermal stability assay to 46°C, and found that similar to the 44°C 

assay, PV, CVB3-H3, and CVB3-Nancy were stabilized by bacteria (Fig. 8B). Aichi virus, 

Mengo virus, and PV-M132V were still stable in the 46°C assay and incubation with any 

of the bacteria compounds or strains did not increase stability. To determine the 

temperature necessary to inactivate Aichi virus and Mengo virus, I tested viability at 

temperatures from 46-58°C for 4.5 h. These additional experiments at different 

temperatures revealed that Aichi virus and Mengo virus were ~99% inactivated when 

incubated at 50°C or 57°C for 4.5 h, respectively (Fig. 8C-8F). Despite viral inactivation 

during these conditions, none of the bacterial strains or bacterial polysaccharides could 

stabilize either of these viruses (Fig. 8D and 8F). Intriguingly, BSA stabilized Aichi virus 

during incubation at 50°C, indicating this virus may have different requirements for 

stabilization during heat treatment (Fig. 8D). Overall, these data indicate that bacteria do 

not stabilize Aichi and Mengo virus during incubation at high temperatures, but that 

bacterial stabilization of these viruses may be less important given their inherent high 

stability.  
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The effect of feces on picornaviruses.  

I next wanted to determine whether the viruses in my panel are stabilized in feces. 

As enteric viruses are transmitted by the fecal-oral route, the potential effects of fecal 

components on their stability and infection is highly relevant. I previously showed that PV 

is stabilized in feces from conventional mice (C. M. Robinson et al., 2014). Here, I 

compared viral stability when viruses were incubated in PBS or feces from conventional 

mice over the course of several days at 37C followed by quantification of remaining 

viable virus by plaque assay. I found that Aichi virus was not stabilized by feces compared 

to PBS at 37C after Day 1 (Fig. 9A). Feces only moderately stabilized CVB3-H3 at early 

timepoints (Fig. 3B). However, CVB3-Nancy and PV were stabilized by feces at later 

timepoints (see Day 8) (Fig. 9C and 9E). I also demonstrated that PV-M132V was stable 

during 8 days of incubation at 37C in both PBS and feces (Nguyen Y, 2018 submitted). 

Interestingly, Mengo virus exhibited significant inactivation after 4 days at 37C, but 

incubation in feces limited this inactivation (Fig. 9D). This result was surprising given the 

stability of Mengo virus at 46C for 4.5 h and the lack of bacterial stabilization of Mengo 

virus at 57C (Fig. 9B and 9F). However, Mengo virus may have enhanced thermal 

sensitivity over longer time courses and bacterial effects may be apparent only under 

these conditions and/or non-bacterial components of feces could affect Mengo virus. 

When I incubated Mengo virus with mixtures of E. coli, P. ruminicola, and L. johnsonii at 

37C for several days, Mengo virus was stabilized compared to PBS at 37C (see dashed 

line compared to dotted line) (Fig. 9F). These findings indicate that bacteria stabilize 

Mengo virus during longer exposures to body temperature (37C) (Fig. 9F). Overall, these 
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data indicate that several picornaviruses, but not all, are stabilized in feces, which could 

facilitate transmission. 

 

Bacteria enhance stability of picornaviruses during bleach exposure.  

In addition to heat, virions can be inactivated by chlorine bleach via capsid 

penetration and damage and/or genome release (Alvarez and O'Brien, 1982; Goda et al., 

2018; O'Brien and Newman, 1979; Sharp et al., 1975; Wigginton et al., 2012). To 

determine whether bacteria affect bleach inactivation of viruses, I pre-incubated viruses 

in PBS, compounds, or bacterial strains for 1 h followed by exposure to dilute bleach 

(0.0001%) for 1 min, neutralization, and plaque assay to determine the amount of viable 

virus present. I determined that when pre-incubated in PBS, all viruses lost ~90% of their 

infectivity (Fig. 10). However, when pre-incubated with LPS or bacterial strains, all viruses 

were stabilized by at least some of the treatments (Fig. 10). Importantly, pre-incubation 

of the viruses with BSA or cellulose did not prevent viral inactivation by bleach treatment, 

indicating that the effects were specific to bacteria and LPS and not just due the presence 

of additional molecules (Fig. 10). Interestingly, the heat stable PV-M132V mutant virus 

was inactivated by bleach to the same extent at PV-WT, and bacteria limited bleach 

inactivation of PV-M132V. These results suggest that thermal inactivation and bleach 

inactivation occur through separable mechanisms, and that bacteria stabilize virions for 

both. Overall, these results indicate that bacteria enhance viral stability of fecal-orally 

transmitted picornaviruses during bleach treatment. 
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Bacteria bind to a select panel of picornaviruses.  

Since bacteria enhanced stability of specific picornaviruses during heat or bleach 

inactivation, I wanted to determine whether viruses directly interact with bacteria. In 

particular, I was curious whether bacterial binding efficiencies vary among closely related 

viruses, such as CVB3-Nancy and CVB3-H3, or between the PV-M132V heat stable 

mutant and PV-WT. Previously, our lab showed that PV can bind directly to the surface 

of bacteria (Erickson et al., 2018; S. K. Kuss et al., 2011; C. M. Robinson et al., 2014). 

35S-labeled CVB3-Nancy, CVB3-H3, PV-WT, or PV-M132V were incubated with beads, 

B. badius, or E. coli for 1 h followed by centrifugation, washing, and scintillation counting 

the bacterial pellets to quantify viral binding. I determined that PV-WT and PV-M132V 

bound to both bacterial strains to approximately the same extent (Fig. 11A). This indicates 

that while the PV-M132V mutant does not require the presence of bacteria for stability 

during heat treatment, it still binds to bacteria, which could explain why bacteria limit 

bleach inactivation of PV-M132V (Fig. 10). Additionally, I determined that both CVB3 

strains bind to the two bacterial strains tested (Fig. 11B). Interestingly, binding of CVB3-

Nancy to E. coli was nearly 3-fold higher than CVB3-H3 (Fig. 11B). Overall, these results 

indicate that multiple picornaviruses bind to bacteria, but with different efficiencies.   

 

Discussion 

The Picornaviridae family is diverse and includes a large number of medically 

relevant human pathogens. While it has been shown that bacteria promote infection, co-

infection, and transmission of poliovirus, the impact of bacteria on other picornaviruses is 

unclear (Erickson et al., 2018; S. K. Kuss et al., 2011; C. M. Robinson et al., 2014). Here, 
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I show that bacteria increase stability of several viruses from the Picornaviridae family, 

likely through direct interactions. 

 My data show that bacteria-mediated thermal stability can vary among a family of 

viruses. I determined that certain picornaviruses (Enterovirus genus members: CVB3-H3, 

CVB3-Nancy and PV) are sensitive to heat treatment and that bacteria increase stability 

of these viruses (Fig. 8 and Fig. 9). I also determined that another picornavirus 

(Cardiovirus genus: Mengo virus) has mixed phenotypes depending on the condition 

tested. While Mengo virus was very stable at high temperatures during relatively short 

incubation times (4.5 h) and was not impacted by bacteria under these conditions, it was 

inactivated after 4 days at 37C and exposure to feces reduced this inactivation (Fig. 9D). 

This suggests that Mengo virus may be stabilized by bacteria at physiological 

temperatures in the host. Finally, I determined that a distantly related picornavirus 

(Kobuvirus genus: Aichi virus) is relatively resistant to high temperature, but is not 

stabilized by bacteria or bacterial products (Fig. 8 and Fig. 9A). In fact, exposure to feces 

slightly reduced Aichi virus infectivity (Fig. 9A). Although Aichi virus is transmitted by the 

fecal-oral route, there are large sequence and structural differences between Aichi and 

other picornaviruses that may contribute to the different phenotype (Fig. 7 A and B) (C. 

Sabin et al., 2016; Zhu et al., 2016). Although a member of the Caliciviridae, human 

norovirus can bind to and is stabilized by bacteria that express certain histo-blood group 

antigens (Li et al., 2015; Miura et al., 2013). Similarly, reovirus (Reoviridae family) can be 

stabilized by exposure to certain bacteria or bacterial surface molecules, but stabilization 

efficiency and specificity varies among different reovirus strains (Berger et al., 2017). 
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Taken together, these results indicate that viruses from separate viral families can be 

stabilized by bacteria, but that not all viruses within a given family share phenotypes.  

 While picornaviruses vary in bacteria-mediated thermal stabilization, I found that 

bacteria enhanced viability of all picornaviruses tested during bleach treatment (Fig. 10). 

Although the PV-M132V mutant was not inactivated at high temperatures, it was 

inactivated by bleach treatment and bacteria limited this inactivation. Indeed, the PV-

M132V virus was determined to bind to bacteria, which could explain stabilization during 

bleach treatment (Fig. 10). Thus, heat inactivation and bleach inactivation are 

independent and could have separate requirements for stabilization.  

 Overall, this study provides insight into the effects of bacteria on a panel of viruses 

from the same family, the Picornaviridae. Understanding the role of bacteria during 

stabilization and infection of viruses could provide insight into efficient infection within 

specific hosts (i.e. harboring specific microbiota) as well as between hosts (i.e. 

environmental bacteria).  
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Figure 7. Panel of picornaviruses used in this study. A) Structural models of 
picornaviruses. Structural comparisons were performed using EMDB ascension numbers 
for each viral genus and topological distances from the center of the virion calculated from 
135 Å (blue) to 155 Å (red), as indicated by the scale bar (C. Sabin et al., 2016). 
Representative viruses for each genus are Aichi virus (Kobuvirus), CVB3 (Enterovirus), 
and Saffold virus (Cardiovirus). The Aichi virus structure is at 3.7 Å resolution, CVB3 
structure is at 3.9 Å resolution and Saffold virus is at 10.6 Å resolution. Models and 
distances were generated with UCSF Chimera software. B) Phylogenetic tree of 
picornaviruses based on the amino acid sequence of the capsid-coding region. The tree 
was generated using MEGA7 software. The evolutionary history was inferred using the 
Neighbor-Joining method. The scale bar represents the number of substitutions per site.  
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Figure 8. Effects of bacteria and compounds on viral stability at elevated 
temperatures. Thermal stability assays were performed by incubating 1 x 105 PFU 
viruses in PBS, 1 mg/mL BSA, cellulose, LPS, or 1 x 1010 CFU of bacterial strains at 
various temperatures for 4.5 h. The amount of viable virus following each assay was 
determined by plaque assay and compared to PBS viral titer at 0 h to determine percent 
of input PFU. A) 44°C assay. Data are representative of ten to eighteen independent 
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experiments, n= 4-47. B) 46°C assay. Data are representative of nine to fourteen 
independent experiments, n= 4-25. C) Incubation of Aichi virus in PBS at various 
temperatures. Data are representative of two to three independent experiments, n=3-5. 
D) Incubation of Mengo virus in PBS at various temperatures. Data are representative of 
one to three independent experiments, n=2-6. E) Aichi virus 50°C assay. Data are 
representative of two independent experiments, n=4. F) Mengo virus 57°C assay. Data 
are representative of two experiments, n=4. Bars are shown in SEM. Statistical 
significance was determined by one-way ANOVA, * = P<0.05. 
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Figure 9. Viral stability in feces. Briefly, 1 x 105 PFU of A) Aichi virus, B) CVB3-H3, C) 
CVB3 Nancy, D) Mengo virus E) PV was incubated with PBS or a slurry of feces from 
mice and incubated at 37°C (PBS, dashed lines; Feces, dotted lines) or 4°C (PBS, solid 
lines). Data are representative of two to three experiments, n = 4-5. In F) 1 x 105 PFU of 
Mengo virus was incubated with PBS or a mixture of bacteria and incubated at 37°C 
(PBS, dashed lines; Bacteria, dotted lines) or 4°C (PBS, solid lines). Data are 
representative of two independent experiments, n = 4. Samples were taken at designated 
time points and processed prior to plaque assay for quantification of viable virus. Bars are 
shown in SEM. Statistical significance between PBS and feces or bacteria at 37°C was 
determined by two-way ANOVA, * = P<0.05. 
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Figure 10. Effects of bacteria on viral stability during bleach treatment. 1 x 105 PFU 
viruses were incubated individually in PBS, 1 mg/mL BSA, cellulose, LPS, or 1 x 108 CFU 
of bacterial strains at 37°C for 1 h. After incubation, samples were treated with 0.0001% 
bleach for 1 minute and neutralized with sodium thiolsulfate. Amount of viable virus was 
determined by plaque assay and compared to PBS viral titer at 0 h to determine % of 
input PFU. Data are representative of seven to twenty independent experiments, n = 4-
40. Bars are shown in SEM. Statistical significance was determined by one-way ANOVA, 
* = P<0.05.  
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Figure 11. Picornaviruses bind to bacteria. 35S-labeled viruses (3,000 CPM/ 
approximately 1 x 106 PFU) were incubated with 1 x 108 CFU of bacteria for 1 h at 37°C. 
After incubation, samples were spun down and washed to remove unbound virus. Bound 
virus was quantified by scintillation counting. Data are representative of two independent 
experiments, n=3-4. Bars are shown in SEM. * = P<0.05, based on student’s T test. n.s., 
not significant. 
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Table 3. Percent sequence identity between panel of picornaviruses 

Capsid Amino Acid Sequence Similarity (%) 

Family and genus Virus Aichi virus Mengo virus CVB3-H3 CVB3-Nancy Poliovirus 

Picornaviridae       

Kobuvirus Aichi virus 100.0 28.6 23.3 23.3 24.3 

Cardiovirus Mengo virus  100.0 30.0 29.8 29.0 

Enterovirus CVB3-H3   100.0 98.6 54.4 

 CVB3-Nancy    100.0 54.2 

 Poliovirus     100.0 
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Table 4. List of reagents and bacterial strains used in this study.  

Name Gram Status Phylum Source 

Bovine Albumin Serum (BSA)   Fischer Scientific 

Cellulose   Sigma 

Lipopolysaccharide   Sigma (0127:B8) 

Escherichia coli 1470 Gram-negative Proteobacteria Mouse cecum 

Prevotella ruminicola Gram-negative Bacteroidetes ATCC 19189 

Bacillus badius Gram-positive Firmicutes Mouse cecum 

Lactobacillus johnsonii Gram-positive Firmicutes Mouse cecum 
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CHAPTER FOUR 

Discussion and Concluding Remarks 

 

 RNA viruses are of pressing concern due to the large variety of diseases that they 

cause in humans. One reason for this is their vast genetic diversity that allows these 

viruses to propagate in new hosts and also surpass restrictive barriers in the environment 

and within the host. The studies described in this dissertation focused on multiple factors 

that affect RNA enteric virus infection in an effort to provide insight on mechanisms of 

viral evolution, stabilization and transmission.  

In Chapter 2, I described how RNA viruses could form virion aggregates and that 

this form of infectious unit could lead to the simultaneous co-infection and subsequent 

plaque formation of mammalian cells (Fig. 4 and Fig. 12). Additionally, several other 

mechanisms may facilitate co-infection of RNA viruses. Apart from aggregation, viruses 

packaged within vesicle-like structures and viruses bound to intestinal bacteria facilitate 

co-infection (Fig. 12). These mechanisms could also affect infection kinetics within the 

host. Factors, such as aggregation and the presence of bacteria, could potentially 

facilitate co-infection during the initial round of infection. Moreover, cell-to-cell 

transmission by vesicle-like structures could facilitate the transport of several viral 

particles and/or genomes from infected cells to neighboring cells at or following the initial 

round of infection.  

I further showed that heavily mutagenized viruses had an increase in co-infection 

and subsequent plaque formation (Fig. 5). This finding was particularly intriguing since it 

is possible that specific genetic processes, such as recombination and complementation, 

could result in the resurrection of otherwise defective viral genomes. This, of course, 
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could have serious implications for viral diversity and evolution. Future studies regarding 

the genetic consequences of these separate co-infection mechanisms would be an 

intriguing area of interest to determine their impact on viral diversity. Overall, the studies 

described here highlight the existence of novel mechanisms that influence co-infection of 

RNA viruses and potentially promote viral evolution. 

In Chapter 3, I described how different RNA viruses from the same viral family, the 

Picornaviridae, are affected by bacteria during select inactivating conditions. Our lab 

provided seminal evidence that bacteria play an important role during infection of 

poliovirus, but whether other members of the same viral family exploit bacteria to the 

same extent had not been explored until this work. To examine this question, I used a 

panel of picornaviruses that represent members from three separate genera. In 

performing this work, I also established Aichi virus and Mengo virus for use as new viral 

systems to test in the lab. This panel of picornaviruses have varying capsid sequence 

similarities and the surface capsid for these viruses could likely be the interacting 

component with bacteria and other environmental compounds (Fig. 7). Despite large 

differences among viruses at the capsid level (for example, Aichi and Mengo viruses 

displaying ~30% sequence similarity to poliovirus), all viruses in the panel were stabilized 

by bacteria during bleach treatment, indicating a possible universal interacting component 

with bacteria that could be mediating stabilization during this specific insult (Fig. 10).  

On the other hand, specific bacterial strains appeared to stabilize specific 

picornaviruses during treatment at elevated temperatures (Fig. 8). Intriguingly, Aichi virus 

and Mengo virus were stable at these elevated temperatures. When heat-labile, bacteria 

and their compounds still did not stabilize Aichi or Mengo virus, but bacteria did appear 
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to stabilize Mengo virus only during prolonged exposure at physiological temperatures 

(Fig. 8E, 8F and 9F). These data could indicate “viral preferences” of bacteria during 

specific inactivating conditions.  

The stabilization effects of bacteria are likely directly mediated since I determined 

that all of the viruses tested could bind to bacteria. Intriguingly, CVB3-H3 and CVB3-

Nancy had large differences in binding (Fig 11B). The observation that CVB3-H3 and 

CVB3-Nancy had large differences in binding to E. coli but similar binding to B. badius 

could be a continued area of study to further delineate specific capsid residues required 

for binding that vary between the two strains (which share ~98% similarity). Given these 

new findings, the exact viral residue(s) necessary for interaction with bacteria has yet to 

be determined and warrants further investigation for these, and other, viruses. 

Overall, the work described in this dissertation has shed light on unique and 

universal mechanisms that influence mammalian RNA viruses during transmission and 

infection. 
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Figure 12. Mechanisms of viral co-infection. Viral co-infection of mammalian cells can 
be induced by 1) Virion aggregates, 2) Bacteria bound by several viral particles, and 3) 
Release of viral particles or viral genomes within membrane vesicles. Genetically distinct 
viruses are depicted as multi-colored hexagons (virions) or curved lines (genomes).  
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